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Preface to the second edition 
 
The second edition of the ILRI animal care and use manual was updated nine (9) years after the original 
edition was published.  
As with the previous edition, this edition serves as a resource and guide to all personnel working with 
animals as the current policy on the care and use of laboratory animals in ILRI. 
This edition sees the inclusion of all the standard operating procedures (SOPs) that are currently in use 
at ILRI. They are significant in number and have been broken down into the 12+ species worked with at 
different ILRI locations. 
We are especially grateful to all past and present members of the ILRI Institutional Animal Care and Use 
Committee (IACUC) and the researchers/authors of procedures submitted to IACUC. Without their 
invaluable expertise and knowledge this edition would not have been undertaken or completed. 
Special mention goes to the current IACUC of Alan Carles, Delia Grace, Ephy Khaemba, Edward Okoth, 
Josephat Otieno, Roger Pelle and Jane Poole. Their vision and resolve to update and change the format 
of this resource has made it come to fruition.  
I would like to thank the IACUC for giving me the opportunity to contribute to a body of work which is 
both useful and meaningful. 
Elizabeth O’Brien, July 2013 
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Introduction to the first edition 
 
This manual is the product of IACUC members who are knowledgeable individuals and have IACUC 
experience and are familiar with the evolution of IACUC issues. Sections from the original document have 
been updated, and new sections added to incorporate state of the art knowledge regarding the functioning 
of IACUC and institutional animal care and use programs.  
 
The manual has been prepared for all personnel as a guide to the current policy on the care and use of 
laboratory animals in ILRI. It is expected that everyone involved in research with animals will be familiar 
with these guidelines. 
 
It is with a great sense of gratitude and respect for those people who served on the IACUC and authors 
who generously shared their time and expertise to review this document. Much appreciation is expressed 
particularly to the deputy director general (Research), John McDermott and Roger Pelle, the IACUC 
Chair for the technical review to ensure consistency with the provisions of the animal welfare regulations. 
This has truly been a labor of love by many dedicated individuals in the animal research community and 





Standard operating procedures (SOPs) by species 
1.Avian 
1.1 Avian Influenza - Collecting pathological samples for avian influenza virus diagnosis 
Title: Collecting Pathological Samples for Avian 




Date approved by SOP committee:  
 
Purpose 
• To describe the collection of pathological samples for Avian Influenza (AI) virus diagnosis 
 
Abbreviations 
• BL3  Biosafety Level 3 
• AI  Avian Influenza 
• HPAI  Highly Pathogenic Avian Influenza  
• COSHH Control of Substances Hazardous To Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• PBS  Phosphate Buffered Saline 
• BSA  Bovine serum Albumin 
• SPF  Specific Pathogen Free 
Scope 
• It covers the collection of pathological samples for Avian Influenza (AI) virus diagnosis within the 
BL3 complex. 
• This protocol describes Necropsy and Sampling for the post-mortem examination of carcasses 
and collection of pathological samples for AI virus diagnosis. 
• Before proceeding to sample collection, it is important to get record of the clinical signs of the 
affected birds. For HPAI the disease may appear suddenly in a flock and a large quantity of birds 
may die either without premonitory signs or with non-specific signs such as depression, 
inappetence, ruffled feathers and fever. The flock mortality rates can reach up to 100% in few 
days. Some species such as chickens and turkeys are very susceptible to HPAI, while others like 
ducks and geese may are more resistant. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the technicians and scientists to ensure that the procedure is followed.  
• It is the responsibility for the handler to wear appropriate PPE. 
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Equipment and materials: 
Reagents 
• Sample storage and transport solution: phosphate buffered saline (PBS), pH 7.0–7.4 with 
antibiotics and 0.5% [w/v] BSA to stabilize the virus. 
 
Antibiotics concentrations:  
• penicillin (2000 units/ml), streptomycin (2 mg/ml), gentamycin (50 g/ml) and mycostatin (1,000 
units/ml) for tissues and oropharyngeal swabs, 
• penicillin (10000 units/ml), streptomycin (10 mg/ml), gentamycin (250 g/ml) and mycostatin 
(10,000 units/ml) for faeces and cloacal swabs. 
 
Kit for sample collection 
• 1 thermal container  
• 4 pairs of forceps  
• 2 pairs of surgical scissors  
• 1 knife  
• Tape  
• Labels and pens  
• Sterile swabs  
• 50 test tubes containing virus transport media  
• 10 leak proof containers  
• 2 disposable suits  
• 5 pairs of disposable shoe-covers 
• 5 pairs of latex gloves  
• Disposable caps and face masks  
• 10 black waste-bags  
• 50 rubber bands  
• Disinfectant solution in a nebulizer  
• Cardboard container 
 
Glassware:  
• Disposable pipettes (1 ml, 5 ml, 10 ml)  
• Beakers (a range of sizes)  
• Measuring cylinders (a range of sizes)  
• Glass bottles with screw caps (5–10 ml, 20–30 ml)  
• Large glass bottles with screw caps (a range of sizes)  
 
Consumables:  
• Eppendorf tubes  
• Cryotubes  
• Plastic centrifuge tubes (15 ml, 50 ml)  
• Adhesive tape, wax or collodion (to seal inoculation site in eggs)  
• General laboratory chemicals  
• Disinfectant solutions 
• Labels 
• Quartz sand 
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Equipment:  
• Test tube racks  
• Homogenizer (mortar and pestle) 




1. In cases of suspected avian influenza, following necropsy (or post-mortem examination), collect 
the following samples taken from dead birds: intestinal contents (faeces) or cloacal swabs and 
oropharyngeal swabs. 
2. Also collect samples from trachea, lungs, air sacs, intestine, spleen, kidney, brain, liver and heart. 
3. Assign an identification number to each sample. Write out a work sheet indicating the 
identification number of the sample, kind of sample, species and test to perform, starting and 
ending date of analysis. 
4. Process samples either separately or as a pool: (i) pool tracheal and lung samples from at least 5 
moribund birds, (ii) pool intestine samples from at least 5 moribund birds, (iii) at least 10 blood 
samples (acute sera).  
5. Samples from different apparatuses must not be pooled. 
6. Place samples in isotonic phosphate buffered saline (PBS), pH 7.0–7.4 with antibiotics and 0.5% 
[w/v] BSA to stabilize the virus.  
7. Prepare faeces and finely minced tissues as 10–20% (w/v) suspensions in the antibiotic solution. 
8. Process suspensions as soon as possible after incubation for 1–2 hours at room temperature. 
9. When immediate processing is impracticable, samples may be stored at 4°C for up to 4 days. 
Package them appropriately (in leak proof containers with appropriate information). 
10. For prolonged storage, diagnostic samples and isolates should be kept at –80°C. Repeated freezing 
and thawing should be avoided. 
11. Put carcasses, swabs and organs in sealed autoclavable plastic bag, inserted inside a similar, sealed 
bag. 
Swabs:  
1. Under sterile conditions, using a laminar flow cabinet, collect 2 ml of PBS solution with antibiotics 
from the tube in which the swabs is soaked, if swabs arrive in the lab in such condition, and put 
them in another tube.  
2. Add 8 ml of fresh PBS with antibiotics in order to make a dilution of 1:5 of the sample.  
3. Centrifuge the sample at 1000 x g for 10 minutes. This step is necessary to remove rough particles.  
4. Keep the sample at + 4°C for one night or at - 80°C until the inoculation in eggs. 
5. Use the supernatant to infect the SPF embryonated eggs.  
 
Organs:  
1. Put organs at room temperature or at +4°C.  
2. Write on a tube of 15 ml the identification number of the sample and write out its work sheet.  
3. Under a laminar flow cabinet, collect an amount of sample corresponding to 1cm3 using sterile 
forceps and scissors. Organs can be pooled according to the apparatus they belong to.  
4. Homogenize the sample in a mortar, adding sterile quartz sand.  
5. Add 9 ml of PBS with antibiotics.  
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6. Decant the homogenate into the 15 ml tube. Leave the sample at + 4°C for 1 night. If the 
inoculation in eggs is not performed the day after, keep the sample at –80°C until the starting date 
of the test.  
7. Centrifuge the sample at 1000 x g for 10 minutes.  
8. Use the supernatant to infect embryonated eggs.  
 
Quality controls 




• FAO animal production and health ‘Wild bird highly pathogenic avian influenza surveillance’. 
• Sample collection from health, sick and dead birds ISSN 1810-1119 
• Online at http://www.fao.org/docs/eims/upload/218650/a0960e.pdf 
 
Additional 






Date:   Name:     Signature: 
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1.2 Avian Influenza – Necropsy of bird’s carcasses for avian influenza 





Date Approved by SOP Committee:  
 
Purpose 
• To describe the Necropsy (post-mortem examination) of bird’s carcasses for Avian Influenza (AI). 
 
Abbreviations 
• BL3  Biosafety Level 3 
• AI  Avian Influenza 
• HPAI  Highly Pathogenic Avian Influenza  
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
Scope 
• It covers the Necropsy (post-mortem examination) of bird’s carcasses for Avian Influenza (AI) 
within the BL3 complex.  
• This protocol describes Necropsy (post-mortem examination) of bird’s carcasses for Avian 
Influenza AI prior to collection of pathological samples for AI virus diagnosis. 
• Before attempting the diagnosis of Avian Influenza type A and proceeding to the necropsy, it is 
very important to get a complete history of the outbreak and to collect epidemiological data. It is 
also important to get record of the clinical signs of the affected birds. The incubation period of AI 
is variable in relation to the different strains of the virus and to the host of the infection. Usually 
5-6 days is quoted, but the range for individual birds is probably from a few hours to about 7 days. 
For HPAI the disease may appear suddenly in a flock and a large quantity of birds may die either 
without premonitory signs or with non-specific signs as depression, inappetence, ruffled feathers 
and fever. The flock mortality rates can reach up to 100% in few days. Some species such as 
chickens and turkeys are very susceptible to HPAI, but the Anseriformes (ducks and geese) are 
more resistant. Ducks may show no clinical signs when infected with HPAI viruses, but some 
strains have been reported to induce depression, inappetence, and diarrhea and high mortality in 
the flock. The severity of the disease produced by LPAI viruses is greatly influenced by: the strain 
of virus, the species and age of host; the immune status of the host against the virus and particularly 
the presence of other infectious agents such as: Pasteurella spp, Newcastle disease viruses 
(including vaccine strains), avian pneumovirus, infectious bronchitis virus, E. Coli and Mycoplasma 
spp, immunodeficiency conditions and environmental factors (such as excess ammonia, dust, hot 
or cold temperatures). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the technicians and scientists to ensure that the procedure is followed.  
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• It is the responsibility for the handler to wear appropriate PPE. 
Equipment and materials: 
Kit for post mortem 
• 4 pairs of forceps  
• 2 pairs of surgical scissors  
• 1 knife  
• Sterile swabs  
• 2 disposable suits  
• 5 pairs of disposable shoe-covers 
• 5 pairs of latex gloves  
• Disposable caps and face masks  
• 10 black waste-bags  
• Beakers (a range of sizes)  
• Disinfectant solution in a nebulizer  
 
Equipment:  
• Laminar flow cabinet (class II biological hood) 
• Necropsy table 
 
Procedure 
Necropsy precautions  
All the birds suspected of an HPAI viruses infection must to be necropsied by competent personnel under 
very rigorous biosafety precautions. Before the procedure both the carcass and the necropsy table surface 
must be moistened with a disinfectant solution. This practice decreases the possibility of aerosol 
exposure to potential human pathogens. Resistant rubber gloves, respiratory masks with aspiration valve 
(FFP-2 or FFP3) and protective visor or protective glasses must be worn.  
 
External examination  
During physical examination it is very important to observe the feathers around the vent to recognize 
signs of diarrhea and the unfeathered areas of skin: cyanosis of wattles and combs and hemorrhagic shanks 
can be observed in birds affected by HPAI.  
Take note of any swelling on the infraorbital sinuses or nostrils and cloacal discharges, which, in particular, 
should be qualified as to nature, color, consistency and odor.  
 
Necropsy (or post-mortem examination)  
1. Moisten the feathers with water containing detergent to limit the distribution of infected dust and 
feathers.  
2. With an enterotome or scissors cut through the lateral commissure of the mouth and examine 
the oral cavity.  
3. Continue at the cut commissure and make a longitudinal incision through the skin of the neck to 
the thoracic inlet.  
4. Make a longitudinal incision of esophagus and crop. Note the contents and odor.  
5. Make a longitudinal incision of larynx and trachea and examine.  
6. With tin snips or heavy scissors remove the upper beak by a transverse cut near the eyes. This 
will allow you inspection of the nasal cavities and will expose the open interior end and the 
infraorbital sinuses.  
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7. Insert a blade or a sterile scissor into the infraorbital sinus. Make a longitudinal lateral incision 
through the wall of each sinus and examine them.  
8. Incise the loose skin between the medial surface of each thigh and the abdomen. Reflect the legs 
laterally and disarticulate the hip joints. Incise the skin of the medial aspects of each leg and reflect 
it to expose the muscle and the stifle joint.  
9. Connect the lateral skin incision with a transverse skin incision across the middle of abdomen. 
Reflect the skin of the breast anteriorly and the skin of the abdomen posteriorly. Examine the 
superficial breast muscle for decreased muscle mass, paleness (anemia), congestion or bruising.  
10. Make a longitudinal incision trough the pectoral muscle son each side of the keel and over the 
costochondral junctions. The anterior end of each incision should intersect the thoracic inlet at 
the dorsoventral mid-point. With heavy scissors cut through the coracoid and clavicle bones.  
11. With sterile scissors, make a transverse incision through the posterior part of the abdominal 
muscles. On each side continue the incision anteriorly trough the costochondral junctions. 
Remove the ventral abdominal wall and breast on a piece.  
12. Without touching them, examine the viscera and the air sacs in situ.  
13. Examine the pancreas. Transect the esophagus at the anterior border of the proventriculus. 
Reflect the entire gastrointestinal tract posteriorly by cutting the mesenteric attachments and 
then remove it after transecting the rectum.  
14. Remove and examine the liver and spleen.  
15. Examine the genitalia. In the female remove the ovary and oviduct and open the oviduct 
longitudinally.  
16. Examine the ureters and the kidneys in situ. If indicated, you can remove them for closer 
examination.  
17. Remove and examine the heart. Examine the lungs by reflecting them medially from their 
attachment to the rib cage.  
18. With an enterotome make a longitudinal incision through the proventriculus, ventriculus, small 
intestine, ceca colon and cloaca. Examine for lesions. 
19. To examine the brain, disarticulate the head and skin it. Remove the calvarium with strong scissors 
using the same techniques as for mammals. 
Post mortem lesions in birds infected with HPAI virus  
Birds that die peracutely may show minimal gross lesions, consisting of dehydration and congestion of 
viscera and muscles. In birds that die after a prolonged clinical course, petechial and ecchymotic 
hemorrhages occur throughout the body, particularly in the larynx, trachea, proventriculus and epicardial 
fat, and on serosal surfaces adjacent to the sternum. There is extensive subcutaneous edema, particularly 
around the head and hocks. The carcass may be dehydrated. Yellow or grey necrotic foci may be present 
in the spleen, liver, kidneys and lungs. The air sac may contain an exudate. The spleen may be enlarged 
and hemorrhagic. Al is characterized histologically by vascular disturbances leading to edema, hemorrhages 
and perivascular cuffing, especially in the myocardium, spleen, lungs, brain and wattles. Necrotic foci are 
present in the lungs, liver and kidneys. Gliosis, vascular proliferation and neuronal degeneration may be 
present in the brain.  
 
Quality controls 




• FAO animal production and health ‘Wild bird highly pathogenic avian influenza surveillance’. 
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• Sample collection from health, sick and dead birds ISSN 1810-1119 
• Online at http://www.fao.org/docs/eims/upload/218650/a0960e.pdf 
 
Additional 
• When institute vet not available technicians should contact PI 
Registered users: 
 
Date:   Name:     Signature: 
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2.Bat 
2.1 Zoonoses – Procedure for anaesthesia with isoflurane (duplicated on 8.21) 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to induce anaesthesia in rodents and bats with isoflurane. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• Anaesthesia with isoflurane is used so that samples can be collected from the animals. 
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed. 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia. 
• The PM room is to be scrubbed with Virkon at the end of every day. 
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• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• Cotton pad  





1. Wearing gloves open bottle containing isoflurane. Wet a cotton pad with an exact amount of 
isoflurane mixture. A 1.0 cc volume of appropriate mixture should be used for every 500cc 
volume in the anaesthetia jar. 
2. Place the cotton pad inside a small container. 
3. Transfer animal to the container and close lid. Monitor animal closely. Within approximately 1-2 
minutes, the animal will become anesthetized. Initially, respiratory rate will increase and then 
decrease. Clinical indications of a deep plane of anesthesia in rodents include the lack of a 
righting reflex (upon tipping jar gently) and a 50% reduction in respiratory rate compared to 
pre-anaesthesia levels (i.e. to ~80-100 breaths per minute). 
4. Allow the animal to remain at a deep anesthetic plane for ~10 seconds before proceeding. 
Carefully, remove the animal from the container and place it on a clean work surface. Replace 
the lid on the jar immediately. 
5. Apply a noxious stimulus (i.e. toe pinch) to ensure adequate plane of anaesthesia. If no response 
is noted, the blood sampling can be initiated. If the animal responds to noxious stimulus, return 
it to the jar and monitor respiratory rate as in step #4. 
6. For blood sampling: if the animal reaches a lighter plane of anaesthesia, evidenced by increased 
respiratory rate, whisker twitch, or purposeful movement, stop the procedure. Transfer the 
animal back to the bell jar, until the animal again reaches a deep plane of anaesthesia. Proceed 
with step #4. 
7. Air dry used cotton pad(s) inside the anaesthesia jar for 15 minutes and then discard them by 
wrapping in a glove and transferring to a biomedical waste disposal bag or bucket. 
Quality controls 
• The storage conditions of isoflurane must be observed as per manufacturer’s instructions. 
Failure to do so could result in reduced efficacy. 
• The used-by-date of isoflurane must be observed as per manufacturer’s instructions. Failure to 
do so could result in reduced efficacy. 
• A skilled operator must perform this procedure. 
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Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
References 
• N. N. Jonsson, S. D. Johnston, C. de Jong, et al. (2004) Field anaesthesia of three Australian 
species of flying fox. The Veterinary Record, 2004 154: 664 doi: 10.1136/vr.154.21.664 
• HEARD, D. J. and HUFT, V.J. (1998) The effects of short-term physical restraint and isoflurane 
anesthesia on haematology and plasma biochemistry in the island flying fox 
(Pteropushypomelanus). Journal of Zoo and Wildlife Medicine 29, 14-17 
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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2.2 Zoonoses – Animal bites from field collections in Busia, western Kenya 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to follow if an animal bite is received at any stage during the handling 
of the animals for PAZ project. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• All efforts must be made to ensure that persons involved in this study do not get bitten by bats 
or rodents. However, if this does occur there are some immediate actions to be taken. 
• All interactions with small mammals involving biological specimen sampling, and all handling of 
biological specimens in the lab, should be considered RISK ACTIVITIES from an infection 
control point of view.  The hazards of this work are manageable to a safe level, but each 
member of the field and lab team, including short term attachments and summer students, has a 
responsibility for their own protection.  
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
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• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• First aid kit 
• Water 
• disinfectant 
• dissection equipment   
Procedure 
1. All teams should carry water and disinfectant. 
2. The bite should be washed thoroughly with disinfectant and copious amounts of water. 
Additional requirements for bat bites 
3. A post –exposure course of rabies vaccine must be administered as soon as possible and not more 
than 24 hours after the bite.  
4. The team are to proceed to the Busia District Hospital and request that the vaccine be 
administered by a trained health professional.  
5. As all field teams should have pre-exposure rabies prophylaxis the post exposure course is two 
intramuscular doses of a cell-derived vaccine separated by three days. 
6. The animal involved should be euthanized humanely as per protocol and the brain prepared for 
submission to Vetlabs for rabies testing. Brain must be submitted frozen. If the brain cannot be 
removed, then the whole head is to be removed and submitted.  
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ (Available from 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf). 
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Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users: 
 





ILRI animal care and use manual 
Page 15 of 392 
 
2.3 Zoonoses – Capture of bats for sample collection in Busia, Western Kenya 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to capture bats for sample collection for PAZ project in Busia, 
Western Kenya 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• GPS  Global Positioning System 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• Animals need to be trapped for sample collection in this project. 
• All interactions with small mammals involving biological specimen sampling, and all handling of 
biological specimens in the lab, should be considered RISK ACTIVITIES from an infection 
control point of view.  The hazards of this work are manageable to a safe level, but each 
member of the field and lab team, including short term attachments and summer students, has a 
responsibility for their own protection.  
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
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• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• GPS 
• Mist nets 
• Cloth bags 
• Mask  
• Thick gloves 
• Goggles 
• First aid kit – including disinfectant 
Procedure 
1. Sample site selection will have been completed according to the ‘PAZ sampling design’ protocol.  
The sampling unit in this cross sectional study is the homestead. 
2. Bats will be captured using mist nets. 
3. After capture the bats will be transferred by experienced handlers (either the PI or trained 
assistant) wearing mask, thick gloves, and goggles to cloth bags for transport to Busia 
Laboratory. 
4. The cloth bags will be placed in the PAZ vehicle for transportation to the Busia lab. 
5. The bat collection team will consist of the PI – Annie Cook and 1-2 assistants.  
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
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Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 









ILRI animal care and use manual 
Page 18 of 392 
 
2.4 Zoonoses – Procedure for euthanasia with isoflurane 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to cause euthanasia with isoflurane. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
 
Scope 
• An overdose of anaesthesia (isoflurane) is used to euthanize the animal. Samples and 
measurements are then taken from the animals. 
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
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• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• Cotton pad  









A cotton ball soaked with isoflurane is placed inside a sealable heavy-duty Ziplock plastic bag, along with 
the animal, and left to allow sufficient time for the anaesthetic gas to cause euthanasia. 
Following euthanasia: 
1. Photograph – tape animal to board with cellotape and remember ruler 
2. Identify to species level and record with PALM 
3. Weigh and record 
4. Measure and record 
5. Sex and record 
6. Collect external parasites (fleas) into barcoded eppendorf. 
7. Repeat for all animals captured that day.  
 
Quality controls 
• The storage conditions of isoflurane must be observed as per manufacturer’s instructions. 
Failure to do so could result in reduced efficacy. 
• The used-by-date of isoflurane must be observed as per manufacturer’s instructions. Failure to 
do so could result in reduced efficacy. 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• N. N. Jonsson, S. D. Johnston, C. de Jong, et al. (2004) Field anaesthesia of three Australian 
species of flying fox. The Veterinary Record, 2004 154: 664 doi: 10.1136/vr.154.21.664 
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• HEARD, D. J. and HUFT,V.J. (1998) The effects of short-term physical restraint and isoflurane 
anesthesia on haematology and plasma biochemistry in the island flying fox 
(Pteropushypomelanus). Journal of Zoo and Wildlife Medicine 29, 14-17 
• D S Warner et al (1991) Reversible Focal Ischemia in the Rat: Effects of Halothane, Isoflurane, 
and Methohexital Anesthesia. Journal of Cerebral Blood Flow and Metabolism 11:794--802 © 
1991 References should be listed here  
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
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2.5 Zoonoses – Euthanasia of injured bats from field collections in Busia, western Kenya 
Title: Euthanasia of injured rodent and bats from 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to euthanize rodents/bats in the field which were injured in the 
process of their capture (trapping/netting). 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• If an animal is injured during the process of trapping or netting then the animal health assistant 
or the PI are to euthanize humanely in the field. This will be performed by overdosing with 
inhalational anaesthetic isoflurane as described and approved by the American Veterinary 
Medical Association. 
• All interactions with small mammals involving biological specimen sampling, and all handling of 
biological specimens in the lab, should be considered RISK ACTIVITIES from an infection 
control point of view.  The hazards of this work are manageable to a safe level, but each 
member of the field and lab team, including short term attachments and summer students, has a 
responsibility for their own protection.  
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
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• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• Isoflurane 
• Cotton ball/s 
• Sealable heavy-duty Ziplock bag 
Procedure 
1. A cotton ball soaked with isoflurane is placed inside a sealable heavy-duty Ziplock plastic bag, 
along with the collection container carrying the animal, and left to allow sufficient time for the 
anaesthetic gas to cause euthanasia. 
Quality controls 
• The storage conditions of isoflurane must be observed as per manufacturer’s instructions. 
Failure to do so could result in reduced efficacy. 
• The used-by-date of isoflurane must be observed as per manufacturer’s instructions. Failure to 
do so could result in reduced efficacy. 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf  
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
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include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 









ILRI animal care and use manual 
Page 24 of 392 
 
2.6 Zoonoses - Necropsy Procedure 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to perform necropsy on rats and bats trapped during field 
experiments at Busia, Western Kenya 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
 
Scope 
• The following organs need to be collected in necropsy/samples to be collected 
• Frozen: salivary gland, liver, spleen, kidney, heart, lunch, brain and ileum 
Fixed: ptagium (bats), skin, pectoral muscle, salivary gland, liver, spleen, kidney, adrenal gland, 
pluck (tongue to lung), diaphragm, femur, urogenital tract, large intestine, small intestine, 
stomach, brain 
Other: whole blood, serum, thick blood smear, thing blood smear, fleas, faeces (formalin), 
muscle (ethanol) NMK. 
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
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• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• Small and large chopping boards 
• Rat tooth and tissue forceps 
• Small sharp ended scissors 
• Small, curved scissors 
• 2 large scissors 
• scalpel blade 
• bone cutters 
• barcoded eppendorf tubes 
• eppendorf tube rack 
• small pot containing 10% formalin 
• large pot containing 10% formalin 




1. Set out 2 chopping boards – large and small 
2. Select instruments – rat tooth and tissue forceps, 1 small sharp ended scissors, 1 small, curved 
scissors, 2 large scissors, one scalpel blade, bone cutters 
3. Set out 11 barcoded eppendorf tubes in the rack, one small pot with 10% formalin and one large 
pot, and 1 small eppendorf with 95% ethanol 
4. Place animal in dorsal recumbency on the large chopping board.  
5. Enter unique identifier onto Necropsy record 
6. Sample of skin into 10% formalin  
7. Sample pectoral muscle into 10% formalin and a sample into eppendorf with 99% ethanol (for 
museum). 
8. Sample ptagium into 10% formalin. 
9. Take salivary glands one in formalin and the other cut into 5 portions and place in a barcoded 
eppendorf tube.  
10. Incise ventral abdominal midline with sharp ended scissors and extend incision from pubis to 
sternum.   
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11. Open chest cavity with sharp dissection through the ribs and clavicle and remove ribs. 
12. Remove liver - weigh and section. Five small sections into a barcoded eppendorf tube and remainder 
in 10% formalin. Record organ weight and any gross lesions. 
13. Remove spleen and halve. Section one half into 5 pieces and place in eppendorf tube and the other 
half in 10% formalin.  
14. Linearise the GI tract at this point.  
15. Remove kidneys, weigh and record. Section one into 5 pieces and place in a barcoded eppendorf 
tube and the other place in 10% formalin.  
16. Remove adrenals - 10% formalin.  
17. Remove apex of the heart by sharp dissection and cut into 5 pieces and place in an eppendorf tube.  
18. Remove a lobe of lung - 5 sections placed in eppendorf tube.  
19. Remove the pluck by sharp dissection around the inside of the mandible, removing the tongue, 
larynx, trachea, oesophagus, heart and lungs. The oesophagus and trachea should be opened if size 
allows and place in formalin.  
20. Sample diaphragm and place in formalin.  
21. Section pelvis either side of midline and remove.  
22. Remove GI tract along with the remaining urogenital tract and place to one side.  
23. Remove femur by dislocation of the hip joint - formalin. 
24. Remove head by dislocation of the atlanto-occipital joint. Reflect skin from the caudal aspect of the 
head and the remove calvarium with bone cutters. Halve the brain and place half in eppendorf tube 
and half in formalin.  
25. Take faecal sample and place in barcoded formalin-filled eppendorf tube. 
26. Transect the caudal large intestine and attached urogenital tract place in formalin.  
27. 1.0 cm section of ileum cut into 5 small sections and place in eppendorf tube.  
28. 1cm portion of small intestine proximal to this into formalin.  
29. One half of the stomach place into formalin.  
30. Remainder of the carcass in formalin for the Museum. Label with unique identifier.  
31. Label formalin fixed tissues with unique identifier.  
32. Label ethanol fixed muscle sample with unique identifier 
33. Barcodes from all tubes, slides and pots should be recorded on necropsy form. 
34. Any gross lesions or abnormalities should be photographed, recorded and sampled.  
35. Wash all instruments and boards in Virkon between necropsies. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• Wisegeek. 2009. Necropsy. Retrieved on September 25, 2009 from Website: 
http://www.wisegeek.com/what-is-a-necropsy.htm 
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
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include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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2.7 Zoonoses -Post mortem procedure 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to perform a post mortem on captured bats or rodents. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• Post mortems need to be conducted on the animals collected in this study. 
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
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• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
Post mortem kit 
• Table         
• Stools       
• Face masks 
• Goggles/glasses 
• Powdered gloves 
• Lab coasts 
• Rubber boots 
• Sleeve covers 
• Animal containers 
• Labels 
• Cling film 
• Thick plastic bag 
• Isoflurane 
• Cotton wool 
• 23gauge needs 
• 2.5ml syringes 
• Serum tubes 
• EDTA tubes 
• Bar codes 
• Microscope slide rack 
• Capillary tubes 
• Microscope slides 
• Scales 
• Tape measure/callipers 
• Camera 
• Photographic ruler 
• Chopping board – flat 
• Small and large scissors 
• Scalpel handle 
• Forceps 
• Scalpel blades 
• Small bone cutters 
• Barcoded eppendorf 
• Eppendorf tube rack 
• 10% buffered formalin 
• Small containers for histology 
• Large containers for carcasses 
• Marker pen 
• Masking tape 
• Sharps container 
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• Trash bags 
• Virkon 
• Instrument cleaning bucker 
• Instrument scrubbing brush 
• Spray bottle 
• Table brush 
• Boot brush 
• Paper towel 
• Broom 
• Bucket 
• Foot bath 
• CO2 
Procedure 
1. Glove before entering the PM room 
2. Put on mask, goggles, lab coat, rubber boots and double glove upon entering 
3. Place animals in containers along the left-hand wall 
4. Place the rubber mat at door 
5. Fill the foot bath with Virkon from 5L container 
6. Set out syringes and needles for the number of animals 
7. Set out EDTA/plain tubes and 3 slides per animal in the racks 
8. Select 2 bar codes for each animal 
9. Assign unique identifier to animal and label carrier. Record in PALM along with GPS. 
10. Place isoflurane soaked cotton wool in cage/container and cover in plastic wrap.  
11. Once anaesthetized place animal in dorsal recumbency on the PM table 
12. Cardiac puncture through thoracic inlet or diaphragm and collect blood (up to 1.0 ml for bats, 
3ml rat) 
13. Put blood into 0.5ml serum/0.5ml EDTA tubes and make thick and thin smears 
14. Label slides with bar codes and tubes with daily identifier, scan PALM and cellotape 
15. Dispose of needle and slider in sharps and syringe in infectious waste bag 
16. Dry slides for approx. 30mins and fix, dry and place in slide box 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• http://www.vetmed.ucdavis.edu/ohi/local_resources/pdfs/   USAID PREDICT Safety Guide for 
Animal Capture for Sampling 24Jul13.pdf  
• http://www.fao.org/3/a-i2407e.pdf Investigating the role of bats in emerging zoonoses: Balancing 
ecology, conservation and public health interest 1/ 179 
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Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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3. Buffalo 
3.1 Jugular Vein Blood Collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the jugular vein of buffalo. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from buffalo is necessary for a wide range of scientific research.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• Lorazepam (2.0 mg/kg)    
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder  
• evacuated blood collection tube  
• 14-18G sterile, unused, Luer fitting needle  
• syringe  
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sharps container 
 
Procedure 
1. The animal must be sedated.  
2. The animal is restrained and the head is turned 90 degrees from the line of the body and the nose 
tilted upwards by 30 degrees.  
3. Clean the site and swab with 70% EtOH 
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4. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck. With the head in the correct position, the jugular vein should be seen filling, running 
towards the angle of the jaw. If in doubt tap the site with a finger; a wave of blood should be seen 
when the distended vein is tapped. If the vein still cannot be visualized, try to reposition the head. 
5. The needle is pushed sharply through the skin and the wall of the vein at an angle of 30 degrees, 
in line with the vein. The vein is just under the skin so the needle should not penetrate more than 
2 cm. When the evacuated tube is pushed onto the vacutainer needle or the plunger of the syringe 
is withdrawn, blood should be seen filling the tube or syringe. If there is no blood flow the needle 
is repositioned to puncture the vein without coming out of the skin.  
6. Prior to removal of the needle pressure on the jugular furrow is withdrawn 
7. The minimum amount of blood that is required should be taken. Excessive amounts of blood taken 
frequently can affect the P.C.V. particularly in smaller animals. The maximum volume of blood that 
should be taken from any animal is 8 ml/kg body wt. or 6 to 8% of the total blood volume once 
every 14 days. No more than this may be taken in any three-month period. Animals that do have 
this maximum amount removed must be in good health and body condition. 
8. Dispose of needle and syringes used in sharps container 
 
Quality controls 




• Amresh Kumar, Ashok Kumar, Sukhbir Singh and Sandeep Potilya. (2016). Evaluation of 
Lorazepam as a Sedative in Buffalo Calves. Haryana Vet. (June, 2016) 55 (1), 53-55. 
• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. Any 













ILRI animal care and use manual 
Page 34 of 392 
 
3.2 Tail Vein Blood Collection 
Title: Tail Vein (median coccygeal) Blood 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the tail vein of buffalo. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from buffalo is necessary for a wide range of scientific research. This method 
is useful for mature bulls or where handling facilities do not allow easy access to the neck. It can 
only be used for animals greater than 250 kgs and for blood samples less than 10 ml. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal in the race or crush. Standing behind a buffalo please be aware that they 
could kick at any time. 
Equipment and materials 
• 70% EtOH 
• race or crush for animal to be restrained 
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder 
• evacuated blood collection  
• sharps bin 
 
Procedure 
1. Have the animal placed in a race or crush with a bar behind to stop it reversing. ALWAYS BE 
AWARE WHEN STANDING BEHIND A buffalo THAT IT CAN KICK AT ANY TIME. 
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2. Raise the tail and clean the underside of the tail with 70% EtOH. 
3. The vein runs midline, just under the skin in a medial groove on the underside of the tail.  
4. The needle is pushed through the skin over this groove at a 90-degree angle.  
5. When the needle is felt touching the bone of the coccygeal vertebrae, it is withdrawn slightly.  
6. The needle will not penetrate more than 1 cm. When the needle is in position push the evacuated 
tube onto the needle.  
7. Blood should flow, if not, the needle should be repositioned without withdrawal from the skin. 
8. No more than 10ml of blood should be collected. 
9. Once blood is collected dispose of needle in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. Any 
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3.3 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of animals using chemical means –an overdose of Euthatal: 
Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. Euthanasia must always 
be performed so that stress for the animal is minimized and so that it gives minimal influence on 
the experimental results. The most important criterion of acceptance of a euthanasia method as 
humane is that it has an initial depressive action on the central nervous system (CNS) to ensure 
immediate insensitivity to pain. 
1. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Overdose of Euthatal®: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 




Date:   Name:     Signature: 
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3.4 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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3.5 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the neck.  
3. The neck muscle should be the muscle of choice in cattle, sheep and goats that are subsequently 
going for meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. For small laboratory animals any muscle of suitable size can be used. 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  









ILRI animal care and use manual 
Page 42 of 392 
 
3.6 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  




Date:   Name:     Signature: 
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4.Cattle 
4.1 Jugular vein blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the jugular vein of cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from cattle is necessary for a wide range of scientific research.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal in the race or crush. Standing behind a cow please be aware that they could 
kick at any time. 
Equipment and materials 
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder  
• evacuated blood collection tube  
• 14-18G sterile, unused, Luer fitting needle  
• syringe  
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sharps container 
 
Procedure 
1. Restraint - Cattle over 100kg are held in a crush. The animals head is turned 90 degrees from the 
line of the body and the nose tilted upwards by 30 degrees. Strong-necked cattle may need to be 
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tied in this position with a rope halter ensuring that a quick release knot is used. In smaller calves 
restraint is most easily achieved by backing the animal into a corner, standing astride the shoulders 
and positioning the head in a similar manner to above with both hands. 
2. Clean the site and swab with 70% EtOH 
3. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck. With the head in the correct position, the jugular vein should be seen filling, running 
towards the angle of the jaw. In adult cattle it can be 3 cm in diameter, in small calves it is around 
1 cm in diameter. If in doubt tap the site with a finger; a wave of blood should be seen when the 
distended vein is tapped. If the vein still cannot be visualized, try to reposition the head. 
4. The needle is pushed sharply through the skin and the wall of the vein at an angle of 30 degrees, 
in line with the vein. The vein is just under the skin so the needle should not penetrate more than 
2 cm. When the evacuated tube is pushed onto the vacutainer needle or the plunger of the syringe 
is withdrawn, blood should be seen filling the tube or syringe. If there is no blood flow the needle 
is repositioned to puncture the vein without coming out of the skin.  
5. Prior to removal of the needle pressure on the jugular furrow is withdrawn 
6. The minimum amount of blood that is required should be taken. Excessive amounts of blood taken 
frequently can affect the P.C.V. particularly in smaller animals. The maximum volume of blood that 
should be taken from any animal is 8 ml/kg body weight or 6 to 8% of the total blood volume once 
every 14 days. No more than this may be taken in any three-month period. Animals that do have 
this maximum amount removed must be in good health and body condition. 
7. Dispose of needle and syringes used in sharps container. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23.Any 





Date:   Name:     Signature: 
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4.2 Tail vein blood collection 
Title: Tail Vein (median coccygeal) Blood 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the tail vein of cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from cattle is necessary for a wide range of scientific research. This method 
is useful for mature bulls or where handling facilities do not allow easy access to the neck. It can 
only be used for animals greater than 250 kgs and for blood samples less than 10 ml. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal in the race or crush. Standing behind a cow please be aware that they could 
kick at any time. 
Equipment and materials 
• 70% EtOH 
• race or crush for animal to be restrained 
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder 
• evacuated blood collection  
• sharps bin 
 
Procedure 
1. Have the animal placed in a race or crush with a bar behind to stop it reversing. ALWAYS BE 
AWARE WHEN STANDING BEHIND A COW THAT IT CAN KICK AT ANY TIME. 
2. Raise the tail and clean the underside of the tail with 70% EtOH. 
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3. The vein runs midline, just under the skin in a medial groove on the underside of the tail.  
4. The needle is pushed through the skin over this groove at a 90-degree angle.  
5. When the needle is felt touching the bone of the coccygeal vertebrae, it is withdrawn slightly.  
6. The needle will not penetrate more than 1 cm. When the needle is in position push the evacuated 
tube onto the needle.  
7. Blood should flow, if not, the needle should be repositioned without withdrawal from the skin. 
8. No more than 10ml of blood should be collected. 
9. Once blood is collected dispose of needle in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23.Any 
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4.3 Blood smear collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to collect blood in cattle for a blood smear. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• G  Gauge 
Scope 
• Blood collection in cattle is necessary for a wide range of scientific research. Blood smears can 
be used for microscopy to quickly diagnose haematological problems or the presence of 
parasites in the blood.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal in the race or crush. Standing behind a cow please be aware that they could 
kick at any time. 
Equipment and materials 
• 22G needle 
• glass slides 
• sterile swab 
• sharps container  
Procedure 
1. Cattle are restrained in a crush or manually. 
2. An ear vein is punctured with a fine (22G) sterile needle. 
3. A drop of blood is allowed to fall on a slide and a smear made.  
4. Use a sterile swab to swab gently or apply pressure if bleeding continues.  
5. Dispose of needle used in sharps container. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• OIE. 1997. Manual of standards for diagnostic tests and vaccines. Third edition, 1996. Office 
International des Epizooties (World Organization for Animal Health), Paris. 723 pp. (ISBN 92-
9044-423-1). (updated periodically) 
• Martini, Frederic, and Bartholomew, Edwin. Essentials of Anatomy and Physiology. Upper Saddle 
River, New Jersey: Prentice Hall, 1997.  
• Roitt, Brostoff and Male. Immunology Fifth Edition. London: Mosby, 1998.  
• Schindler, Lydia. Understanding the Immune System. National Institute of Heath Publication, 88- 
529, 1988.  
• Towle, Albert. Modern Biology. Austin: Holt, Rinehart and Winston, 1991.  
• Voyich, Jovanka and DeLeo, Frank. Host-pathogen interactions: leukocyte phagocytosis and 
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4.4 Bone marrow collection 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting bone marrow from cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Bone marrow collection from cattle is an essential investigation for the diagnosis and management 
of many disorders of the blood and bone marrow. The aspirate and trephine biopsy specimens 
are complementary and when both are obtained, they provide a comprehensive evaluation of the 
bone marrow. The final interpretation requires the integration of peripheral blood, bone marrow 
aspirate and trephine biopsy findings, together with the results of supplementary tests such as 
immunophenotyping, cytogenetic analysis and molecular genetic studies as appropriate, in the 
context of clinical and other diagnostic findings. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
• Sedation of cattle and biopsies are done under the supervision of a veterinarian 
Equipment and materials 
• 70% EtOH 
• gloves 
• #11 surgical blades 
• race or crush for animal to be restrained 
• xylazine 
• G needles 
• 10ml syringes 
• shaver - a razor or battery-operated electrical shaver equipped with a surgical blade (no. 40) 
• Savlon soap (diluted 1:30 in 70% ethanol)  
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• Gauze pads 
• 3% lignocaine hydrochloride 
• 11G 4-inch Jamshidi-type biopsy needle 
• glass slides 
• 10 ml syringe containing preservative-free heparin in IMDM 
• antibiotic solution - Alamycine® (Oxytetracycline 100mg/ml) 
 
Procedure 
Pre surgical care: 
1. Sedation of cattle and biopsies are done under the supervision of a veterinarian. Cattle destined 
for a surgical procedure in which there will be heavy sedation or anaesthesia and lateral casting 
must not have food or water for 18 hours prior to surgery to help prevent regurgitation and 
possible development of aspiration pneumonia. Experimental cattle are weighed prior to the 
procedure to allow drug dosage determination.  
 
Restraint: 
1. The cattle are restrained in the crush by a head stanchion and then sedated by intravenous 
injection (via the jugular vein) of 0.05-0.2 mg/kg of xylazine (during trypanosome infection the 
dosage is administered at 0.05 mg/kg because the cattle become increasingly more susceptible to 
sedation both due to illness and anaemia). The animals are allowed to move into a holding pen 
and once they show signs of sedation they are cast in lateral recumbency. The site in which the 
animal is cast in lateral recumbency should not be bare concrete but should be covered with wood 
shavings to prevent trauma to the animals' musculoskeletal tissue. 
2. N.B. if animals are severely anaemic the amount of time the animals are in lateral recumbency 
should be kept to a minimum to prevent hypoxia developing in organs and tissues (Xylazine causes 
hypotension in sedated animals). 
 
Procedure 
1. The sternum is shaved with a razor or battery-operated electrical shaver equipped with a surgical 
blade (no. 40). The chosen biopsy site is aseptically prepared by first cleaning the site with Savlon 
soap (diluted 1:30 in 70% ethanol) and gauze pads, followed by two swabs with gauze pads soaked 
in 70% ethanol. The periosteum, muscle, connective tissue and skin are infiltrated with 5-10 ml of 
3% lignocaine hydrochloride depending on the size of the animal. 
2. The person performing the biopsy must wear gloves and should keep all needles, surgical blades 
etc., sterile. A small incision approximately 0.5-1.0 cm in length is made through the skin with a 
sterile No 11 surgical blade. A sterile 11-gauge 4-inch Jamshidi-type biopsy needle is used to 
penetrate the marrow cavity of any of the third, fourth, fifth or sixth sternebrae. Bone marrow 
samples for cytology require the collection of .05 ml of bone marrow into a 10 ml syringe without 
anticoagulant prior to the collection for in vitro culture. Cytological smears are made immediately 
and rapidly air-dried. Approximately 3 ml of bone marrow is collected into a second 10 ml 
disposable syringe containing preservative-free heparin in Iscove's modified Dulbecco's medium 
(IMDM) at a final concentration of 100 IU/ml. The biopsy site is sprayed with an antibiotic solution 
(Alamycine). Core biopsies can be collected with the same needle but require the needle be 
partially removed from the penetration site and redirected in another area of the marrow. This 
prevents distortion of the marrow structure and haemorrhage into the core biopsy. A fresh site 
should be selected for repeat biopsy. This is fairly easy to determine because of a small pinkish 
scar on the skin from the previous week. The older scars will be white. 
3. The animal is manually moved to the side of the pen and placed in sternal recumbency. The animals 
are kept in this pen until they fully recover from the sedative and are able to walk around the pen 
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in a normal manner. They are then returned to their holding pen and allowed to eat and drink 
approximately 2 hours later. 
 
Quality controls 




• Bain B.J. (2001a) Bone marrow aspiration. Journal of Clinical Pathology 54, 657–663.  
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4.5 Cell depletion 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing cell depletion assays in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Lymphocytes can be depleted in vivo by injecting an anti-lymphocyte antiserum. It is generally 
assumed the lymphocytes are coated by the antibodies and lysed by complement. This technique 
was first developed in man for prevention of tissue and organ rejection. When more specific 
monoclonal antibodies were developed in the late seventies, it became possible to deplete specific 
lymphocyte subpopulations. This method has fewer side effects and leaves other parts of the 
immune response intact. Therefore, depletion of specific cell subpopulations is a clean and less 
interfering way of dissecting an immune response in vivo. So far, successful lymphocyte depletion's 
have been performed in mouse, rat, man, monkey, cattle and sheep. 
• Depletion's in cattle and sheep are done by intravenous injection of a specific mouse monoclonal 
antibody. Subcutaneous administration did not work well. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 





• G needle 
• 0.45um filter 
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Procedure 
• Ascites containing 5-10 mg IgG/ml is filter sterilized through 0.45 micron filters. 
 
The following schedule will eliminate all CD4 or CD8 T cells from the body of an animal of 50-150 kg, 
without side effects. 
 
Day 1: 4 I.V. injections of 25 microliter ascitis, with 1-2 hour intervals. 
Day 2: 4 I.V. injections of 25, 50, 200 and 500 microliter respectively, with 1-2 hour intervals. 
Day 3: 4 I.V. injections of 100 ul, 500 ul, 5 ml and 20 ml respectively, with 1-2 hour intervals. 
 
• Reappearance of cells of the depleted phenotype can be measured in the blood and should take 
at least two weeks.  
• More antibody can be administered using the same schedule, if depletion is needed for longer 
times, but anti-mouse-Ig is present by day 5 and may weaken the effect of additional injections of 
monoclonal antibody. 
• When the experiment is over, one must consider that the animals may have lost part of their 
immune system and precautions taken to prevent infection. 
 
Quality controls 




• Brian Paszkiet et al. (2016) Development of an improved process for the depletion of exosomes 
from fetal bovine serum Life Sciences Solutions, Thermo Fisher Scientific Corp. 2016 Thermo 
Fisher Scientific Inc  
Additional 
Side effects: 
• Side effects have been reported with administration of antibodies by drip in human patients. They 
varied from sweating to slight temperature rises 3 hours after administration. In monkeys severe 
side effects (including shock-like symptoms, vomiting and even death) were observed, especially 
with CD8 antibodies. In preliminary studies with cattle such severe reactions were not observed. 
The following symptoms were seen within one minute after intravenously injecting too high 
quantities: fast breathing, problems with equilibrium and in the worst case dropping to the floor 
and rolling of the eyes. Except for the fast breathing, which could last up to 20 minutes, these 
symptoms lasted from a few seconds to a couple of minutes. It was found that these symptoms 
were due to presence of cells carrying the T cell antigen in the blood. The severity of the side 
effects further depended on the total amount of antibody given, but not on the antibody 
concentration in the syringe or the speed of injection. As soon as positive cells are eliminated 
from the blood no adverse effects develop, and up to 20 ml of ascitis have been given without 
problems. It is hypothesized that the symptoms are due to temporary agglutination of cells in the 
blood, or maybe by release of biochemical mediators from the lysed cells. 
• The following procedure, in which the dose of antibody is gradually increased, can be used to 
deplete T cells. As soon as one of the adverse reactions described above is observed, the next 
dose 1-2 hours later must not be increased. Only if no adverse reactions are observed can the 
dose be increased. 
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4.6 Euthanasia by captive bolt 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of cattle by captive bolt. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• A captive bolt pistol may be used for pre stunning these animals whether for euthanasia or where 
the meat may be salvaged after exsanguination.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
• Only trained licensed experts can undertake the use of the captive bolt pistol.  
Equipment and materials 
• Restraint (specify for each animal) 
• Captive bolt pistol. 
• Sharp instrument.  
 
Procedure 
1. The animal must be suitably restrained. 
2. Captive bolt pistol is used to pre-stun the animal. 
3. Following shooting with this instrument, the major blood vessels and spinal column should be 
severed and the animal exsanguinated. 
 
Quality controls 
• A skilled operator must perform this procedure. 
• Only trained licensed experts can undertake the use of the captive bolt pistol. 
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• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases, it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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4.7 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
This describes the process of euthanasia of animals using chemical means –an overdose of Euthatal: 
Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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4.8 Euthanasia – exsanguination by carotid artery cannulation 
Title: Euthanasia – exsanguination by carotid 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of cattle by exsanguination and collection of the blood. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Exsanguination is death caused by blood loss and this procedure the blood is collected 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• General anaesthetic with thiopentone 
• Gloves 
• Surgical blade and holder 
• Cannulation needle (the diameter of which should be at least half the diameter of the artery) 
• 18-25G needle 
• 70% EtOH 
Procedure 
1. Cattle are administered thiopentone (a barbiturate).  
2. The animal should be made to fall on it’s right side 
3. A 15 cm incision is made along the jugular furrow, dorsal and parallel to the jugular vein.  
4. The muscles dorsal to the jugular vein are cut along their fibres exposing the fascia below.  
5. The carotid artery is located by digging the finger into this fascia and locating the pulse.  
6. The artery is grasped and exposed, freeing surrounding fascia and vagus nerve. A small, shallow 
cut is made in the arterial wall and the cannulation needle pushed through into the lumen of the 
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artery. When the stylet is removed from the needle the blood flows. The animal must not be 
allowed to recover. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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4.9 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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4.10 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the neck.  
3. The neck muscle should be the muscle of choice in cattle, sheep and goats that are subsequently 
going for meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. For small laboratory animals any muscle of suitable size can be used. 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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4.11 Intravenous injection into the jugular vein 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intravenous injections in the jugular vein of Cattle, Sheep, 
Goats and pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intravenous injection is injection of a substance into the veins of an animal. Injection into the 
jugular vein is the fastest way a substance can be delivered throughout the body. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animal must be restrained appropriately for the species and size of the animal. 
2. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck.  
3. With the head turned 90 degrees and held slightly upwards, the jugular vein should be seen filling, 
running towards the angle of the jaw. In adult cattle it can be 3 cm in diameter, in small calves and 
adult goats and sheep it is around 1 cm in diameter.  
4. If in doubt tap the site with a finger; a wave of blood should be seen when the distended vein is 
tapped. If the vein still cannot be visualized try to reposition the head. 
5. The needle should be pushed sharply through the skin and the wall of the vein at an angle of 30 
degrees, in line with the vein.  
6. The vein is just under the skin so the needle should not penetrate more than 2 cm.  
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7. Blood is withdrawn to ensure the needle is in the vein, then the material is injected slowly into 
the vein. 
8. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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4.12 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  




Date:   Name:     Signature: 
 
  
ILRI animal care and use manual 
Page 70 of 392 
 
4.13 Lymph duct cannulation 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing lymph duct cannulation in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• The most convenient duct for cannulation in cattle is the efferent prescapular. Afferent lymph can 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• xylazine 
• intubation kit 
• halothane 
• scalpel blade and handle 
• Evan’s Blue dye 
• Polyvinyl chloride cannula (Dural Plastics, Australia) or other cannula 
• Chlorohexidine 
• 4-0 silk 
• fine forceps 
• stainless steel needle 
• Alsever's solution 
• Catgut 
• Adhesive tape 
• Supramid 
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1. The animal is starved for at least 24 hrs. and water withheld for 12 hours prior to surgery.  
2. The animal is anaesthetized by sedation with xylazine (0.2 mg/kg), intubated, administered 
Halothane, and placed in lateral recumbency. 
3. The duct runs from the node to the jugular vein (R) or thoracic duct (L) along the medial surface 
of the brachiocephalicus muscle. It is generally associated with the prescapular artery and vein, 
although this association may not be close. The duct is approached via a skin incision along the 
jugular groove of approximately 10 cm that is roughly bisected by a perpendicular from the lymph 
node. The subcutaneous fascia and the connective tissue that joins the brachiocephalicus and 
sternocephalicus muscles are blunt dissected and the brachiocephalicus muscle is reflected upwards 
and held in position with retractors. The prescapular artery and vein should be visible deep in the 
cleft between the two muscles. The duct is usually cranial to the vessels and traverses the gap 
between the muscles along with them. It varies in size and usually appears as a rather translucent 
ribbon-like structure that can be mistaken for a nerve. Injecting a solution of Evans blue dye in the 
drainage area of the node can help in identifying it. 
4. It is best to cannulate the duct where it is associated with the inner surface of the brachiocephalicus 
muscle. It is closely associated with fascia and this stabilizes the cannula and lessens the possibility 
of a kink. 
5. Polyvinyl chloride cannula (Dural Plastics, Australia) are most suitable and for Bos indicus cattle it 
is best to use dual lumen tubing so that an anti-coagulant can be pumped up to the tip. Single 
lumen tubing may suffice in Bos taurus. Cannulas can be sterilized with ethylene oxide or immersed 
in chlorhexidine. The duct is tied off with 4-0 silk, distal to the point selected for insertion of the 
cannula. The swollen vessel is carefully cleaned of fascia for approximately 0.5 cm proximal to the 
tie (use fine forceps), and another tie is laid at this point. The cannula is now introduced to the 
site and led through the brachiocephalicus muscle to emerge at the point of the shoulder using a 
long (15 20 cm is enough) stainless steel needle with a hole at the blunt end through which the 
cannula will pass. The cannula is now filled with Alsever's solution and clamped at the distal end. 
To insert the cannula in the duct, the vessel is cut between the two ties (about half of its 
circumference) with corneal scissors. The cut edge of the duct may be picked up with very fine 
forceps to aid in the insertion of the cannula. It is desirable to have at least 1.5 cm of cannula in 
the duct. In many cases the ductal valves hinder this, but these can be broken with a lachrymal 
duct probe. Once the cannula is in place, the second tie is secured. Lymph should now flow. 
6. The surgical site is closed in two layers using catgut for the connective tissue between the 
brachiocephalucus and sternocephalicus, and Supramid for the skin. It is useful to put some adhesive 
tape around the cannula where it emerges from the skin and suture this to the skin. Allow about 
0.25 cm of cannula between the tape and the skin. 
7. If using a dual lumen cannula, the calf must be restrained by neck bales so that a peristaltic pump 
can be used to pump Alsever's solution up the cannula. If not, a plastic bottle can be sutured to 




• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• J G Hall, (1967) A Method For Collecting Lymph From The Prefemoral Lymph Node Of 
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4.14 Lymph node biopsy (smears) 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing lymph node biopsy in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• The purpose of lymph node biopsy provides for early detection of infected cattle.  
• In Cattle the site used for this procedure is Parotid, pre-scapular or pre-femoral lymph node. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 20G needle 
• Syringe 
• Microscope slide 
• Gloves 
• Sharps bin 
 
Procedure 
1. The site must be clean and aseptic technique adhered to.  
2. The lymph node is immobilized between thumb and forefinger of one hand and a 20G needle is 
pushed into the centre of the lymph node with the other hand.  
3. The plunger of the syringe is withdrawn until a small volume of lymph is seen in the hub of the 
needle.  
4. The needle is removed and the sample is deposited on a microscope slide and a smear is made.  
5. If the sample is frank blood, repeat the procedure with a new needle. 
6. Dispose of needle and syringe in sharps bin. 
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• A skilled operator must perform this procedure. 




• Washburn et al (2007) Comparison of core needle biopsy and fine-needle aspiration of enlarged 
peripheral lymph nodes for antemortem diagnosis of enzootic bovine lymphosarcoma in cattle. J 
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4.15 Partial or complete lymph node removal 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing partial or complete removal of the lymph node in 
cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• To evaluate the diversity of Salmonella isolates recovered from lymph nodes. 
• The site used is Pre-scapular or pre-femoral. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal .. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• Xylazine 





• Surgical equipment 
• Gloves 
• Sharps bin 
 
Procedure 
1. The animal is starved for at least 24 hrs. and water withheld for 12 hours prior to surgery.  
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2. The animal is anaesthetized with thiopentone and halothane. The pre-femoral lymph node can be 
removed under deep sedation and local anaesthesia. Thiopentone sodium solution is administered 
intravenously at a dose rate of 1 g per 100 kg bodyweight.  
3. The animal is intubated and anaesthesia is maintained using gaseous anaesthetic.  
4. The area around the lymph node to be removed is clipped and scrubbed with a dilute savlon 
solution. Ethanol (70%) is then applied. 
5. If sedation and local anaesthetic are being used, xylazine is given at 0.2 mg/kg and local anaesthetic 
is infused subcutaneously, in an L-block, anterior to the lymph node. 
6. Strict aseptic technique must be adhered to throughout the operation. 
7. Pre-femoral: a skin incision is made over the lymph node, which lies in subcutaneous fat. The fat 
is dissected away from the lymph node until the node is attached only at the hilus by the main 
artery and vein. These are clamped and cut and the node is removed. If a complete lymph node 
removal the artery and vein are ligated before removing the clamp. 
8. Pre-scapular: This lymph node lies deeper, under a band of muscle. This muscle is cut prior to 
dissecting out the node and sutured with absorbable sutures after removal of the node. The skin 
is sutured with interrupted, non-absorbable sutures. 
9. Antibiotics (pen/strep) is then administered as a prophylactic.  
10. Skin sutures are removed after at least 10 days. 
 
Quality controls 
• A skilled operator must perform this procedure. 




• Gragg SE, Loneragan GH, Brashears MM, Arthur TM, Bosilevac JM, Kalchayanand N, Wang R, 
Schmidt JW, Brooks JC, Shackelford SD, Wheeler TL, Brown TR, Edrington TS, Brichta-Harhay. 
(2013) Cross-sectional study examining Salmonella enterica carriage in subiliac lymph nodes of 
cull and feedlot cattle at harvest DM Foodborne Pathog Dis. 2013 Apr; 10(4):368-74 
• Noordsy JL, Ames NK: Food animal surgery (ed 4th). [Trenton, N.J.], Veterinary Learning 
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4.16 Adipose tissue biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing adipose tissue biopsy from cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Adipose tissue biopsy are suitable for enzymic and chemical assays.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• gloves 
• shaver 
• local anaesthetic 
• scalpel blade and holder 
• sutures 
• topical antibiotics 
• sharps bin 
 
Procedure 
1. Adipose tissue may be taken from the mammary gland, the hump or near the tail head.  
2. The skin is shaved and clipped and a local anaesthetic applied as above.  
3. An incision of between 2 and 3 cm is made in the skin and then a small amount of the underlying 
adipose tissue is removed with a scalpel.  
4. The incision is sutured and treated with topical antibiotic. 
5. Discard sharps in sharps container. 
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Quality controls 
• A skilled operator must perform this procedure. 




• C.H. Knight, J.E. Hillerton, R.M. Teverson, A. Winter (1992) Biopsy of the bovine mammary 
gland British Veterinary Journal, Volume 148, Issue 2, Pages 129-132 (1992)  
• W.D. Oxender, E.W. Askew, J.D. Benson, R.S. Emery (1971) Biopsy of Liver, Adipose Tissue 
and Mammary Gland of Lactating Cows. 
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4.17 Serial collection of liver biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing serial collection of liver biopsy from cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• The purpose of this procedure is to allow sampling of liver tissue from cattle in sufficient amount 
for biochemical assays at different stages during disease progression following trypanosome 
infection.  The procedure satisfies two key demands: serial liver tissues sampling from one 
individual while ensuring minimum distress to the animal. Overall the procedure allow to increase 
the power of the experiment by reducing the effect of individual variation of the sampling and so 
reducing the overall number of animals subjected to experimentation. 
• This procedure is for functional genomics experiments. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
• Sampling procedure to be performed by a skilled veterinarian. 
Equipment and materials 
• 70% EtOH 
• Clean animal handling facilities (crush, roofed recovery pens, halters) 
• Sedatives/analgesics e.g. Xylazine 
• Local anaesthetic e.g. Lidocaine 
• Antibiotics – penicillin/streptomycin 
• Gloves 
• savlon 
• hair clipper 
• 19G needle 
• syringes 
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• scalpel blades and holders 
• scissors 
• suture needles and holders 
• threads 
• sterile 15 or 20cm Vet-Core biopsy needles 
• nuclease free cryotubes (biopsy receptacle) 
• liquid nitrogen 
• sharps bin 
 
Procedure 
1. Experimental cattle aged between 9 and 24 months. 
2. No special preparation of equipment is required, but utmost care is taken to keep the surgical 
site sterile by applying good veterinary practice.  The procedure is performed in the morning 
before the subject is fed. 
3. The animal must be held by the neck in a crush with easy access to its anterior flank on the right 
hand side. 
4. Xylazine is administered at a dose rate of 0.05 mg/kg to achieve sedation while animal remains 
standing. Local anaesthetic is infiltrated around the site.  The site is clipped and scrubbed with a 1 
in 5 savlon solution and sterilized with a spray of 70% Ethanol. 
5. The site is located at the intersection of the right 11th intercostal space and a horizontal line 
extending cranially from the middle of the paralumbar fossa. 
6. After the local anaesthetic has taken effect, a2 – 4 cm incision is made in the skin and muscles in 
order to access to the peritoneal cavity. Care is used to avoid the intercoastal artery as it courses 
along the posterior aspect of the 11th rib. 
7. The VetCore biopsy needle is passed through the incision to penetrate 2 – 3 cm into the liver and 
the biopsy is collected by firing the needle’s trigger mechanism. 
8. The needle is withdrawn, and the sleeve drawn to expose 15 – 20 mg of tissue that is quickly 
transferred into a labeled collection tube taking care not to take blood that may be on the needle.  
The collection tube with the specimen is immediately frozen in liquid nitrogen. 
9. The skin incision is closed with 2 – 3 nonabsorbent sutures. The animals are covered with 
antibiotic and released into the holding pen from where they are monitored for 12 hours for any 
evidence of bleeding or shock. 
 
Quality controls 
• Sampling procedure to be performed by a skilled veterinarian 




• Vermunt, J. 2011. Surgical diagnostic procedures in cattle: an overview. In: Proceedings of 3rd 
International Symposium of Veterinary Surgery and 9th Iranian Symposium of Veterinary Surgery, 
Anesthesiology and Radiology, pp. 193-198. From: 3rd International Symposium of Veterinary 
Surgery and 9th Iranian Symposium of Veterinary Surgery, Anesthesiology and Radiology, 25 - 28 
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Additional 
• In place of the fine VetCore needles, custom built instruments such as the one shown in the 
picture below may be used.  The latter have the advantage that only one successful entry will 
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4.18 Skin biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing skin biopsy in cattle a relatively simple procedure in the 
management of skin disorders. As a diagnostic method, skin biopsy is most commonly used in 
veterinary dermatology rather than in other specializations. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• The most common indication is to diagnose or exclude cutaneous malignancies. Properly 
performed, it may confirm a diagnosis and provide definitive treatment for a number of skin 
conditions yielding a sample of skin for histopathological or other investigation.… 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• gloves 
• savlon 
• thiopentone sodium solution 
• scalpel blade and holder 
• non-absorbable sutures 
• prophylactic antibiotic (pen/trep) 
• ear punch 
• topical antibiotics 
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Procedure 
Flank or neck biopsy site: 
1. The animal must be starved for at least 24 hours and water withheld for 12 hours prior to surgery. 
The site to be incised is clipped and scrubbed with a dilute savlon solution. 70% ethanol is then 
applied. Thiopentone sodium solution (thiopentone 1gm/100 kg) is administered intravenously at 
a dose rate of 1 g per 100 kg bodyweight. This should give around 10 minutes anaesthesia. 
2. Strict aseptic technique must be adhered to throughout the operation. An elliptical incision is 
made through the skin, around the site to be biopsied. The piece of skin is removed, only the 
minimum amount of skin required must be taken. The wound is closed using simple, interrupted, 
non-absorbable sutures. Prophylactic antibiotic (pen/strep) is administered. 
3. Skin sutures are removed after at least 10 days. 
 
Ear biopsy 
1. A biopsy can be taken from the ear of cattle using an ear punch. The site must be cleaned with 
70% ethanol prior to the punching. Care must be taken to avoid the major blood vessels in the 
ear. Topical antibiotic must be administered post-operatively. 
 
Flank or neck 
1. Small biopsies can be taken using a 6 mm diameter, disposable, sterile, biopsy punch. (Stiefel 
Laboratories U.K). The skin is clipped and scrubbed with savlon solution and the punch pushed 
through the skin. The biopsy remains in the punch when it is removed. Topical antibiotic is applied 
to the site. 
 
Skin snips 
• It involves the removal of some skin from an inflamed area, placing the skin snip into saline to 




• A skilled operator must perform this procedure. 




• Monika H et al (2007). Comparison of five diagnostic methods for detecting bovine viral diarrhea 
virus infection in calves J Vet Diagn Invest 19:28–34 (2007) 
• Njaa BL, Clark EG, Janzen E, et al.: 2000, Diagnosis of persistent bovine viral diarrhea virus 
infection by immunohistochemical staining of formalin-fixed skin biopsy specimens. J Vet Diagn 






Date:   Name:     Signature: 
  
ILRI animal care and use manual 
Page 84 of 392 
 
4.19 Spleen exteriorization 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing spleen exteriorization in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• It an immunologic approach that provides for access to the spleen of a live animal to evaluate 
vaccine strategies for any pathogen. 
• This process is to facilitate repetitive splenic biopsies 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• Clean animal handling facilities (crush, roofed recovery pens, halters) 
• Thiopentone sodium solution 
• Xylazine 
• Savlon 
• Sterile surgical blades and holder 
• Topical antibiotics 
• A sterile surgical kit plus sterile embryotomy wire with handles 
• Penicillin/Streptomycin 
• Skin sutures 
• Sharps container 
 
Procedure 
1. Cattle, less than 9 months old are used in this procedure.  
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2. These animals must not be put in crush and must be handled with due respect for the exteriorized 
spleens. 
3. The animal is starved for at least 24 hours and water withheld for 12 hours prior to surgery.  
4. Thiopentone sodium solution is administered intravenously at a dose rate of 1 g per 100 kg 
bodyweight.  
5. The animal is assisted if necessary into lateral recumbency on the right side.  
6. The animal is intubated and anaesthesia is maintained using gaseous anaesthetic (halothane).  
7. The area around the 12th rib and the left paralumbar fossa is clipped and scrubbed with a dilute 
Savlon® solution. The site is swabbed with 70% ethanol. 
8. Strict aseptic technique must be adhered to throughout the operation.  
9. A skin incision is made over the 12th rib from the costochondral junction dorsally for around 20 
cm. Musculature overlying the rib is incised.  
10. The periosteum overlying the rib is also incised and the rib separated from the periosteum.  
11. Once the periosteum has been completely separated from around the rib, the rib is cut 
transversely using embryotomy wire around 12 cm from the costochondral junction.  
12. The body of the rib is separated at the costochondral junction and the free piece removed.  
13. A 12 cm long incision is made through the periosteum and peritoneum into the abdomen. 
14. The spleen is separated from the rumen and the diaphragm to allow an anti-clockwise rotation of 
90 degrees around the hilus. The tail of the spleen can be exteriorized. 
15. A skin pocket is made between the skin and muscle, posterior to the skin incision, by dissecting 
the subcutaneous fascia.  
16. This pocket must be made big enough to accommodate the exteriorized tail of spleen.  
17. The exteriorized tail of spleen is fixed in position using continuous, gut sutures on an atraumatic 
needle attaching the splenic capsule to the peritoneum and periosteum on both sides of the 
incision.  
18. The exteriorized spleen is then tucked into the skin pocket and the skin incision closed using non-
absorbable sutures. 
19. Injectable antibiotic (Pen/strep) is administered. 
20. Skin sutures are removed after at least 10 days.  
21. The animal should not be put through a race or crush after the operation to prevent damage to 
its vulnerable spleen. 
 
Quality controls 
• A skilled operator must perform this procedure. 




• Han, S., Norimine, J., Brayton, K.A., Palmer, G.H., Scoles, G.A., and Brown, W.C. 2010. Anaplasma 
marginale infection with persistent high load bacteremia induces a dysfunctional memory CD4+ T 
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4.20 Needle biopsy of the spleen after exteriorization 
Title: Needle biopsy of the spleen after 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing a needle biopsy after exteriorization of the spleen in 
cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
• ASLEF 
Scope 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 14G needle 
• syringe 
• ASLEF’s solution 
 
Procedure 
1. The skin overlying the exteriorized piece of spleen is clipped and swabbed with 70% ethanol. 
2.  A 14 gauge needle with syringe containing some ASLEF's solution attached, is pushed through the 
skin and into the tissue of the underlying spleen.  
3. The plunger of the syringe is withdrawn until the required amount of spleen cells are drawn into 
the syringe.  
4. The needle is removed and pressure applied to the puncture wound until bleeding has stopped. 
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Quality controls 
• A skilled operator must perform this procedure. 




• Varma, S., and A.M. Shatry. 1980. A technique for partial marsupialization of the spleen in calves. 
Vet. Rec. 106: 127-128.  
• Head KW, Else RW, Dubielzig RR: Tumors of the alimentary tract. In: Tumors in Domestic Animals, 
ed. Meuten DJ, 4th ed., pp. 413, 415. Blackwell Publishing, Ames, IA, 2002  
• Brown CC, Baker DC, Barker IK: Alimentary system. In: Jubb, Kennedy, and Palmer’s Pathology 
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4.21 Spleen biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing spleen biopsy in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• Clean animal handling facilities (crush, roofed recovery pens, halters) 
• Xylazine 
• Savlon 
• A sterile Tru-cut® Biopsy Needle, 10 or 15 cm.  
• sterile surgical blade 
• topical antibiotics 
• sharps bin 
 
Procedure 
1. The animal is restrained by being held by the neck in a crush with easy access to its anterior flank. 
2. Strict aseptic technique must be adhered to throughout the operation.  
3. The animal is starved for at least 12 hours prior to surgery.  
4. Xylazine is administered at a dose rate of 0.05 mg/kg (sedation but animal remains standing).  
5. Local anaesthetic is infiltrated around the site to be incised.  
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6. The site is clipped and scrubbed with a dilute Savlon® solution. Ethanol is applied to the site. 
7. Identify the intercostal space between the 11th and 12th rib, at the level of the transverse 
processes of the lumbar vertebrae on the left. 
8. A puncture incision is made in the skin prior to inserting the needle.  
9. The needle is kept horizontal and pushed through the intercostal muscles and the diaphragm.  
10. When the needle is in the diaphragm it moves with the animals breathing. At this position the 
point of the needle should be resting on the spleen.  
11. The needle is directed caudally and the stylet is pushed into the spleen.  
12. The sleeve is pushed over the notched stylet to cut the biopsy.  
13. The stylet is removed from the sleeve and the specimen taken from the notch.  
14. A repeat specimen can be taken as the needle is still in place.  
15. The needle is removed and the wound sprayed with antibiotic. 
 
Quality controls 
• A skilled operator must perform this procedure. 




• Head KW, Else RW, Dubielzig RR: Tumors of the alimentary tract. In: Tumors in Domestic 
Animals, ed. Meuten DJ, 4th ed., pp. 413, 415. Blackwell Publishing, Ames, IA, 2002  
• Brown CC, Baker DC, Barker IK: Alimentary system. In: Jubb, Kennedy, and Palmer’s Pathology 
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4.22 Splenectomy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing a splenectomy in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Splenectomy is carried out on animals due to abdominal trauma and also experimentally induction 
of immunosuppression. 
• This procedure is limited to calves less than 12 months old. In older cattle the spleen is too closely 
adhered to the rumen. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 





• scalpel blades and holder 
• forceps 
• catgut sutures 
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Procedure 
Site: A laparotomy in the left paralumbar fossa. 
1. The animal to be held by the neck in a crush with easy access to its flank. 
2. The animal must be starved for at least 24 hours and water withheld for 12 hours prior to surgery.  
3. Xylazine is administered at dose of 0.05 mg/kg (sedation but animal remains standing).  
4. Local anaesthetic is infiltrated around the site to be incised.  
5. The left paralumbar fossa is clipped and scrubbed with a dilute savlon solution. The site then 
swabbed with 70% ethanol. 
6. Strict aseptic technique must be adhered to throughout the operation.  
7. A vertical incision is made starting 5 cm below the transverse process of the 4th lumbar vertebra 
extending for around 15 cm.  
8. Skin, musculature and peritoneum must be incised.  
9. Care must be taken when incising peritoneum as the rumen is in very close proximity underneath.  
10. The surgeon’s hand is passed anteriorly over the rumen until the spleen is felt.  
11. Connective tissue between the spleen and the diaphragm is separated.  
12. The splenic artery and vein are located in the hilus, in the dorsal third of the visceral surface.  
13. The arterial pulse can be felt quite easily.  
14. The artery and vein are isolated and clamped with the long forceps.  
15. Separation of the spleen from the rumen is achieved by blunt dissection.  
16. The splenic artery and vein are cut on the splenic side of the forceps and the spleen then removed 
from the abdomen.  
17. The splenic artery and vein are ligated prior to removal of the forceps. 
18. The abdominal musculature is sutured in one layer with simple interrupted catgut sutures; the 
skin is sutured with non-absorbable sutures. 
19. Injectable antibiotic (pen/strep) is administered. 
20. Skin sutures are removed after at least 10 days. 
 
Quality controls 
• A skilled operator must perform this procedure. 




• Thompson JR et al (1992) Splenectomy in cattle via transthoracic approach. Am J Vet Res. 1992 






Date:   Name:     Signature: 
  
ILRI animal care and use manual 
Page 92 of 392 
 
4.23 Castration 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing castrations on male cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
Scope 
• The purpose of this procedure is to castrate the male animal so that the functioning of the testicles 
is stopped. This prevents the production of male hormones and the animal is unable to reproduce. 
• The Elastrator is a bloodless castration device used on calves up to 4 months old which places a 
rubber ring on the testicles. The circulation to the testicles is shut off and they eventually fall off. 
• This method involves cutting off the blood supply to the testes with a heavy rubber band or ring. 
In 10 to 14 days, the scrotum and testes will slough off. This method is most effective for young 
animals whose scrotal tissues have not yet become well developed.? 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Elastrator 
• 70% EtOH 
• Clean animal handling facilities (crush, roofed recovery pens, halters) 
• Gloves 
• Savlon 
• Scalpel blade and holder 
• Antibiotic spray 
• sharps container 
 
Procedure 
1. Male cattle, from birth to 4 months.  
2. The animal is physically restrained while standing. 
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3. Strict aseptic technique must be adhered to throughout the operation.  
4. The scrotum is scrubbed with dilute Savlon solution. 
5. Use elastic rings purchased within the last 12 months to avoid breakage and assure a tight fit. The 
rings must be strong enough to cut off blood flow in the arteries as well as the veins. If not, the 
scrotum will swell.  
6. Pull both testicles into the scrotum. A muscle attached to each testicle will be pulling against you.  
7. Place the rubber band on the elastrator. Hold the elastrator with the prongs facing up. Close the 
handles to open the band.  
8. With the calf standing and both testicles in the scrotum, stretch the ring open and slip 
the open band up over the scrotum. Release the band just above the top of the testicles 
(~0.5 cm), not at the base of the scrotum. 
9. Check to be sure both testicles are still in the tip of the scrotum and that the ring is 
placed properly. If not, cut the ring with scissors and start again. 
10. Remove the elastrator from under the band. 
11. EZE or Callicrate bands are applied in a similar location. See the manufacturer's 
literature for detailed instructions.   
 
Quality controls 
• When using the Elastrator please follow manufacturer’s instructions. 
• A skilled operator must perform this procedure. 





• Capucille DJ, Poore MH, Rogers GM. Castration in cattle: techniques and animal welfare 
issues. Compend Cont Educ Pract Veterinarian. 2002;24(9):66-73. 
•  Fisher AD, Knight TW, Cosgrove GP, et al. Effects of surgical or banding castration on stress 
responses and behaviour of bulls. Aust Vet J. 2001;79(4):279-84  
• Stafford KJ, Mellor DJ. The welfare significance of the castration of cattle: a review. N.Z. 
Vet J. 2005;53(5):271-8. 
• Wildman BK, Pollock CM, Schunicht OC, et al. Evaluation of castration technique, pain 
management, and castration timing in young feedlot bulls in Alberta. The AABP 






Date:   Name:     Signature: 
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4.24 Rumen fistulation 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing rumen fistulation in large ruminants. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
Scope 
• Fistulation is used to study digestion in ruminants. Fistulation allows sampling from the rum on 
multiple occasions without sacrificing the animals. 
• The objective of this surgery is to facilitate access to the rumen by scientists interested in 
understanding the function of the ruminant digestive system. Occasionally the surgery may be 
carried out to provide a healthy rumen fluid when the need arises.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
• This procedure should be performed by a vet 
Equipment and materials 
• Rompun 0.12ml per 50kg or 0.25ml per 100kg/body weight intramuscular is used to sedate the 
animal.   
• Xylocaine 0.5% or locovetic for local infiltration anaesthesia and paravertebral nerve block. 
• Wound retractors    
• Scalpel  
• Scissors  
• Artery forceps 
• Rumen forceps  
• Forceps 
• Suture material 
• Curved triangular needles  
• Swabs 
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• Penicillin Streptomycin powder 
• Silk sutures 
 
Procedure 
1. The animal is starved of food and water for 24 hours before the operation. 
2. The animal is anaesthetized. Rompun 0.12ml per 50kg or 0.25ml per 100kg/body weight 
intramuscular is used to sedate the animal.  Xylocaine 0.5% or locovetic for local infiltration 
anaesthesia and paravertebral nerve block. 
3. The operation is carried out on the standing animal in a suitable restraining crush. 
4. Rumen fistulate are made on the left side of the animal in the anterodorsal portion of the flank 
and into the dorsal sac of the rumen.  In this position, leakages around the cannula are minimal. 
5. The skin of the left flank is shaved and disinfected.  A skin incision (9-13cm long) is made three 
finger breadths behind and parallel to the last rib, beginning 3-4cm below the transverse processes 
of the lumbar vertebrae (the length of the incision depends on the size of the cannula). 
6. Wound retractors are used to separate the edges.  The muscles (mm obliguus abdominalis externus 
and internus) are separated by blunt dissection.  After, the incision is made on fascia and 
peritoneum.  Penicillin and streptomycin powder are introduced into the abdominal cavity through 
the wound.  Then, the dorsal sac of the rumen is located and lifted through the wound.  The 
rumen is fixed with two pairs of rumen forceps, one on the upper part of the rumen wall and the 
second on the lower part.   Then the skin, peritoneum and rumen wall are stitched together 
around the edges of the wound with interrupted U-sutures of silk.  Care must be taken not to 
pierce the wall of the rumen (stitch not deeper than the rumen muscularia).  Then, that part of 
the rumen lying between the two rumen forceps is now opened.  At about the middle an incision 
is made with a scalpel and enlarged upwards and downwards with scissors and the wall of the 
opened rumen is folded back to the skin.  Finally, the internal flange of the cannula is folded to 
enable the cannula to be inserted into the fistula. 
7. To prevent post-operative infection, the animal is given broad spectrum antibiotics intramuscular 




• This procedure should be performed by a vet. 




• G. E. Stoddard, N. N. Allen, W. H. Hale, A. L. Pope, D. K. Sorensen, and W. R. Winchester A 
Permanent Rumen Fistula Cannula for Cows and SheepJ ANIM SCI May 1951 10:417-423 
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4.25 Collection of faecal samples 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting faecal samples from cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• Collection of faecal samples is important for provision of positive evidence that an animal is 
infected but does not indicate the degree of infection and will have something to do with 
nematode larva.  
• The failure to demonstrate eggs or larvae does not necessarily mean that no parasites are 
present; they may be present in an immature stage or the test used may not be sufficiently 
sensitive. 
• There is generally no correlation between the numbers of eggs/larvae per gram of faeces and 
the number of adult nematodes present in cattle. An exception to this may occur in a primary 
infection in young grazing animals during their first exposure.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Gloves 
• Lubrication 
• Polythene bag or suitable container 
Procedure 
1. Faecal samples are preferably collected from the rectum and examined fresh.  
2. Insert the forefinger of your gloved hand into the rectum and hook out the faeces.  
3. The glove can be turned inside out to act as the receptacle.   
4. Lubrication is required.  
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5. Alternatively, the faeces are transferred into a polythene bag of about 5 cm x 8 cm or into any 
other suitable container.  
6. Label the sample with the animal’s tag number. 
7. Note: About 5 g of faeces should be collected.  If examination is not possible on the day of 
sampling, the samples must be stored in a refrigerator since nematode eggs embryonate rapidly. 
Quality controls 
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4.26 CBPP – Trans-tracheal injection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to perform trans-tracheal injection in cattle to establish experimental 
infection. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• CBPP  Contagious Bovine Pleuropneumonia 
• Mmm  Mycoplasma mycoides subspecies mycoides 
Scope 
• CBPP is an acute to chronic disease of cattle caused by the bacterial Mmm. This procedure 
details how to establish experimental infection for CBPP in cattle by transtracheal injection of 
Mmm. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• This procedure may only be performed by, or under the supervision of operators skilled at this 
technique. 
Equipment and materials 
• Adequately restrain animal with sedative and halter, nose lead, head lock, appropriate for its size 
and demeanor to immobilize the animal in a standing position with head and neck elevated and 
stretched forward. Avoid excessive elevation, especially in animals with severe respiratory 
compromise. 
• 10ml syringe, 18 gauge hypodermic needle 
• 70% ethanol 
• Cotton wool or gauze 
• Shaver 
• Xylazine solution (Rompun, Bayer) 
• 2ml syringe 
Procedure 
1. Sedate animal by injecting xylazine (0.2mg/kg bodyweight) intramuscular and wait for 5 minutes. 
2. Restrain the animal and lift up the head to expose the cervical ventral part of the trachea. 
3. Palpate the larynx and locate the trachea. 
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4. Count 5-10 cartilaginous tracheal rings distal the larynx and fixate the trachea with the left 
thumb and index finger. 
5. Shave the area of 2 x 2 cm and disinfect 3 times using 70% ethanol. 
6. Pull the skin 0.5cm aside and locate the space between the cartilaginous tracheal rings. 
7. Inject a needle between the cartilaginous tracheal rings and push in just 0.5mm inside the 
trachea. 
8. The proper position of the needle inside the trachea is given if the air passes through the needle 
in synchrony with breathing, only air and no blood nor other liquids can be inspirited. 
9. Inject the fluid while the animal is inhaling. 
10. Flush the needle 3 times with 0.5ml saline. 
11. Remove the needle and disinfect the site of puncture. 
Quality controls 
• A skilled operator must perform this procedure. 
• Aseptic conditions are required. 
Revision history 
22/2/2012 IACUC approved ‘Improvement of the existing Contagious Bovine Pleuropneumonia 
(CBPP) infection model’. 
References 
• Niang M. et al (2006). Pulmonary and serum antibody responses elicited in zebu cattle 
experimentally infected with Mycoplasma mycoides subsp. mycoides SC by contact exposure. 
Vet. Res., 37, 733–744.  
• March, J. B. et al (1999). Studies on the immunological diversity of type, vaccine and wild strains 
of Mycoplasma mycoides subsp. mycoides SC variant, p. 159-162. In L. Stipkovits, R. 
Rosengarten, and J. Frey (eds.), Mycoplasmas of ruminants: pathogenicity, diagnostics, 
epidemiology and molecular genetics. Vol III. European Union, Luxembourg. 
• I. Nkando et al. (2012). Efficacy of two vaccine formulations against contagious bovine 
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4.27 CBPP – Lung infection with MmmSC 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of intratracheal infusion of MmmSC causing lung infection in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• CBPP  Contagious Bovine Pleuropneumonia 
• MmmSC Mycoplasma mycoides subspecies mycoides small colony biotype 
• BAL  Bronchoalveloar lavage 
• PBS  Phosphate buffered saline 
Scope 
• CBPP caused by MmmSC is an infectious and highly contagious disease in cattle. This procedure 
details how to establish experimental infection for CBPP in cattle by intratracheal infusion of 
MmmSC causing lung infection. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• This procedure may only be performed by, or under the supervision of operators skilled at this 
technique. 
Equipment and materials 
• Adequately restrain animal with sedative and halter, nose lead, head lock, appropriate for its size 
and demeanor to immobilize the animal in a standing position with head and neck elevated and 
stretched forward. Avoid excessive elevation, especially in animals with severe respiratory 
compromise.  
• Bronchoalveolar lavage tube (EV-05-549 Brocho-Alveolar Lavage catheter, id 3mm, od 11mm). 
see diagram #1. 
• Bottle (500cc) sterile PBS warmed to body temperature. 
• Sterile lubricant. 
• 10ml syringe to inflate cuff of BAL tube. 
• Agar solution (40°C) 
• PBS 
• Large volume syringes (>60cc) to aspirate BAL fluid. 
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Procedure 
1. Sedate animal by xylazine 0.5-1.0 mL i/v injection and place a small amount of sterile lubricant on 
the last 5-10cm of BAL tube. 
2. Advance BAL tube into the trachea, then quickly, but gently, to the point where slight resistance 
and bending of the tube is felt (about 1 meter passed). 
3. Inflate cuff of BAL tube with air (10 ml).  
4. Infuse 60 ml of MmmSC broth (5x 107cfu) followed by 20 ml of 1.5 % agar solution (40°C warm) 
and 30 ml of PBS solution into BAL tube.  
Quality controls 
• A skilled operator must perform this procedure. 
• Aseptic conditions are required. 
Revision history 
5/7/2012 IACUC approved ‘Inducing protection against CBPP using inactivated mycoplasma’ . 
References 
• Niang M. et al (2006). Pulmonary and serum antibody responses elicited in zebu cattle 
experimentally infected with Mycoplasma mycoides subsp. mycoides SC by contact exposure. 
Vet. Res., 37, 733–744.  
• March, J. B. et al (1999). Studies on the immunological diversity of type, vaccine and wild strains 
of Mycoplasma mycoides subsp. mycoides SC variant, p. 159-162. In L. Stipkovits, R. 
Rosengarten, and J. Frey (eds.), Mycoplasmas of ruminants: pathogenicity, diagnostics, 
epidemiology and molecular genetics. Vol III. European Union, Luxembourg. 
• I. Nkando et al. (2012). Efficacy of two vaccine formulations against contagious bovine 
pleuropneumonia (CBPP) in Kenyan indigenous cattle / Research in Veterinary Science 93 (2012) 
568–573  
Additional 
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Bronchoalveolar lavage (BAL) tube with insets 
showing open end and inflation port (left) and 
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4.28 Cloned cow – caesarean section 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to perform caesarean section in cattle. 
Abbreviations 
• SOP  Standard Operating Procedure 
• COSHH Control of Substances Hazardous to Health 
Scope 
• The goals of the cesarean section are preservation of the dam and calf and the future 
reproductive efficiency of the dam. 
• This procedure requires assistants to help the surgeon deliver the calf and provide appropriate 
care after the procedure. 
• Specifically, cloned animals normally have problems in natural delivery. To get higher success 
rate, it is recommended to perform caesarean section before the calculated due date.  
• Caesarean section is indicated in various types of dystocia, including those caused by relative 
fetal oversize when the pelvic inlet in young heifers is too small to allow delivery, deformities of 
the maternal pelvis, fetal monsters, induration of the cervix, fetal malposition, hydrops amnii and 
allantois uterine torsion, and emphysematous fetuses. In many cases, the choice between 
fetotomy or caesarean section may depend on the operator’s relative experience with either 
technique. Case selection is also important. The cow that has suffered a long period of fetal 
manipulation or attempts at fetotomy and is systemically compromised is not a candidate for 
caesarean section. 
• Different approaches are indicated in various dystocia situations. The left paralumbar of flank 
approach is the standard incision for a viable or recently expired, uncontaminated fetus and a 
cow capable of tolerating surgery while standing. In some situations, right-flank laparotomy is 
indicated if there is marked distention of the rumen or when clinical examination dictates that 
removal from the right side would be more convenient. For example, an oversized fetus situated 
in the right side of the abdominal cavity would be difficult to remove by left-flank incision. In the 
routine case, however, the left-flank incision is more convenient because of fewer problems 
with encroaching bowel are encountered. 
• In the case of a dead emphysematous fetus, a ventral approach should be used. A ventral 
paramedian incision, the most common ventral approach, requires the cow to be placed in 
dorsal recumbency. An alternative is the ventrolateral oblique approach, which may be 
performed with the animal in lateral recumbency. Both techniques reduce contamination of the 
peritoneum, which may occur during removal of the emphysematous, contaminated fetus and its 
associated debris. The ventral approaches are also indicated if the animal is recumbent and is 
considered incapable of standing during surgery or if the animal is so unmanageable that it is too 
dangerous for the operator to stand beside the patient during surgery.  
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Responsibilities 
• This procedure may only be performed by registered veterinarians or veterinary student(s) 
assisting and under the direct supervision of a registered veterinarian. 
• The procedure requires assistants to help the surgeon deliver the calf and provide appropriate 
care after the procedure. 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP.  
Equipment and materials 
• Per cow 
• Sterile surgical kit to (include): 
• Surgical Drapes (of appropriate size and number) 
• Surgical Instruments (appropriate for animal) and swabs 
• Suture materials (appropriate for animal)  
• Lignocaine 2% solution 
• Oxytocin solution 
• Calving chains x 2 
• Surgical preparation solutions (iodine or chlorhexidine) and swabs 
• Animal clippers 
• Antibiotics (such as oxytetracycline) 
• Non-steroidal anti-inflammatory drugs (such as Ketaprofen®) 
• Regional anaesthetic needs 18G x 6 inch 
• Needles (e.g. 21G, 18G) 
• Syringes (e.g. 5ml, 10ml, 30ml) 
• Insect repellent spray 
• Sterile surgical gloves 
• Disposable rectal and examination gloves 
Procedure 
Induction (if needed): 
• The cow is induced using 30 mg of dexamethasone.  
• Caesarean section will be done 24 hrs. post induction. 
 
Pre-surgery preparation:  




• Regional anaesthesia may be accomplished by a variety of methods. If the flank approach is used, 
an inverted L block, paravertebral block or a line block may be used, depending on the individual 
circumstances. For the inverted L block, large volumes (may be up to 150 to 200 mL total volume) 
of lignocaine are injected into the different layers of the left flank (abdominal wall) in an inverted 
L configuration. If necessary, epidural analgesia may be used to reduce abdominal straining. 
 
Surgical Procedure:  
• A vertical skin incision is made ventral to the lumbar transverse processes. The external and 
internal oblique muscles and the transversus muscle are incised parallel to the skin incision. Vessel 
bleeding may be controlled by clamp or ligation. 
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• The fascia and peritoneum are elevated, carefully incised to avoid cutting any underlying viscera 
and the incision extended dorsally and ventrally. Each incision in the separated layers of the 
abdominal wall is shorter than the preceding one. If the apex of the gravid horn (left or right) is 
positioned in the right side of the abdomen, the uterus must be rotated to bring the gravid horn 
up to the incision and elevate and exteriorize the apex of the gravid horn. 
• The uterus is incised along the greater curvature to create an opening long enough to allow 
extraction. Sterile chains are applied to the limbs and the foetus is slowly extracted. Thereafter 
the uterus is kept in position by means of sponge forceps: escaping placental fluid should not be 
allowed to enter the abdominal cavity. 
• The uterus is closed using an inverting pattern and absorbable suture material. During the closure 
it is important that each suture be pulled tightly to ensure a tight inverting suture line which will 
minimize any leakage and also minimize exposure of suture material. The sutured uterus is 
replaced in the abdominal cavity. 
• The abdominal wall is closed in several layers. A simple continuous suture of absorbable suture 
material is used to close the peritoneum, fascia, and transversus muscle as one layer. The oblique 
muscles may be closed as one or two layers using absorbable suture and a simple interrupted 
suture pattern. The skin incision is closed with non-absorbable suture in either a continuous or 
simple interrupted suture pattern. Oxytocin (approximately 50 IU per cow; dose may vary) may 
be administered to the cow any time after the uterine suture is completed. Skin sutures should 
be removed from most cows in 10 to 14 days. 
Postoperative management:  
• Post-operative care may include systemic antibiotics (such as oxytetracycline) administered 
according to label directions and non-steroidal anti-inflammatory drugs (such as ketaprofen) 
administrated according to label directions. The placenta is normally expelled after 4 hours. If the 
placenta is retained, further examination may be necessary. The surgical wound should be 
observed for several weeks for presence of discharges or signs of infection.  
 
Complications and prognosis:  
• In dairy cattle, there is some evidence that temporary reductions in milk production may occur 
postoperatively. Adhesions between the uterus and the surrounding tissue has been shown to 
occur in roughly half of all caesarean sections, regardless of whether catgut or Vicryl suture was 
used for closure of uterus. 
Quality controls 
• This procedure may only be performed by registered veterinarians or veterinary student(s) 
assisting and under the direct supervision of a registered veterinarian. 
• Aseptic conditions are required. 
Revision history 
• 25/6/2012 - Minor amendment to ‘ApoL 1 transgenic cow project’ for this procedure 
approved by IACUC 
References 
• Hanie E.A. 2006.  Large Animal Clinical Procedures for Veterinary Technicians. Elsevier Mosby. 
358-359  
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• Kenneth D. Newman and David E. Anderson. (2005) Cesarean Section in Cows.  Vet Clin Food 
Anim 21 (2005) 73–100 
• Atlas of Large Animal Surgery. 1985. Edited by A.W.Kersjes, F. Nemeth and L.J.E. Rutgers. 
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4.29 ECF – End point determination 
Title: End point Determination for East Coast 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the end point determination for East Coast Fever in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• ECF   East Coast Fever 
• RIs  Reaction Indexes 
Scope 
• ECF caused by Theileria parva is transmitted to cattle by ticks infected with this agent. This has 
high mortality. Therefore, monitoring of experimental infections and deciding at what point the 
animal needs to be euthanized is outlined. Humane end points provide an animal welfare safeguard 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
2 Designated technicians trained in observation 
1. For any one trial 2 technicians should take primary responsibility to ensure continuity with 2 
others to cover emergencies. 
2. Collect and analyse samples each morning from day 1 and record clinical signs. 
3. Monitor animals 3 times/day from day 10 and record clinical signs – observe animals and consult 
with farm staff. 
Veterinary surgeons–  
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1. Check animals once daily from day 10  
2. On-call to respond to index received by end of day 
3. Euthanize animals at appropriate triggers (The vet will take primary responsibility for decisions on 
euthanasia according to the procedures and according to animal welfare standards). 
Statisticians  
• Ensuring RIs calculated by 5.00 
• Alert vet if RI current ≥ 6 if RI current ≥ for first time AND RI predicted ≥8. 
 
Daily monitoring and sample routine: 
0830 Animals checked by technicians and clinical parameters recorded 
Temperature recorded 
Samples taken for determination of parasitosis 
 
Animals checked by technicians and clinical parameters recorded 
 
1430 (latest) All blood parameter data to be delivered to one of 2 designated statisticians. It is critical 
that the timing is observed – reaction indexes MUST be calculated by the end of the day from day 13. 
 
Animals checked by technicians and clinical parameters recorded 
 
1700 Reaction indexes calculated – any animal with RI current ≥ 6 for the first time reported to vet. 
As soon as RI predicted ≥ 8 as well – then the duty vet will immediately return to the farm and 
euthanize the animal. 
 
Veterinary visit: The vet should visit at least once a day from day 10. Timing of the veterinary visit is not 
critical, but they should be on call 24 hours a day from day 10 (it is unlikely any callouts will occur before 
day 13). 
Action triggers 
1) Recumbent animal: Euthanize if RI current ≥ 6 AND RI predicted ≥ 8.  If RI predicted ≤ 8 it will 
be left to the discretion of the vet.  
2) If the animal is coughing OR it has nasal discharge: The records will be consulted and if RI current 
≥ 6 AND RI predicted ≥ 8 then the animal will be euthanized. If RI current ≥ 6 BUT RI predicted 
≤ 8, the vet will be called to look at the animal again, even if he has visited already that day. 
3) If RI current ≥ 6 but RI predicted < 8 then the vet will be alerted and will mark the barn records.  
From this point, twice daily visits by the vet will be instigated with the vet paying particular 
attention to those animals on subsequent visits. If RI current ≥ 6 AND RI predicted ≥ 8 the vet 
or ILRI farm manager should be called to euthanize the animal, irrespective of any clinical 
observations:  A clear callout list will be given to the statistician and those persons should be 
aware they are ON CALL. 
4) If, in the opinion of the vet the animal has reached a stage where it needs to be euthanized – this 
will be left to the vet’s discretion before day 13.  However, they will have the right to request 
access to daily records of the parameters.   
5) Any animal that is at reaction index (RI) below 7 on day 22 can be allowed to continue under 
veterinary supervision. Those of RI 7 and above will be euthanized. 
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Day/s  Times  Responsible  Activity 
Day#1-#9 0830  Technician  Samples and record clinical signs 
  Any  Vet   Record clinical signs 
 #10-#23 0830  Technician  Sample and record clinical signs 
  1230  Technician  Record clinical signs 
  1630  Technician  Record clinical signs 




• 2 designated technicians trained in observation. 
• For any 1 trial 2 technicians should take primary responsibility to ensure continuity with 2 
others to cover emergencies. 




• Philip Toye, Antony Musoke,* Jan Naessens .(2014) Role of PIM in T. parva Sporozoite Entry into 
Lymphocytes. Infection and Immunity Vol 82  No. 5: 1786 –1792 
• Baldwin CL, Black SJ, Brown WC, Conrad PA, Goddeeris BM, Kinuthia SW, Lalor PA, MacHugh 
ND, Morrison WI, Morzaria SP, Naessens J, Newson J. (1988). Bovine T cells, B cells, and null 
cells are transformed by the protozoan parasite Theileria parva. Infect. Immun. 56:462– 467.  
• Fawcett DW, Doxsey S, Stagg DA, Young AS. (1982). The entry of sporozoites of Theileria parva 
into bovine lymphocytes in vitro. Electron microscopic observations. Eur. J. Cell Biol. 27:10 –21.  
• Shaw MK. (1999). Theileria parva: sporozoite entry into bovine lymphocytes is not dependent on 
the parasite cytoskeleton. Exp. Parasitol. 92:24 – 31. http://dx.doi.org/10.1006/expr.1998.4393. 
• Shaw MK. (1996). Theileria parva: sporozoite entry into bovine lymphocytes involves both 
parasite and host cell signal transduction pathways. Exp. Parasitol. 84:344 –354. 
http://dx.doi.org/10.1006/expr.1996.0123. 
•  Shaw MK, Tilney LG, Musoke AJ, Teale AJ. (1995). MHC class I molecules are an essential cell 
surface component involved in Theileria parva sporozoite binding to bovine lymphocytes. J. Cell 
Sci. 108:1587–1596 
• Coenraad F. M. Hendriksen and Björn Steen (2000) Refinement of Vaccine Potency Testing with 
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4.30 ECF – Theileria parva infection of/by vector 




Date Approved by SOP Committee:  
 
Purpose 




• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EDTA  Ethylenediaminetetraacetic acid 
• ECF  East Coast Fever 
Scope 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• EDTA vacutainer  
• Oxytetracycline 
• Thermometer 
• large animal electric clippers 
• cloth ear bags or cloth back patches 
• rubber glue (Pattex, Henkel Chemical, Nairobi) 
• Parvaquone or buparvaquone 
 
Procedure 
1. Cattle of 6-12 months of age are selected for these experiments which have been shown to be 
free of T. parva antibodies. The cattle used are usually Boran of either sex which have been brought 
to ILRI from Kapiti at a few days of age. These cattle are allocated to the Tick Unit when they are 
weaned at ILRI. 
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2. All cattle that are to be moved to the Tick Unit are maintained off spray for at least 14 days prior 
to being moved to the unit.  
3. Infected cattle are usually used in groups of 4 and are infected with T. parva tick stabilate (see 
Infection with Theileria) in the New Facility then moved into the Tick Unit 10 days after infection.  
4. The cattle are provided with water and ranch cubes ad lib and are restrained by halters. The 
infected cattle are monitored for the development of infection by lymph node biopsies and 
peripheral blood smears and haematology is determined from EDTA vacutainer samples (3 mls) 
taken from the jugular vein 3 times weekly.  
5. Rectal temperature is taken daily.  
6. To prolong infection, cattle are treated with oxytetracycline (10 mg/kg bwt) by intramuscular 
inoculation daily from day 10 to 14 after infection. 
7. The backs or ears of the cattle are shaved using large animal electric clippers.  
8. The cloth ear bags or cloth back patches are applied and stuck in place using a rubber glue (Pattex, 
Henkel Chemical, Nairobi).  
9. Clean nymphae are applied on day 12,13 and 14 after infection (12,000 nymphae) on each occasion 
and the replete nymphae are collected on day 16, 17, 18, 19 and 20 after infection of the cattle.  
10. On day 20 after infection a decision is taken as to whether the cattle are either euthanized, if they 
are clinically distressed, or if not, they are treated with parvaquone or buparvaquone and returned 
to the farm after they recover.   
11. Animals with severe ECF prior to collection of replete nymphae will be euthanized or treated. 
 
Quality controls 
• A skilled operator must perform this procedure. 





• Kokwaro et al. (2004) Comparative studies on the infectivity of Theileria parva in ticks fed in vitro 
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4.31 ECF – Infection/treatment by needle for Theileria  spp 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting or treatment of cattle with Theileria spp by needle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• East Coast Fever (ECF) is a tick borne infection of cattle caused by the protozoan parasite Theileria 
parva . 
• The infection and treatment method of immunization is based on the findings that tetracyclines 
can reduce the severity of East Coast Fever (ECF) in cattle when given at the time of Theileria 
parva infection or soon afterwards. The current method involves ground up tick stabilate infection 
of cattle with simultaneous oxytetracycline (OTC) treatment. The stabilate dose is normally 
determined empirically and is one which should induce severe infections in all susceptible 
untreated cattle. Treatment with OTC is given as a single dose of 20 mg/kg of long acting 
preparations or two doses (20 mg/kg each dose) given at the time of infection and repeated after 
four days with virulent parasite stocks. Very occasionally a four-day course of short acting OTC 
is used at 10 mg/kg. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 21G needle 
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1. Cattle are weighed to determine drug volume required. 
2. Stabilate is inoculated, usually as a 1.0 ml. volume, subcutaneously below and in front of a parotid 
lymph gland, using a 1 ml. syringe and a 21 gauge × 3 cm. needle.  
3. The site is swabbed with 70 % alcohol prior to the inoculation. 
4. At the same time, the required volume of OTC is injected into the rump or thigh by deep 
intramuscular injection using and appropriate size of syringe and a 16 × 3 cm needle.  
5. When more than 20 ml of the drug is required, the drug is equally divided and place into more 
than one site.  
6. For file applications or where large numbers of cattle are being used the OTC must be given first. 
7. Following immunization, cattle are examined daily and rectal temperatures taken and recorded. If 
fever (39.5 deg C) is detected lymph node biopsies are taken.  
8. If cattle developed severe ECF they are treated with an anti-theilerial drug such as parvaquone, 
buparvquone or halofuginone.  
9. Blood samples are normally taken at weekly intervals to determine serological responses to 
immunization. 
Quality controls 
• A skilled operator must perform this procedure. 





• Radley D.E. (1981). Infection and treatment immunization against theileriosis. In: Advances in the 
Control of Theileriosis, Irvin A.D., Cunningham M.P. and Young A.S., eds. Martinus Nijhoff 
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4.32 ECF – Infection by needle of Theileria spp 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting cattle with Theileria spp by needle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• East Coast Fever (ECF) is a tick borne infection of cattle caused by the protozoan parasite Theileria 
parva . 
• To establish whether immunity can be induced by infection with cryopreserved Theileria parva 
sporozoites, the infective life cycle stage. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 21G needle 





1. The site is swabbed with 70 % alcohol prior to the inoculation. 
2. Stabilate is inoculated, usually as a 1.0 ml. volume, subcutaneously below and in front of a parotid 
lymph gland, using a 1 ml. syringe and a 21 gauge × 3 cm. needle.  
3. Following immunization, cattle are examined daily and rectal temperatures taken and recorded.  
4. If fever (39.5 deg C) is detected lymph node biopsies are taken.  
5. If cattle developed severe ECF they are treated with an anti-theilerial drug such as parvaquone, 
buparvquone or halofuginone.  
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• A skilled operator must perform this procedure. 





• Radley D.E. (1981). Infection and treatment immunization against theileriosis. In: Advances in the 
Control of Theileriosis, Irvin A.D., Cunningham M.P. and Young A.S., eds. Martinus Nijhoff 
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4.33 ECF – Tick feeding without the vector present 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of ticks feeding on cattle without the vector present. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• ILRI  International Livestock Research Institute 
Scope 
• All tick feeding on animals is carried out in specific and designated areas of the ILRI Tick Unit 
which are quarantine areas. Ticks are routinely fed on animals for maintenance of laboratory 
colonies of ticks, infection of ticks with pathogens and the transmission of pathogens to animals. 
The ticks are either fed on the ears or backs of animals 
• This procedure of feeding ticks on cattle is used to amplify stocks of tick species required for 
experiments by feeding adult ticks on cattle free of tick-borne disease. The engorged female ticks 
are collected on repletion and allowed to lay eggs. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Head halter 
• Large animal electrical clippers. 
• Cloth ear bags or cloth back patches 
• Rubber glue (Pattex, Henkel Chemicals, Nairobi). 
Procedure 
1. Cattle are selected at 6-10 months of age and brought in from the ILRI farm where they had been 
kept off acaricide spraying for two weeks.  
2. The cattle are allocated to a colour-coded security pen.  
3. Cattle are provided with water and ranch cubes ad lib. 
4. The cattle are restrained by a head halter. 
5. The backs or ears of the cattle are shaved using large animal electrical clippers.  
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6. The cloth ear bags or cloth back patches are applied and stuck in place using a rubber glue (Pattex, 
Henkel Chemical, Nairobi).  
7. About 1400 adult ticks are applied to each back patch and up to six back patches can be applied 
on individual animals.  
8. Most tick species take up to one week to become replete. The exceptions are Boophilus species. 
These are one-host ticks, which take at least three weeks to complete their life cycle and produce 
replete females.  
9. After the ticks have become replete the cloth patches are removed and the cattle are sprayed.  
10. These cattle are returned to the ILRI farm after use or euthanized.  
11. Post-manipulative care is extremely important. 
 
Quality controls 





• Sarah Bonnet and Xiang Ye Liu (2012) Laboratory Artificial Infection of Hard Ticks: A Tool for 
the Analysis of Tick-Borne Pathogen Transmission. Acarologia 52(4): 453–464 (2012) 
• Krober T., Guerin P.M. (2007a) — An in vitro feeding assay to test acaricides for control of hard 
ticks — Pest management science, 63: 17-22. doi:10.1002/ps.1293  
• Krober T., Guerin P.M. (2007b) — In vitro feeding assays for hard ticks — Trends Parasitol, 23: 






Date:   Name:     Signature: 
  
ILRI animal care and use manual 
Page 118 of 392 
 
4.34 ECF - Inoculation of Theileria parva schizont infected cells 
Title: Inoculation of Theileria parva schizont-




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of Inoculation of Theileria parva schizont-infected cells in cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• East Coast Fever (ECF) is a tick-borne infection of cattle caused by the protozoan parasite Theileria 
parva. 
• Theileria parva schizont-infected cell lines can be used to infect cattle. Normally 103-105 infected 
cells produce infections in autologous cattle and 108-109 in the heterologous situation. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Centrifuge 
• Falcon tubes 
• Low serum media 
• 16G needle 
• syringes 




1. Cells from a suitable volume of culture are pelleted by centrifugation at 200g for 10 min. 
2. Cells are re-suspended in a medium with a low serum content e.g. L15 5% FBS. The volume of 
medium used depends on the cell numbers and is usually between 5 20 ml. 
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3. Cattle are inoculated subcutaneously using a 16-gauge × 11/2 in needle at 1 to 4 sites i.e. over 
right/left parotid and prescapular lymph glands 
4. The number of sites used depends on the cell numbers inoculated. For 103 cells, one site would 
normally be used, but for 109 cells, all 4 sites are commonly used. 
5. Following inoculation, cattle are monitored daily for infection. 
Quality controls 
• A skilled operator must perform this procedure. 





• Lawrence, J.A., Perry, B.D. and Williamson, S.M., 2005. East Coast fever, in: Infectious diseases of 
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4.35 Trypanosome – Infected tsetse flies infecting cattle 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting cattle with trypanosomes by having Trypanosome 
infected tsetse flies feeding from them. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Explore the virulence of transmission of trypanosomiasis infection by tsetse flies that feed on 
animals and humans.  Why or purpose? 
• Trypanosomiasis is a disease affecting animals and humans and is transmitted by the tsetse fly feeds 
on the blood of animals and is the primary biological vector for trypanosome. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Crush  
• 70% EtOH 
• Animal clipper 
• Cotton wool 
• Geigy cages 
 
Procedure 
1. Cattle must be off spray for at least two weeks prior to feeding of the flies.  
2. At least 40 days’ notice must be given to the Head of the Tsetse Vector Unit that flies are required 
to be fed on experimental animals. 
3. Cattle are held in a crush. 
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4. The flanks are shaved with electric clippers and then sterilized with 70% ethanol on absorbent 
cotton wool.  
5. individual tsetse infected with T. vivax, T. congolense or T. b. brucei, in a 8.5 × 2.5 cm tube with a 
cork at one end and netting at the feeding end is placed on predetermined site on the flank of the 
animal and allowed to engorge. 
6. Between 1 and 20 tsetse are thus used to infect or challenge each animal.  
7. The number of infected tsetse to be used and the site on the animal the tsetse are allowed to 
feed can alter according to the experimental protocol. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
References 
• Muturi CN, Ouma JO, Malele I, Ngure RM, Rutto JJ, Mithöfer KM et al. (2011). Tracking the 
feeding patterns of tsetse flies Glossina Genus by analysis of bloodmeals using mitochondrial 
cytochromes genes. PLoS ONE6: e17284 
• Moloo SK, Sabwa CL, Baylis M (2000) Feeding behaviour of Glossina pallidipes and g. morsitans 
centralis on Boran cattle infected with trypanosoma congolense or T. vivax under laboratory 
conditions. Baylis M. Med Vet Entomol. 2000 Sep;14(3):290-299 
• Reifenberg JM, Solano P, Duvallet G, Cuissance D, Simpore J, Cuny G. (1997). Molecular 
characterization of trypanosome isolates from naturally infected domestic animals in Burkina, 
Faso. Vet Parasitol 71: 251–262. 
• Baylis M, Nambiro CO (1993) The effect of cattle infection by Trypanosoma congolense on the 
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4.36 Trypanosome – Infection by needle 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting cattle with Trypanosomes using a needle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• To evaluate the potential for mechanical transmission to being a significant route of infection for 
Trypanosomosis infection.  
• Bloodstream-form trypanosomes are inoculated into cattle intramuscularly, intravenously or 
subcutaneously, and occasionally intradermally. Metacyclic-form trypanosomes are usually 
administered either intravenously or subcutaneously. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• animal clipper 
• scalpel blade or razor 
• 25/26G needle 
• syringes 
• swab 
• 20-23G needle 
• PSG, pH8.0 
• 18-22G needle 
• 19-22G needle 
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1. A 1-1.5 cm needle of gauge 25/26 is used and inserted into the dermis in the flank region.  
2. An inoculation volume of approximately 0.1 ml is usually used.  
3. Prior to insertion of the needle the hair at the inoculation site is removed, first with clippers, and 
then with a scalpel blade or razor. 
Intramuscular inoculation:  
1. A 3 cm 20-23 gauge needle is used.  
2. Three capillaries of cryopreserved stabilate are thawed and diluted in 3 ml of the phosphate-
buffered saline glucose (PSG, pH 8.0) is used, and is administered slowly deep into the muscle of 
the thigh or neck. 
Intravenous inoculation: 
1. A 2-3 cm. needle of gauge 18-22 is inserted into the jugular vein.  
2. For inoculation into either the ear vein or tail vein a 3cm 20-23 gauge needle is used.  
3. Inoculation volumes are usually less than 5.0 ml. and must be administered slowly. 
Subcutaneous inoculation: 
1. A 2-3 cm. needle of gauge 19-22 is inserted into whatever subcutaneous site is suitable for the 
research purpose.  
2. The flank or lateral neck areas are used. I 
3. inoculation volumes are less than 2.0 ml. 
 
Quality controls 




• Desquesnes M, Dia ML. Mechanical transmission of Trypanosoma vivax in cattle by the African 
tabanid Atylotus fuscipes.Vet Parasitol. 2004;119(1):9-19.  
• Doko A, Verhulst A, Pandey VS, Van der Stuyft P. Artificially induced Trypanosoma brucei brucei 
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4.37 Trypanosome – Non-infected tsetse flies feeding on infected cattle 
Title: Feeding non-infected tsetse flies on 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting tsetse flies with trypanosomes by them feeding on 
infected cattle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• To explore the relationships between insect vector nutrition, immune function, microbiota and 
infection.  Why or purpose? 
• Trypanosomiasis is a disease affecting animals and humans and is transmitted by the tsetse fly feeds 
on the blood of animals and is the primary biological vector for trypanosome. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Crush  
• 70% EtOH 
• Animal clipper 
• Cotton wool 
• Geigy cages 
 
Procedure 
1. Cattle must be off spray for at least two weeks prior to feeding of the flies.  
2. At least 40 days’ notice must be given to the Head of the Tsetse Vector Unit that flies are required 
to be fed on experimental animals. 
3. Cattle are held in a crush 
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4. The flanks are shaved with electric clippers and then sterilized with 70% ethanol on absorbent 
cotton wool.  
5. Cages of tsetse flies (Geigy cages) are strapped onto the flanks of the animal, and the tsetse flies 
are allowed to feed for 10 minutes, after which other tsetse in cages are similarly fed on the same 
animal.  
6. Tsetse are fed on the same infected host every day, except weekends, for 25 days in the case of 
T. vivax and T. congolense and 30 days in the case of T. b. brucei infection. 
 
Quality controls 




• Geiger A et al (2015) Adult blood-feeding tsetse flies, trypanosomes, microbiota and the 
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4.38 Trypanosome – Tsetse flies feeding without vector 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of tsetse flies feeding on cattle without the vector present. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH   Ethanol 
Scope 
• To explore tsetse flies feeding preferences flexibility on cattle.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Electric clipper 
• 70% EtOH. 
• Surgical cotton wool 
• Geigy cages containing tsetse flies 
 
Procedure 
1. Animals must be off spray fourteen days prior to use. 
2. Each animal is restrained in a head restraint. 
3. The flanks are shaved with electric clippers, and then sterilized with 70% ethanol on sterile surgical 
cotton wool.  
4. Tsetse held usually in Geigy cages are placed on the shaved area of the animal, secured by 
restraining straps and covered with a black cloth.  
5. Female tsetse are allowed to feed for 10 minutes whilst males are allowed to feed for 5 minutes 
daily.  
6. Tsetse flies in the production colonies are fed every day except weekends for 90 days. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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4.39 Trypanosome – Definitions of end points for infection 
Title: Definition of the End Points for 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the definition of the end points for Trypanosome Infections in Cattle. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PCV  Packed Cell Volume 
• CNS  Central Nervous System 
Scope 
• Criteria to be used for termination of trypanosome infections in cattle. 
• Two criteria that should be used are: 
1. PCV values 
2. Clinical assessment 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
The application of PCV values and clinical assessment to experimental trypanosome infections in livestock 
should be carried out as follows: 
1) Infections with standard populations of T. congolense, T. vivax and T. brucei (i.e., populations that do not 
produce a haemorrhagic syndrome and that do not invade the CNS) in cattle with less than 50% 
N’Dama genes: 
 
a) When PCV values are greater than 15% the PCV should be determined at least twice a week in 
all animals. Similarly, all such animals should be examined at least twice a week by a veterinarian 
(preferably the PI). The PI must be involved in the process. 
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b) When PCV values are 13-15% the PCV should be determined at least three times a week in all 
animals. All such animals should be examined daily by a veterinarian (preferably the PI). The PI 
must be involved in the process. 
c) When PCV values are less than or equal to 12% experimental work with any such animal should 
be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
d) Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
 
2) Infections with standard populations of T. congolense, T. vivax and T. brucei in cattle carrying 50% or 
more N’Dama genes: 
a) When PCV values are greater than 15% the PCV should be determined at least once a week in all 
animals. All such animals should be examined at least twice a week by a veterinarian (preferably 
the PI). The PI must be involved in the process. 
b) When PCV values are 12-15% the PCV should be determined at least twice a week in all animals. 
All such animals should be examined three times a week by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
c) When PCV values are less than 12% experimental work with any such animal should be terminated 
as per SOPs for treatment of trypanosome infections or euthanasia. 
d) Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
3) Infections with haemorrhagic T. vivax: 
a) From day 1 of infection the PCV of all animals should be determined at least twice a week. 
Similarly, all the animals should be examined at least three times a week by a veterinarian 
(preferably the PI). 
b) Once an animal is detected parasitaemic the PCV should be determined at least three times a 
week. Similarly, all such animals should be examined daily by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
c) When a PCV value is 13-20% this parameter should be determined daily in all such animals. 
Similarly, all animals with PCV values in this range should be examined daily by a veterinarian 
(preferably the PI). The PI must be involved in the process. 
d) When a PCV values is less than or equal to 12% experimental work with any such animal should 
be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
e) Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
Note: For daily collection of small volumes of blood it may be preferable to use ear veins. 
 
1) Trypanosome infections with CNS involvement: 
a) Once CNS signs have developed in an animal it should be examined daily by a veterinarian. 
b) Upon development of CNS signs an animal should remain on experiment for a maximum of 7 
days if such signs are continually exhibited. Thereafter the animal should be euthanized (see 
SOPs). 
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c) Any animal with CNS signs should be euthanized immediately (see SOPs) if: 
i. recumbent 
ii. head pressing for more than 24 hours 
iii. development of aggressive behaviour 
iv. any clinical signs indicative of distress 
 
Quality controls 
• Designated technicians trained in observation. 




• Stijlemans B, Guilliams M, Raes G, Beschin A, Magez S, et al. (2007) African trypanosomosis: 
from immune escape and immunopathology to immune intervention. Vet Parasitol 148: 3–13.  
Additional 
• When institute vet not available technicians should contact PI 
Registered users 
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4.40 Collection of ruminal sample 
Objective: To collect a sample for laboratory analysis. 
Alternatives to animal use: Nil 
Details of procedure: Restrain the animal in a crush or head bail. The sample is collected using a 
stomach tube passed down through the mouth. Before commencing the procedure, measure the length 
of tube required to be passed, to ensure that the tube will rest in the rumen. 
Mouth - position a dental gag or a probang gag to allow the tube to be passed without damage from the 
teeth. Feed the tube gently but firmly over the base of the tongue (or through the probang gag) and pass 
the tube into the esophagus to a depth of 180 or 200 cm for ruminal fluid collection at  2  h  after  morning  
feeding  . Aspirate with a modified 60 ml needle to stimulate spontaneous efflux. The first 150 ml is 
discarded to avoid saliva contamination. 150 ml of the ruminal fluid is collected in a beaker for analysis 
Drugs, chemicals or biological agents: Nil in docile animals; Xyazine at a dosage of 0.05 mg/kg 
Impact of procedure on wellbeing of animal(s): Procedure is well tolerated. 
Reuse and repeated use: Animals should be used for one demonstration only. For research purposes, 
animals may be sampled twice daily. 
Care of animal(s) during/after procedure: Observation 
Pain relief measures: None required 
Qualifications, experience skills or training necessary to perform this procedure: 
Understanding of the anatomy of cattle, experience in restraint of cattle. 
References 
• https://www.dpi.nsw.gov.au/animals-and-livestock/animal-welfare/research-teaching/policies-and-
guidelines/sop/cattle/health/ruminal-fluid-collection   
• Duffield, T., J. C. Plaizier, A. Fairfield, R. Bagg, G. Vessie, P. Dick, J. Wilson, J. Aramini, and B. 
McBride. 2004. Comparison of techniques for measurement of rumen pH in lactating dairy cows.  
J. Dairy Sci.  87:59–66 
• J. S. Shen, Z. Chai, L. J. Song, J. X. Liu, Y. M. Wu (2012). Insertion depth of oral stomach tubes 
may affect the fermentation parameters of ruminal fluid collected in dairy cows. J Dairy Sci. 2012 
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4.41 Hand milking of cattle  
This SOP is to guide the users in milking cattle by hand. Milking is to be carried out at 6 am in the morning 
and at 3 pm in the afternoon every day. 
 
Procedure 
1. Restrain the animal by putting in a crush and tying the hind legs together with the tail to avoid 
contamination of milk during milking. 
2. Wash the teats with warm water then use a clean dry towel to dry them. 
3. Apply milking valve if the teats are too dry. 
4. Check for mastitis using a stripe cup in all the teats. If any of the animal is positive, milk the animal 
last. Start with the healthy teats and milk the sick teats last. 
5. Milk the animal by squeezing the teats into a clean mazzican. Stripe the treats gently at the end to 
ensure complete emptying of the udder. Close the mazzican and store the milk in a fridge   
6. Apply teat dip to all the teats at the end of milking. 
7. Release the animal back to the pens and provide it with some feed so that the animal continues 
standing for some time to allow for teat orifices to close before the animal lies down.  
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5.Eland 
5.1 Jugular vein blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the jugular vein of eland. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from eland is necessary for a wide range of scientific research.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• Lorazepam (2.0 mg/kg  
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder  
• evacuated blood collection tube  
• 14-18G sterile, unused, Luer fitting needle  
• syringe  
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sharps container 
 
Procedure 
1. The animal must be sedated. 
2. The animal is restrained and the head is turned 90 degrees from the line of the body and the nose 
tilted upwards by 30 degrees.  
3. Clean the site and swab with 70% EtOH. 
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4. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck. With the head in the correct position, the jugular vein should be seen filling, running 
towards the angle of the jaw. If in doubt tap the site with a finger; a wave of blood should be seen 
when the distended vein is tapped. If the vein still cannot be visualized, try to reposition the head. 
5. The needle is pushed sharply through the skin and the wall of the vein at an angle of 30 degrees, 
in line with the vein. The vein is just under the skin so the needle should not penetrate more than 
2 cm. When the evacuated tube is pushed onto the vacutainer needle or the plunger of the syringe 
is withdrawn, blood should be seen filling the tube or syringe. If there is no blood flow the needle 
is repositioned to puncture the vein without coming out of the skin.  
6. Prior to removal of the needle pressure on the jugular furrow is withdrawn 
7. The minimum amount of blood that is required should be taken. Excessive amounts of blood taken 
frequently can affect the P.C.V. particularly in smaller animals. The maximum volume of blood that 
should be taken from any animal is 8 ml/kg body wt. or 6 to 8% of the total blood volume once 
every 14 days. No more than this may be taken in any three-month period. Animals that do have 
this maximum amount removed must be in good health and body condition. 
8. Dispose of needle and syringes used in sharps container. 
 
Quality controls 




• Amresh Kumar, Ashok Kumar, Sukhbir Singh and Sandeep Potilya. (2016). Evaluation of 
Lorazepam as a Sedative in Buffalo Calves. Haryana Vet. (June, 2016) 55 (1), 53-55. 
• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
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5.2 Tail vein blood collection 
Title: Tail Vein (median coccygeal) Blood 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the tail vein of eland. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from eland is necessary for a wide range of scientific research. This method 
is useful for mature males or where handling facilities do not allow easy access to the neck. It can 
only be used for animals greater than 250 kgs and for blood samples less than 10 ml. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal in the race or crush. Standing behind a cow please be aware that they could 
kick at any time. 
Equipment and materials 
• 70% EtOH 
• race or crush for animal to be restrained 
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder 
• evacuated blood collection  
• sharps bin 
 
Procedure 
1) Have the animal placed in a race or crush with a bar behind to stop it reversing. ALWAYS BE 
AWARE WHEN STANDING BEHIND A COW THAT IT CAN KICK AT ANY TIME. 
2) Raise the tail and clean the underside of the tail with 70% EtOH. 
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3) The vein runs midline, just under the skin in a medial groove on the underside of the tail.  
4) The needle is pushed through the skin over this groove at a 90-degree angle.  
5) When the needle is felt touching the bone of the coccygeal vertebrae, it is withdrawn slightly.  
6) The needle will not penetrate more than 1 cm. When the needle is in position push the evacuated 
tube onto the needle.  
7) Blood should flow, if not, the needle should be repositioned without withdrawal from the skin. 
8) No more than 10ml of blood should be collected. 
9) Once blood is collected dispose of needle in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23Any 
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5.3 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of animals using chemical means - an overdose of Euthatal: 
Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases, it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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5.4 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
ILRI animal care and use manual 





• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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5.5 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the neck.  
3. The neck muscle should be the muscle of choice in cattle, sheep and goats that are subsequently 
going for meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. For small laboratory animals any muscle of suitable size can be used. 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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5.6 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections in eland. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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6.Goat 
6.1 Ear vein for blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the ear vein of a goat. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from goats is necessary for a wide range of scientific research. There several 
veins on the outside of the ear making this an ideal area for blood collection. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a safe and humane 
manner. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
Equipment and materials 
• 20 G needle.  
• 5ml syringe. 
• 70% EtOH. 
• Falcon tube 
• Sharps container 
 
Procedure 
1. Restraint the animal. Small goats can be held, but larger goats need to be restrained. 
2. Swab the ear with 70% EtOH. 
3. Identify a large vein on the outer surface of the ear. 
4. Apply digital pressure downstream from the collection site to occlude the vein. 
5. Insert the needle into the vein at a shallow angle, in line with the vein. 
6. Gently withdraw the plunger of the syringe.  
7. If the vein collapses, release the pressure on the plunger until the vein refills, then try again. 5 ml 
is the maximum amount that may be collected. 
8. Transfer collected blood into falcon tube. 
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9. Dispose of needle and syringe used in sharps container 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 






Date:   Name:     Signature: 
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6.2 Blood smear collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to collect blood in goat for a blood smear. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
Scope 
• Blood collection in goats is necessary for a wide range of scientific research.  Blood smears can 
be used for microscopy to quickly diagnose haematological problems or the presence of 
parasites in the blood.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 22G needle 
• glass slides 
• sterile swab 
• sharps container  
Procedure 
1. Goats are restrained in a crush or manually. 
2. An ear vein is punctured with a fine (22G) sterile needle. 
3. A drop of blood is allowed to fall on a slide and a smear made.  
4. Use a sterile swab to swab gently or apply pressure if bleeding continues.  
5. Dispose of needle used in sharps container. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• OIE. 1997. Manual of standards for diagnostic tests and vaccines. Third edition, 1996. Office 
International des Epizooties (World Organization for Animal Health), Paris. 723 pp. (ISBN 92-
9044-423-1). (updated periodically) 
• https://ahdc.vet.cornell.edu/Sects/ClinPath/sample/test/hema.cfm 
• Martini, Frederic, and Bartholomew, Edwin. Essentials of Anatomy and Physiology. Upper Saddle 
River, New Jersey: Prentice Hall, 1997.  
• Roitt, Brostoff and Male. Immunology Fifth Edition. London: Mosby, 1998.  
• Schindler, Lydia. Understanding the Immune System. National Institute of Heath Publication, 88- 
529, 1988.  
• Towle, Albert. Modern Biology. Austin: Holt, Rinehart and Winston, 1991.  
• Voyich, Jovanka and DeLeo, Frank. Host-pathogen interactions: leukocyte phagocytosis and 
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6.3 Vein blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the jugular vein of goat. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from goats is necessary for a wide range of scientific research.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder  
• evacuated blood collection tube  
• 14-18G sterile, unused, Luer fitting needle  
• syringe  
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sharps container 
 
Procedure 
1. Restraint – Restraint of the animal most easily achieved by backing the animal into a corner and 
standing astride the shoulders.  The animals head is turned 90 degrees from the line of the body 
and the nose tilted upwards by 30 degrees and is held this way using both hands. Clean the site 
and swab with 70% EtOH 
2. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck. With the head in the correct position, the jugular vein should be seen filling, running 
towards the angle of the jaw, this is around 1 cm in diameter. If in doubt tap the site with a finger; 
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a wave of blood should be seen when the distended vein is tapped. If the vein still cannot be 
visualized, try to reposition the head. 
3. The needle is pushed sharply through the skin and the wall of the vein at an angle of 30 degrees, 
in line with the vein. The vein is just under the skin so the needle should not penetrate more than 
2 cm. When the evacuated tube is pushed onto the vacutainer needle or the plunger of the syringe 
is withdrawn, blood should be seen filling the tube or syringe. If there is no blood flow the needle 
is repositioned to puncture the vein without coming out of the skin.  
4. Prior to removal of the needle pressure on the jugular furrow is withdrawn 
5. The minimum amount of blood that is required should be taken. Excessive amounts of blood taken 
frequently can affect the P.C.V. particularly in smaller animals. The maximum volume of blood that 
should be taken from any animal is 8 ml/kg body wt. or 6 to 8% of the total blood volume once 
every 14 days. No more than this may be taken in any three-month period. Animals that do have 
this maximum amount removed must be in good health and body condition. 
6. Dispose of needle and syringes used in sharps container. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 






Date:   Name:     Signature: 
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6.4 CSF collection 
Title: Cerebrospinal Fluid collection by 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting cerebrospinal fluid (CSF) by cannulation in goats. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
• CSF  Cerebrospinal fluid 
Scope 
• The cerebrospinal pathway comprises the ventricles of the brain, the central canal of the spinal 
cord, the subarachnoid space and perivascular extensions of this space. Contained within this 
pathway is cerebrospinal fluid (CSF), which has the function of protecting, nourishing and 
maintaining the homeostasis of the brain and spinal cord. Single or repeated sampling of CSF can 
be achieved through a puncture made into the cerebral ventricles, or at one of two levels of the 
subarachnoid space; the cisterna magna, or in the lumbar region at a point beyond the termination 
of the spinal cord. In the absence of adequate restraint, or when a faulty technique is employed, 
the nervous system may be traumatized and also may result in contamination of CSF by blood 
cells. 
• The following technique has been developed for repeated sampling of cerebrospinal fluid from 
conscious goats by means of a catheter placed surgically in the subarachnoid space between the 
sixth and seventh lumbar vertebrae. Uncontaminated cerebrospinal fluid in excess of 1.0 ml can 
be obtained readily from the cannulated goats several times daily for up to 6 weeks. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and collector. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• gloves 
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• Cannulation apparatus: The epidural apparatus used is the Minipack which comprises of a 10.5 cm 
long 18 G Tuohy needle (outer diameter 1.3 mm, inner diameter 1.0 mm) with graduations at the 
3, 5 and 7 cm levels. The lumen of the needle is guarded by a plastic probe. A detachable plastic 
wing for ease of handling of the needle during operation is also supplied. The catheter is 90 cm 
long, nylon (outer diameter 0.9 mm), and open only at one of its two ends. The closed end, 
marked with 3 lateral ‘eyes’, is used for catheterization of the subarachnoid space between the 
sixth and seventh lumbar vertebrae. The pack also includes a transparent tube for guiding the 
catheter into the needle, and a Luer lock connector consisting of upper and lower halves. The 
lumen of the lower half of the connector is guarded by an insert tube and a cover is included for 
closing the upper half of the connector. 
• 2% Xylazine 
• 5% thiopentone sodium solution 
• size 8 endotracheal tube 
• anaesthetic machine - oxygen-methoxyfluorane-halothane mixture in a semi-closed system 
• 1% savlon solution 




• 1ml syringe 
• Elastoplast 
• silk 2O sutures 




1. Goats are starved for 24 hours prior to beginning the surgical procedure.  
2. A rectangular area (40 cm × 15 cm) is then clipped and shaved in the lumbosacral region, with the 
animal in the standing position. The shaved area includes the areas immediately cranial and caudal 
to the median sacral crest and the tubera coxae. The longitudinal axis along the lumbosacral spine 
region is then marked with a straight interrupted line, using a marker pen. Subsequent to 
anaesthesia and placement of the animal in left lateral recumbency, the line aids in placement of 
the skin in its normal position in relation to the spinal longitudinal axis. 
3. Routinely, each goat is given 0.2 ml of 2.0% xylazine intravenously to ease induction of anaesthesia. 
Following premedication, the goat is then placed in left lateral recumbency on the surgical table, 
then anaesthetized using a 5% solution of thiopentone sodium administered dose-to-effect via the 
right jugular vein. Immediately after induction of anaesthesia the goat is then intubated with a size 
8 endotracheal tube. After connection to an anaesthetic machine, goats are maintained in surgical 
anaesthesia using an oxygen-methoxyfluorane-halothane mixture in a semi-closed system. The 
four legs of the animals are then tied together to ensure the spinal column is in a convex position. 
Thereafter, the shaved area of skin above the sixth and seventh lumbar vertebrae is washed with 
a 1% solution of Savlon and cleaned with a cotton swab. Sterile drapes are then clipped to the 




1. Immediately prior to surgery, the epidural Minipack is unpacked and the different parts identified 
and assembled. A 5mm long incision is then made into the skin overlying the subarachnoid space 
between the sixth and seventh lumbar vertebrae. The Tuohy needle, containing the lumen guard, 
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is then inserted into the incision with the curved end orientated in a cranial direction. The winged 
outer end of the needle is then used to slowly advance the needle in a ventral direction through 
the tissues. When the 3cm mark on the needle is at the level of the skin incision, the probe 
guarding the lumen of the needle is withdrawn. Gradually, the needle is advanced deeper until 
access into the subarachnoid space is achieved. If anaesthesia is not sufficiently deep, entry into 
the space is accompanied by short-lasting opisthotonos. The appearance of clear normal CSF at 
the outer end of the needle indicates a successful cannulation. Immediately after appearance of 
the fluid, the catheter is inserted rapidly through the needle into the subarachnoid space. Care is 
taken to ensure that the correct end of the catheter is used for the catheterization. After 
approximately 7 cm of the catheter has been introduced into the space, the needle is carefully 
withdrawn, leaving the catheter in place. A pair of scissors is then used to cut off the excess 
portion of the catheter so that approximately 8 cm remains outside the incision site. The outer 
tip of the catheter is then positioned in the connector assembly, to a level just above the stop 
washer in the connector's lumen. The upper and lower halves of the connector are then twisted 
securely, but not too tightly, to fasten the catheter. At this stage, a sterile 1.0 ml syringe is used 
to obtain a reference CSF sample. The white screw-cover is then used to close the outer end of 
the upper half of the connector. 
2. In order that the catheter is not accidentally pulled or damaged by the goat when conscious, a 
rectangular sheet of Elastoplast measuring approximately 8 × 6 cm, is placed on the shaved skin, 
immediately cranial to the cannula insertion site. The connector is then placed on the Elastoplast 
in a cranial orientation, and another, but shorter (6 × 4 cm), piece of Elastoplast used to affix the 
connector to the underlying Elastoplast. The two sheets of Elastoplast are then jointly sutured to 
the skin area using approximately six silk 2O sutures. In this way, the connector is fixed semi-
rigidly in position. 
3. For each goat, the total time taken for the entire cannulation procedure usually varies between 
30 and 60 min. At completion of the procedure, each goat is treated intramuscularly with 
oxytetracycline at a dose of 20 mg/kg body weight. An oxytetracycline spray is also applied to the 
incision area. Generally, following some degree of ataxia, goats are able to stand and resume 
feeding within one hour of the operation. Thereafter, the animals can be housed communally. 
Goats do not interfere with each other's catheter assembly, presumably because the associated 
irritation causes animals to move away from each other. 
 
Sampling procedure for collection of CSF 
1. Sampling is carried out with the aid of an assistant restraining the goat in a standing position. The 
operator's hands are cleaned with a solution of 70% alcohol, before removal of the connector 
cover. Using a sterile 1.0 ml syringe tightly fitted to the mouth of the connector, the desired 
volume of CSF is then gradually aspirated. When the flow of CSF is compromised, infusion of 0.2 
ml of 200 iu/ml of heparin solution in sterile distilled water at 27 C into the catheter is usually 
found to restore the flow. At completion of the sampling, the connector cover is returned into 
position, but without over tightening. 
 
Removal of the cannula 
1. At the termination of an experiment, goats are given 0.2 ml of 2.0% xylazine i.v. 3.5 min prior to 
the removal of the cannula. With the goat restrained in a standing position, the cannula is then 
removed from the intervertebral space by a single rapid movement. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• Peregrine, A.S. and Mamman, M. 1994 A simple method for repeated sampling of lumber 
cerebrospinal fluid in goats. Laboratory Animals 28:361369. 
 
Additional 
• Although the above technique has not been applied to other animal species, there is no reason 
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6.5 Euthanasia by captive bolt 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of goats by captive bolt. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• A captive bolt pistol may be used for pre-stunning these animals whether for euthanasia or where 
the meat may be salvaged after exsanguination.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
• Only trained licensed experts can undertake the use of the captive bolt pistol.  
Equipment and materials 
• Restraint  
• Captive bolt pistol. 
• Sharp instrument.  
 
Procedure 
• The animal must be suitably restrained. 
• Captive bolt pistol is used to pre-stun the animal. 
• Following shooting with this instrument, the major blood vessels and spinal column should be 
severed and the animal exsanguinated. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 




Date:   Name:     Signature: 
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6.6 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
This describes the process of euthanasia of animals using chemical means - an overdose of Euthatal: 
Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1.Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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6.7 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on goats. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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6.8 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the 
neck.  
3. The neck muscle should be the muscle of choice in cattle, sheep and goats that are 
subsequently going for meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. For small laboratoryanimals any muscle of suitable size can be used. 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been 
penetrated.  
8. Then inject substance slowly. 
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9. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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6.9 Intravenous injections into the jugular vein 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intravenous injections in the jugular vein of Goats. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intravenous injection is injection of a substance into the veins of an animal. Injection into the 
jugular vein is the fastest way a substance can be delivered throughout the body. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animal must be restrained appropriately for the species and size of the animal. 
2. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck.  
3. With the head turned 90 degrees and held slightly upwards, the jugular vein should be seen filling, 
running towards the angle of the jaw. In adult cattle it can be 3 cm in diameter, in small calves and 
adult goats and sheep it is around 1 cm in diameter.  
4. If in doubt tap the site with a finger; a wave of blood should be seen when the distended vein is 
tapped. If the vein still cannot be visualized try to reposition the head. 
5. The needle should be pushed sharply through the skin and the wall of the vein at an angle of 30 
degrees, in line with the vein.  
6. The vein is just under the skin so the needle should not penetrate more than 2 cm.  
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7. Blood is withdrawn to ensure the needle is in the vein, then the material is injected slowly into 
the vein. 
8. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  




Date:   Name:     Signature: 
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6.10 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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6.11 Intraperitoneal Injections into kid goats 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intraperitoneal injections in lambs or kid goats. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intraperitoneal injection is injection of a substance into the peritoneum (body cavity). This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The injection site is: Ventral abdomen, midline, just caudal to the xiphoid cartilage.  
2. The animal should be held vertically so that the abdominal contents sink. 
3. The needle is pushed through the skin and muscle and can be felt entering the abdomen.  
4. Withdraw plunger of syringe before injecting to ensure no abdominal organ (liver, stomach) is 
penetrated. 
5. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• L. R. Hurter (1987). A Preliminary Investigation into the Efficacy of Intraperitoneal Vaccination of 
Sheep and Goat Kids against Heartwater. Onderstepoon J. Vet. Res., 54,507-508 (1987) 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  




Date:   Name:     Signature: 
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6.12 Lymph node biopsy (smears) 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing lymph node biopsy in goat. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• The purpose of lymph node biopsy provides for early detection and diagnosis of infection in goats.  
• In goat the site used for this procedure is Parotid, pre-scapular or pre-femoral lymph node. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 20G needle 
• Syringe 
• Microscope slide 
• Gloves 
• Sharps bin 
 
Procedure 
1. The site must be clean and aseptic technique adhered to.  
2. The lymph node is immobilized between thumb and forefinger of one hand and a 20G needle is 
pushed into the centre of the lymph node with the other hand.  
3. The plunger of the syringe is withdrawn until a small volume of lymph is seen in the hub of the 
needle.  
4. The needle is removed and the sample is deposited on a microscope slide and a smear is made.  
5. If the sample is frank blood, repeat the procedure with a new needle. 
6. Dispose of needle and syringe in sharps bin. 
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• A skilled operator must perform this procedure. 




• Vermunt, Jos (2011) Surgical diagnostic procedures in cattle: an overview. In: Proceedings of 3rd 
International Symposium of Veterinary Surgery and 9th Iranian Symposium of Veterinary Surgery, 
Anesthesiology and Radiology, pp. 193-198. From: 3rd International Symposium of Veterinary 
Surgery and 9th Iranian Symposium of Veterinary Surgery, Anesthesiology and Radiology, 25 - 28 
April 2011, Kish Island, Iran. 
• M. H. G. M. van der Pas • G. A. M. S. van Dongen • F. Cailler • A. Pelegrin • W. J. H. J. Meijerink 
(2010). Sentinel node procedure of the sigmoid using indocyanine green: feasibility study in a goat 
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6.13 Skin biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing skin biopsy in goat. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Skin biopsy in goats is most commonly used in veterinary dermatology rather than in other 
specializations. The most common indication is to diagnose or exclude cutaneous malignancies. 
Properly performed, it may confirm a diagnosis and provide definitive treatment for a number of 
skin conditions yielding a sample of skin for histopathological or other investigation… 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• gloves 
• savlon 
• thiopentone sodium solution 
• scalpel blade and holder 
• non-absorbable sutures 
• prophylactic antibiotic (pen/trep) 
• ear punch 
• topical antibiotics 
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Procedure 
Flank or neck biopsy site: 
1. The animal must be starved for at least 24 hours and water withheld for 12 hours prior to 
surgery. The site to be incised is clipped and scrubbed with a dilute savlon solution. 70% 
ethanol is then applied. Thiopentone sodium solution (thiopentone 1gm/100 kg) is 
administered intravenously at a dose rate of 1 g per 100 kg bodyweight. This should give 
around 10 minutes anaesthesia. 
2. Strict aseptic technique must be adhered to throughout the operation. An elliptical incision is 
made through the skin, around the site to be biopsied. The piece of skin is removed, only the 
minimum amount of skin required must be taken. The wound is closed using simple, 
interrupted, non-absorbable sutures. Prophylactic antibiotic (pen/strep) is administered. 
3. Skin sutures are removed after at least 10 days. 
 
Ear biopsy 
1. A biopsy can be taken from the ear of cattle using an ear punch. The site must be cleaned 
with 70% ethanol prior to the punching. Care must be taken to avoid the major blood vessels 
in the ear. Topical antibiotic must be administered post-operatively. 
 
Flank or neck 
2. Small biopsies can be taken using a 6 mm diameter, disposable, sterile, biopsy punch. (Stiefel 
Laboratories U.K). The skin is clipped and scrubbed with savlon solution and the punch pushed 
through the skin. The biopsy remains in the punch when it is removed. Topical antibiotic is 
applied to the site. 
 
Skin snips 
• It involves the removal of some skin from an inflamed area, placing the skin snip into saline to 




• A skilled operator must perform this procedure. 




• Mersha Chanie (2011) Clinical and Histopathological Study of Sheep Pox in Ethiopia, International 
Journal of Natural Sciences (2011), 1(4):89-92 
• Alaa. A. El-Kholy et al., (2008). Polymerase chain reaction for rapid diagnosis of a recent lumpy 
skin disease virus incursion to Egypt, Arab J. Biotech., Vol. 11, No. (2) July (2008): 293-302. 
• M. Parthiban et al., (2005). Comparative sequence analysis of diagnostic PCR amplicons from 
Indian Sheeppox virus, VETERINARSKI ARHIV 75 (3), 203-209, 2005 
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• Maddocks, I.G. and Jackson, N. (1988) Structural Studies of Sheep, Cattle and Goat Skin CSIHO, 
Blacktown. Anon (1992), The CSIRO Div. of Animal Production and Div. of Animal Health, 
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6.14 Castration 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing castrations on male goats. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
Scope 
• The purpose of this procedure is to castrate the male animal so that the functioning of the testicles 
is stopped. This prevents the production of male hormones and the animal is unable to reproduce. 
• This method involves cutting off the blood supply to the testicles with a heavy-duty rubber band 
or ring.. 
• The scrotum and testes will fall off in two to 4 weeks, depending on the size of the testicles. This 
method is most effective for young animals whose scrotal tissues have not yet become well 
developed, preferably while they are 7 to 10 days of age and definitely before 6 weeks old. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• An Elastrator 70% EtOH 
• Clean animal handling facilities (roofed recovery pens) 
• Gloves 
• Savlon 
• Heavy-duty rubber band 
• Antibiotic spray 
• sharps container 
 
Procedure 
1. The animal is physically restrained while standing. 
2. Strict aseptic technique must be adhered to throughout the operation.  
3. The scrotum is scrubbed with dilute Savlon solution. 
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4. Use elastic rings purchased within the last 12 months to avoid breakage and assure a tight fit. The 
rings must be strong enough to cut off blood flow in the arteries as well as the veins. If not, the 
scrotum will swell.  
5. Pull both testicles into the scrotum. A muscle attached to each testicle will be pulling against you.  
6. Place the rubber band on the elastrator. Hold the elastrator with the prongs facing up. Close the 
handles to open the band.  
7. With the calf standing and both testicles in the scrotum, stretch the ring open and slip 
the open band up over the scrotum. Release the band just above the top of the testicles 
(~0.5 cm), not at the base of the scrotum. 
8. Check to be sure both testicles are still in the tip of the scrotum and that the ring is 
placed properly. If not, cut the ring with scissors and start again. 
9. Remove the elastrator from under the band. 
 
Quality controls 
• When using the Elastrator please follow manufacturers infections. 
• A skilled operator must perform this procedure. 





• Handbook of Livestock Management Techniques. R.A. Battablia and V.B. Mayrose. Macmillan 
Publishing Company. 1981. p. 442-446.  
• Sheep and Goat Science 5th Edition. M.E. Ensminger and R.O. Parker. The Interstate. 1986. p. 
275- 276. 
• Your Goats: A Kid's Guide to Raising and Showing. G. Damerow. Storey Communications, Inc. 
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6.15 AdaptMap sample collection protocol 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to follow AdaptMap sample protocol for the collection of samples 
and data from goats. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• GPS  Global Positioning System 
• GIS  Geographic Information System   
• DNA  Deoxyribonucleic acid 
Scope 
• The sample and data collection allows for comprehensive collection of multiple types of data for 
genetic diversity studies. Genomic analysis, phenotypic and metaphysical data can be collected 
when following this method of collection. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the handler to wear the appropriate PPE when working with the animal. 
• It is the responsibility of the handler, when working with the animal, to perform all procedures 
on the animal with minimal stress to the animal, safely and humanely.  
 
Equipment and materials 
 
1. Digital photo:  
• Digital camera   
• GPS 
• Handler 
• Measuring tape 
• Tripod or camp stool 
• FAMACHA test equipment 
• Crayons for making goat measurements 
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2. Biological/physical samples/measures 
• Ear punch 
• Blood collection 
• Nasal swab 
• Hair collection 
 
3. Data sign (optional) 
• Sample card 
• Pen/pencils 
Procedure 
1. Digital photo 
a. Camera- digital, record pixel rating (model, etc.) of digital camera. Include GIS data if 
available in camera settings. 
b. ***IMPORTANT- Please document GIS (GPS coordinates) information for each sample if 
this data is not a part of your digital camera. 
c. Pose the goat with feet square below the body, naturally with no stress (pulling) on the 
handler if possible. These are goats that are not frequently handled, mostly not on station, 
so staying still will be an issue, so anticipate this and take remedial action. 
d. Fill in the attached data sign, and include in EACH photo (if possible, affix the sign to the 
goat itself, perpendicularly so the written data faces the camera, otherwise hold the sign 
sitting straight as possible on the goat’s backbone if possible for profile and rear shots, do 
your best for the front/face shots.) 
e. It is easier for the cards to have a string that can allow the card to be slipped on the goats 
neck. The card can also be held on a peg for the front pictures. Also masking tape can be 
affixed behind the card and stuck on the side of the goat for profile pictures. However, the 
whole system will be challenging to pull off with one having to move the card back and forth 
for the various shots.  
f. PHOTOS 
i. Using a tape measure, stand THREE METERS back from the goat with the goat 
perpendicular to the camera for the 3 main photos (profile, rear, and front). It is 
easier to have a wooden pole, 3m in length for this.  
ii. Use a tripod (fixed height) or camp stool if at all possible to minimize between 
photo variations.  
 
1. Profile Figure 1. (FULL BODY side shot) head facing LEFT (TRY not to 
obscure the lower jaw, Figure 1.) 
  
2. Rear  Figure 1. Profile Shot Figure 2. Profile Shot showing jaw 
ILRI animal care and use manual 







a. OPTIONAL: Face (2 close-ups) if possible 
i. Pull down lower eyelid exposing conjunctiva (Figure 5-7) 
ii. Pull down lower lip exposing teeth (Figure 8) 
 
 
Figure 3. Rear Shot 
Figure 4. Front Shot 
Figure 5. FAMACHA test 
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2. Biological/physical samples/measures 
1. DNA samples (in order of preference):  
• Ear punch 
• Blood Sample 
 
• Nasal swab 
• Hair sample, 
2. Size: To test the digital measures, actual measures of: 
i. Chest (Heart) girth (CG): (body circumference at the heart, just behind the elbows): 
a weighted scale should be used to ensure equal tension across all animals. 
ii. Height (HW):  front hoof to point of withers (top of shoulder blades) 
iii. Length (BL): point of shoulder to pin bone (pins=point bones on either side of anus) 
iv. Width of pin bones (PB): width between rear bones at either side of the anus 
Figure 6. FAMACHA test 
Figure 7. FAMACHA test 
Figure 8. Face shot, exposing teeth 
ILRI animal care and use manual 




3. Data sign (optional) 




d. Breed  
e. Sire 
f. Dam 
g. Birth Date 
h. Owner 
i. Distance of goat from camera, profile, and rear photos 
j. Sample Identification: A matching ID number needs to be used to associate the sample (for 
DNA extraction) to the photo and physical body measurements.  Therefore the same ID 
needs to be on each of these items.       
First SIX letters, country: first THREE letters, village/region/district: year: 3 digit sample 
number (example:  NIGERI:EZI:12:001) for the first sample taken in 2012 in Eziama, 




Figure 9. Chest girth, Height, Length Figure 10. Width of pin bones 
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Quality controls 
• A skilled operator must perform this procedure. 




• Ayalew, W., Peacock, C., Alemayehu, N., Reda, A. and Rey, B. 2000. The characterization of 
indigenous goat types of Ethiopia and Eritrea. In R. Blench and K. MacDonald, eds. The origins 
and development of African livestock: archaeology, linguistics and ethnography. pp. 280–289. 
London, University College London Press, Taylor and Francis Group 
• Drucker, A., Gomez, V. and Anderson, S. 2001. The economic valuation of farm animal genetic 
resources: a survey of available methods. Ecological Economics, 36(1): 1–18. 
• FAO. 2009. Preparation of national strategies and action plans for animal genetic resources. 
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6.16 Trypanosome – Feeding infected tsetse flies on uninfected animals 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting goats with trypanosomes by having Trypanosome 
infected tsetse flies feeding from them. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• To explore the relationships between insect vector nutrition, immune function, microbiota and 
infection. 
• Trypanosomiasis is a disease affecting animals and humans and is transmitted by the tsetse fly feeds 
on the blood of animals and is the primary biological vector for trypanosome. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Head restraint 
• 70% EtOH 
• Animal clipper 
• Cotton wool 
• Geigy cages 
 
Procedure 
1) Goats must be off spray for at least two weeks prior to feeding of the flies.  
2) At least 40 days’ notice must be given to the Head of the Tsetse Vector Unit that flies are required 
to be fed on experimental animals. 
3) Goats are held in a head restraint. 
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4) The flanks are shaved with electric clippers and then sterilized with 70% ethanol on absorbent 
cotton wool.  
5) Individual tsetse infected with T. vivax, T. congolense or T. b. brucei, in a 8.5 × 2.5 cm tube with a 
cork at one end and netting at the feeding end is placed on predetermined site on the flank of the 
animal and allowed to engorge. 
6) Between 1 and 20 tsetse are thus used to infect or challenge each animal.  
7) The number of infected tsetse to be used and the site on the animal the tsetse are allowed to 
feed can alter according to the experimental protocol. 
 
Quality controls 




• Geiger A et al (2015) Adult blood-feeding tsetse flies, trypanosomes, microbiota and the 
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6.17 Trypanosome – Infection by needle 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting goats with Trypanosomes using a needle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• To evaluate the potential for mechanical transmission to being a significant route of infection for 
Trypanosomosis infection? 
• Bloodstream-form trypanosomes are inoculated into goats intramuscularly, intravenously or 
subcutaneously, and occasionally intradermally. Metacyclic-form trypanosomes are usually 
administered either intravenously or subcutaneously. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• animal clipper 
• scalpel blade or razor 
• 25/26G needle 
• syringes 
• swab 
• 20-23G needle 
• PSG, pH8.0 
• 18-22G needle 
• 19-22G needle 
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1. A 1-1.5 cm needle of gauge 25/26 is used and inserted into the dermis in the flank region.  
2. An inoculation volume of approximately 0.1 ml is usually used.  
3. Prior to insertion of the needle the hair at the inoculation site is removed, first with clippers, and 
then with a scalpel blade or razor. 
Intramuscular inoculation:  
1. A 3 cm 20-23 gauge needle is used.  
2. Three capillaries of cryopreserved stabilate are thawed and diluted in 3 ml of the phosphate-
buffered saline glucose (PSG, pH 8.0) is used, and is administered slowly deep into the muscle of 
the thigh or neck. 
Intravenous inoculation: 
1. A 2-3 cm. needle of gauge 18-22 is inserted into the jugular vein.  
2. For inoculation into either the ear vein or tail vein a 3cm 20-23 gauge needle is used.  
3. Inoculation volumes are usually less than 5.0 ml. and must be administered slowly. 
Subcutaneous inoculation: 
1. A 2-3 cm. needle of gauge 19-22 is inserted into whatever subcutaneous site is suitable for the 
research purpose.  
2. The flank or lateral neck areas are used.  
3. Inoculation volumes are less than 2.0 ml. 
 
Quality controls 




• Adeiza AA, Maikai VA, Lawal AI. (2008) Comparative haematological changes in experimentally 
infected Savannah brown goats with Trypanosoma brucei and Trypanosoma vivax. Afr J 
Biotechnol.2008;7:2295–2298. 
• Batista JS, Correa FR, Barbosa RC, Guerra JL. (2006) Experimental infection by Trypanosoma 
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6.18 Trypanosome – Non-infected tsetse flies feeding on infected animals 
Title: Feeding non-infected tsetse flies on 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting tsetse flies with trypanosomes by them feeding on 
infected goats.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Understand the Role of the local skin reactions in induction of immunity to tsetse-transmitted 
trypanosome infections. Explore the survival and maturation of trypanosomes in tsetse flies. 
• Trypanosomiasis is a disease affecting animals and humans and is transmitted by the tsetse fly feeds 
on the blood of animals and is the primary biological vector for trypanosome. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Head restraint 
• 70% EtOH 
• Animal clipper 
• Cotton wool 
• Geigy cages 
 
Procedure 
1. Goats must be off spray for at least two weeks prior to feeding of the flies.  
2. At least 40 days’ notice must be given to the Head of the Tsetse Vector Unit that flies are required 
to be fed on experimental animals. 
3. Goats are held in a head restraint. 
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4. The flanks are shaved with electric clippers and then sterilized with 70% ethanol on absorbent 
cotton wool.  
5. Cages of tsetse flies (Geigy cages) are strapped onto the flanks of the animal, and the tsetse flies 
are allowed to feed for 10 minutes, after which other tsetse in cages are similarly fed on the same 
animal.  
6. Tsetse are fed on the same infected host every day, except weekends, for 25 days in the case of 
T. vivax and T. congolense and 30 days in the case of T. b. brucei infection. 
 
Quality controls 




• Naomi A. Dyer, Clair Rose, Nicholas O. Ejeh, Alvaro Acosta-Serrano, (2013) Flying tryps: 
survival and maturation of trypanosomes in tsetse flies. Trends in Parasitology. 
DOI: http://dx.doi.org/10.1016/j.pt.2013.02.003 
• Taiwo, V.O., Nantulya, V.M., Moloo, S.K. and Ikede, B.a., 1990. Role of the chancre in induction 
of immunity to tsetse-transmitted Trypanosoma (Nannomonas) congoiense in goats. Vet. 
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6.19 Trypansome – Tsetse flies feeding on animals without the vector present 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of tsetse flies feeding on goats without the vector present. 
Abbreviations 
• PPE  Personal Protective Equipment 
• EtOH   Ethanol 
Scope 
• To explore tsetse flies feeding preferences flexibility on the goat.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Electric clipper 
• 70% EtOH. 
• Surgical cotton wool 
• Geigy cages containing tsetse flies 
 
Procedure 
1. Animals must be off spray fourteen days prior to use. 
2. Each animal is restrained in a head restraint. 
3. The flanks are shaved with electric clippers, and then sterilized with 70% ethanol on sterile surgical 
cotton wool.  
4. Tsetse held usually in Geigy cages are placed on the shaved area of the animal, secured by 
restraining straps and covered with a black cloth.  
5. Female tsetse are allowed to feed for 10 minutes whilst males are allowed to feed for 5 minutes 
daily.  
6. Tsetse flies in the production colonies are fed every day except weekends for 90 days. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• Geiger A et al (2015) Adult blood-feeding tsetse flies, trypanosomes, microbiota and the 











ILRI animal care and use manual 
Page 190 of 392 
 
6.20 Trypanosome – Definition of end point for infection 
Title: Definition of the End Points for 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the definition of the end points for Trypanosome Infections in Goats and Sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PCV  Packed Cell Volume 
• CNS  Central Nervous System 
Scope 
• Criteria to be used for termination of trypanosome infections in goats and sheep. 
• Two criteria that should be used are: 
1) PCV values 
2) Clinical assessment 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
The application of PCV values and clinical assessment to experimental trypanosome infections in livestock 
should be carried out as follows: 
1. Infections with standard populations of T. congolense, T. vivax and T. brucei (i.e., populations that 
do not produce a haemorrhagic syndrome and that do not invade the CNS) in goats and sheep 
with less than 50% N’Dama genes: 
 
• When PCV values are greater than 15% the PCV should be determined at least twice a week 
in all animals. Similarly, all such animals should be examined at least twice a week by a 
veterinarian (preferably the PI). The PI must be involved in the process. 
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• When PCV values are 13-15% the PCV should be determined at least three times a week in 
all animals. All such animals should be examined daily by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
• When PCV values are less than or equal to 12% experimental work with any such animal 
should be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
• Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
 
2. Infections with standard populations of T. congolense, T. vivax and T. brucei in goats and sheep 
carrying 50% or more N’Dama genes: 
• When PCV values are greater than 15% the PCV should be determined at least once a week 
in all animals. All such animals should be examined at least twice a week by a veterinarian 
(preferably the PI). The PI must be involved in the process. 
• When PCV values are 12-15% the PCV should be determined at least twice a week in all 
animals. All such animals should be examined three times a week by a veterinarian (preferably 
the PI). The PI must be involved in the process. 
• When PCV values are less than 12% experimental work with any such animal should be 
terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
• Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
 
3. Infections with haemorrhagic T. vivax: 
• From day 1 of infection the PCV of all animals should be determined at least twice a week. 
Similarly, all the animals should be examined at least three times a week by a veterinarian 
(preferably the PI). 
• Once an animal is detected parasitaemic the PCV should be determined at least three times 
a week. Similarly, all such animals should be examined daily by a veterinarian (preferably the 
PI). The PI must be involved in the process. 
• When a PCV value is 13-20% this parameter should be determined daily in all such animals. 
Similarly, all animals with PCV values in this range should be examined daily by a veterinarian 
(preferably the PI). The PI must be involved in the process. 
• When a PCV values is less than or equal to 12% experimental work with any such animal 
should be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
• Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
Note: For daily collection of small volumes of blood it may be preferable to use ear veins. 
 
4. Trypanosome infections with CNS involvement: 
• Once CNS signs have developed in an animal it should be examined daily by a veterinarian. 
• Upon development of CNS signs an animal should remain on experiment for a maximum of 7 
days if such signs are continually exhibited. Thereafter the animal should be euthanized (see 
SOPs). 
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• Any animal with CNS signs should be euthanized immediately (see SOPs) if: 
i. recumbent 
ii. head pressing for more than 24 hours 
iii. development of aggressive behaviour 
iv. any clinical signs indicative of distress 
 
Quality controls 
• Designated technicians trained in observation. 




• Stijlemans B, Guilliams M, Raes G, Beschin A, Magez S, et al. 2007.African trypanosomosis: from 
immune escape and immunopathology to immune intervention. Vet Parasitol 148: 3–13.  
• S. Biryomumaisho et al. 2003. Serum biochemical changes in experimental Trypanosoma 




• When institute vet not available technicians should contact PI 
Registered users 
 
Date:   Name:     Signature: 
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6.21 Collection of faecal samples 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting faecal samples from goats. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• Collection of faecal samples is important for provision of positive evidence that an animal is 
infected but does not indicate the degree of infection and will have something to do with 
nematode larva.  
• The failure to demonstrate eggs or larvae does not necessarily mean that no parasites are 
present; they may be present in an immature stage or the test used may not be sufficiently 
sensitive. 
There is generally no correlation between the numbers of eggs/larvae per gram of faeces and the number 
of adult nematodes present in cattle. An exception to this may occur in a primary infection in young 
grazing animals during their first exposure.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Gloves 
• Lubrication 
• Polythene bag or suitable container 
Procedure 
1. Faecal samples are preferably collected from the rectum and examined fresh.  
2. Insert the forefinger of your gloved hand into the rectum and hook out the faeces.  
3. The glove can be turned inside out to act as the receptacle.   
4. Lubrication is required.  
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5. Alternatively, the faeces are transferred into a polythene bag of about 5 cm x 8 cm or into any 
other suitable container.  
6. Label the sample with the animal’s tag number. 
7. Note: About 5 g of faeces should be collected.  If examination is not possible on the day of 
sampling, the samples must be stored in a refrigerator since nematode eggs embryonate rapidly. 
Quality controls 
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7.Guinea pigs 
7.1 Cardiac puncture for blood collection 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing cardiac puncture on a guinea pig which is a terminal 
procedure. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Blood collection in guinea pigs is necessary for a wide range of scientific research.  Cardiac 
puncture is a suitable technique to obtain a single, large and good quality blood sample from a 
guinea pig under terminal anaesthesia. A sample of one (1) ml of blood can be collected 
depending on the size of the guinea pig and whether the heart is beating. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a safe and humane 
manner. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• Anaesthetic 
• 25-27G needle.  
• 10ml syringe. 
• 70% EtOH. 
• Swabs. 
• Falcon tube. 
• Sharps container. 
 
Procedure 
1. Anaesthetize the guinea pig. 
2. Once under deep sedation restrain by tying down.  
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3. Place the animal in dorsal recumbency. 
4. Swab the thoracic area with 70% alcohol. 
5. Palpate the area to locate the area of the strongest heart-beat, in the region of the 5th and 6th 
ribs. Insert a 25–27-gauge needle at an angle of approximately 45 degrees through the intercostal 
space just to the left of the sternum into the heart and the blood withdrawn.  
6. Maximum blood volume allowed to be taken is one (1) ml. 
7. Transfer blood to falcon tube. 
8. Dispose of needle and syringe into sharps container. 
9. Dispose of cadaver in appropriate waste stream. 
 
Quality controls 




• Parasuraman S, Raveendran R, Kesavan R. Blood sample collection in small laboratory animals. J 
Pharmacol Pharmacother. 2010;1:87–93. 
• McClure DE (1999) Clinical pathology and sample collection in the laboratory rodent. The 
Veterinary Clinics of North America: Exotic Animal Practice. 2(3) 565-590. 
• Ness RD (1999) Clinical pathology and sample collection in the laboratory rodent. The 
Veterinary Clinics of North America: Exotic Animal Practice. 2(3) 591-620. 
• Lucas RL, Lentz KD, Hale AS (2004) Collection and preparation of blood products. Clinical 
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7.2 Euthanasia by cervical dislocation 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of guinea pigs by cervical dislocation. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Cervical dislocation is the application of pressure to the neck of an animal to cause the separation 
of the spinal column from the skull or brain which results in death.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Smooth surface 
Procedure 
1. The guinea pig is placed on a smooth surface. 
2. The fingers from above the animal are placed around the neck and under the jaw.  
3. The animal is then jerked off the table and sung downwards vigorously, the swing is stopped 
abruptly.  
4. The weight of the body and the cessation of the swing will cause the dislocation.  
5. The operator will feel the dislocation. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
• Iwarsson K, Rehbinder C. 1993. A study of different euthanasia techniques in guinea pigs, rats, 
and mice. Animal response and postmortem findings. Scand J Lab Anim Sci 20:191–205 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
Registered users 
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7.3 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of animals using chemical means - Carbon dioxide (CO2) 
or overdose of Euthatal: Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Carbon dioxide (CO2) - This may be used for all common laboratory animal species employed 
within the Institute, the governing factor is the volume required.  
2. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Carbon dioxide (CO2) 
• Carbon dioxide (CO2) chamber or similar 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Carbon dioxide (CO2)  
1. Animals are placed in an airtight container with ventilation port, a specifically designed CO2 
chamber or a plastic bag in which either a small group of animals or a cage of animals has been 
placed. In the case of a bag most of the air should be dispelled.  
2. The CO2is then slowly introduced and the animals will drift into unconsciousness.  
3. The chamber must not be filled with CO2 before the animals are placed within, this will cause 
distress due to the lack of oxygen.  
ILRI animal care and use manual 
Page 200 of 392 
 
4. The animals should be retained in this environment until rigor mortis has set in, or at least until 
all signs of life have ceased. 
5.  If the animal is to be exsanguinated it is removed from the CO2 chamber once consciousness 
has been lost and all the blood quickly removed so that the animal does not regain consciousness.  
6. No animal should be disposed of until ‘rigor mortis’ has set in. 
 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
Registered users 
Date:   Name:     Signature: 
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7.4 Euthanasia by decapitation 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of guinea pigs by decapitation. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Decapitation is the process of severing the head from the rest of the body which results quickly 
in death.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Guillotine  
Procedure 
1. A guillotine (specially for the purpose) may be used for guinea pigs of less than 1 kg body weight.  
2. Quickly separate the head from the body at the cervical level. 
3. Verify the animal is dead before disposing of the carcass. 
 
Quality controls 
• A skilled operator must perform this procedure. 
• The dedicated guillotine must be maintained in good working order and serviced on a regular 
basis to ensure sharpness of the blade. 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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7.5 Euthanasia by exsanguination 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of guinea pigs by exsanguination. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Exsanguination is death caused by blood loss. Death can be assured by the removal of a large 
volume of blood. This technique is never performed on a conscious animal. Animals may be 
exsanguinated to obtain blood products, but only when they are sedated or anesthetized. At ILRI 
this covers the following species: Rats, mice, guinea pigs and rabbits. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Anaesthetic 
• 70% EtOH 
• 18-25G needles 
Procedure 
1. The animal is first given an intravenous injection of phenobarbitone, thiopentone or CO2 
inhalation to render it under full anaesthesia.  
2. Once the animal is under full anaesthesia it is placed in dorsal recumbancy and restrained.  
3. The area where the strongest heart-beat can be felt through the rib cage is swabbed with 70% 
alcohol.  
4. An 18-25g needle is then inserted horizontally through the intercostal space into the heart.  
5. Blood is withdrawn until the animal is dead, care being taken to ensure that the heart beat has 
stopped and that rigor mortis has set in prior to disposal of the cadaver. 
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• Animal Health and Welfare (AHAW) Panel. (2005). Aspects of the biology and welfare of 
animals used for experimental and other scientific purposes. European Food Safety Authority 
Journal Annex, 292, 1-136. 
(http://ec.europa.eu/environment/chemicals/lab_animals/pdf/efsa_scientificreport _en.pdf)  
• American Veterinary Medical Association (AVMA) (2013). AVMA Guidelines for the Euthanasia 
of Animals: 2013 Edition.(https://www.avma.org/kb/policies/documents/euthanasia.pdf). 
• American Association of Zoo Veterinarians (2006). Guidelines for Euthanasia of Nondomestic 
Animals. Retrieved 5 September 2012, from 
ftp://ftpr3.adfg.state.ak.us/Animal%20Care%20and%20Use/euthanasia_guideline 
s%20nondomestic%20draft.pdf.  
• Close, B., Banister, K., Baumans, V., Bernoth, E-M., Bromage, N., Bunyan, J., et al. (1997). 
Recommendations for euthanasia of experimental animals: Part 1, Working Party Report. 
Laboratory Animals, 30, 293-316. (http://la.rsmjournals.com/content/30/4/293.full.pdf)  
• Close, B., Banister, K., Baumans, V., Bernoth, E-M., Bromage, N., Bunyan, J., et al. (1997). 
Recommendations for euthanasia of experimental animals: Part 2, Working Party Report. 
Laboratory Animals, 31, 1-32. (http://la.rsmjournals.com/content/31/1/1.full.pdf)  
• Conroy, C.J., Papenfuss, T., Parker, J., and Hahn, N. (2009). Use of tricaine methanesulfonate 
(MS-222) for euthanasia of reptiles. Journal of the American Association for Laboratory Animal 




• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
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4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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7.6 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on guinea pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
• Leenars PPAM. Adjuvants in Laboratory Animals (Synopsis of PhD thesis and publications). Ponsen 
and Looijen BV, Wageningen, The Netherlands, p. 214, 1997.  
• Leenars PPAM et al. Assessment of side-effects induced by injection of different adjuvant/antigen 
combinations in rabbits and mice. Lab Anim 32: 387–406, 1998. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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7.7 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on guinea pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. . 
3. For guinea pigs any muscle of suitable size can be used. 
4. The most preferred site is the front or back of the thigh in all small rodents. 
5. In the guinea pig the muscle mass is usually sufficient for accurate administration of small volumes 
of material, ideally 0.05ml or less. 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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7.8 Intraperitoneal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intraperitoneal injections in guinea pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intraperitoneal injection is injection of a substance into the peritoneum (body cavity) space 
surrounding the abdominal organs), avoiding injection directly into any organ. This type of injection 
has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal firmly in one hand with the head tilted downwards so that the abdominal 
contents are towards the back and away from the injection site (or in someone else's hands, 
depending on the size of the animal). 
2. Using a 2-3 cm. 27-23 G needle, the needle is inserted in the right inguinal region in a cranial 
direction first through the skin and then through the musculature into the abdominal cavity.  
3. The plunger is then sucked back to ensure no vessels have been penetrated. 
4. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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7.9 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections on guinea pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The guinea pigs must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  




Date:   Name:     Signature: 
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8.Mice/rodents 
8.1 Monoclonal antibody production 




Date Approved by SOP Committee:  
 
Purpose 
• Production of Monoclonal antibodies in mice. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• mAb  Monoclonal antibodies 
• IFA  Incomplete Freund’s Adjuvant 
• CFA  Complete Freund’s Adjuvant 
• PPE  Personal Protective Equipment 
• IP  Intraperitoneal 
• EtOH  Ethanol 
• BALB/c?? An albino, laboratory-bred strain of the House Mouse 
Scope 
• Monoclonal Antibodies (mAb) are an important tool in biomedical research. MAb are many 
copies of the same antibody. In relation to polyclonal antibodies they are slower to generate, 
are more specific and are more expensive. After the initial set up no animals are required and 
you can have unlimited production of antibody from immortal cell lines. 
• Producing mAb requires immunizing an animal, usually a mouse, obtaining the spleen cells, fusing 
these cells with cancer cells (myeloma cells) to make a hybridoma cell line which is an immortal 
line which is able to grow and divide indefinitely. Injection of these cells back into a mouse 
results in a tumour which secrete high levels of the mAb. 
• This procedure requires 3 steps: immunization of animals, blood sampling of the immunized 
animals and then sacrificing the animal for spleen collection. 
• The potential of a protein to induce antibodies (immunogenicity) in mice depends on its non-
relatedness with mouse proteins.  In general, the more distantly related the species from which 
the protein was isolated, the less antigen will be needed to induce a good antibody response.  
Quantities per infection usually range from 1mg to 1g, although antibodies can be obtained with 
less material. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
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• It is the responsibility of the handler to wear the appropriate PPE when performing all these 
procedures. 
• It is the responsibility of the handler, when working with the animal, to perform all procedures 
on the animal with minimal stress to the animal, safely and humanely.  
• It is the responsibility of the handler when doing the immunizations and blood collections to 
adhere to sterile techniques.   
Equipment and materials 
Immunizations:  
• 1ml syringe 
• 27G needle 




• 1.5ml Eppendorf tube 
Spleen collection: 
• 70% EtOH 
• Surgical equipment 
• Falcon tube 
Procedure 
1. Immunization procedure: Antigen in 0.5ml of saline of Dulbeccos PBS is mixed with 0.5ml of 
Complete Freund’s Adjuvant (FCA) until a stable emulsion is formed. This is then injected 
aseptically intra-peritoneally into a BALB/c mouse. 
2. Checking antigen level: after 3 weeks a drop of tail blood is collected, the serum harvested and 
tested for reactivity with the antigen. If reactivity is low a boost can be given with antigen in 
incomplete Freund’s adjuvant (IFA). 
3. Collecting antibodies: When serum shows a high antibody titre to the antigen a large quantity of 
protein (more than 1mg up to a maximum 2mg) is injected aseptically (preferably intravenously) 
without adjuvant. The mouse is euthanized (according to SOPs) three to four days later and the 
spleen cells isolated for fusion. 
Quality controls 
• A skilled operator must perform this procedure. 
• Aseptic conditions are required. 
Revision history 
• An in vitro system for the production of monoclonal antibodies has been established. Therefore, 
this procedure, the in vivo production of monoclonal antibodies requires special justification. 
References 
• Köhler, G. and Milstein, C. (1975) Continuous cultures of fused cells secreting antibody of 
predefined specificity. Nature256, 495–497. 
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• Freysd'ottir, J (01.01.2000). ‘Production of monoclonal antibodies’. Methods in molecular medicine 
Volume 40, 2000, pp 267-279. 
• National Academy of Sciences and National Institutes of Health (US), 1999, Monoclonal Antibody 
Production: A report of the Committee on Methods of Producing Monoclonal Antibodies, Institute for 
Laboratory Animal Research, National Research Council, National Academy Press, Washington DC., 
available online at: http://grants.nih.gov/grants/policy/antibodies.pdf 
Additional 
• Attachment included is for Generation of mAb. Flowchart illustrating steps needed to produce 
mAb by mouse ascites method. Note that all steps up to production of ascites fluid are required 
for either in vivo or in vitro production of mAb. 
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8.2 Cardiac puncture 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing cardiac puncture on a rodent which is a terminal 
procedure. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Blood collection in rodents is necessary for a wide range of scientific research.  Cardiac 
puncture is a suitable technique to obtain a single, large and good quality blood sample from a 
rodent under terminal anaesthesia. A sample of 10-15ml of blood can be collected depending on 
the size of the rat and whether the heart is beating. A sample of 0.1-1ml of blood can be 
collected depending on the size of the mouse and whether the heart is beating. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a safe and humane 
manner. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• Anaesthetic 
• 19-21G needle (rats) 
• 23-25G needle (mice) 
• 5-20ml syringe. 
• 70% EtOH. 
• Swabs. 
• Falcon tube or eppendorf tube. 
• Sharps container. 
 
Procedure 
1. Anaesthetize the rodent. 
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2. Once under deep sedation restrain by hand or tying down (depending on size).  
3. Place the animal in dorsal recumbency. 
4. Swab the thoracic area with 70% alcohol. 
5. Palpate the area to locate the area of the strongest heartbeat, in the region of the 5th and 6th 
ribs. Insert a 25-27 gauge needle at an angle of approximately 45 degrees through the intercostal 
space just to the left of the sternum into the heart and the blood withdrawn.  
6. Maximum blood volume allowed to be taken 0.75ml for mice and 5ml for rat. 
7. Transfer blood to falcon tube/eppendorf tube. 
8.  Dispose of needle and syringe into sharps container. 
9. Dispose of cadaver in appropriate waste stream. 
 
Quality controls 




• Parasuraman S, Raveendran R, Kesavan R. Blood sample collection in small laboratory animals. J 
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8.3 Tail bleeding 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the tail of rodents. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from rodents is necessary for a wide range of scientific research. 
Approximately 0.2 ml and 1ml from a mouse and rat respectively, can be collected by this method. 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 27G needle.  
• 1ml syringe. 
• Eppendorf tube 
• Scalpel or scissors 
• pipette 
• Sharps container 
 
Procedure 
1. The animal to be bled is maintained in a warm environment until the vein is visibly dilated. 
2. The veins lie on either side of the tail. 
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3. A small portion at the end of the tail is excised using either sterile scissors or a scalpel blade; the 
tail is gently stroked from the base towards the tip and the blood collected either by pipette or 
into a container. 
4. Approximately 0.2 ml and 1ml from a mouse and rat respectively, can be collected by this method. 
5. With experience, it is possible to withdraw blood by a 1 ml syringe and a 27-gauge needle directly 
from the tail vein in a rat. 
6. Maximum twice during an animal’s life. 
7. Dispose of needle and syringe in sharps container. 
 
Quality controls 




• Parasuraman S, Raveendran R, Kesavan R. Blood sample collection in small laboratory animals. J 
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8.4 Cell depletions 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing cell depletion assays in mice. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• This describes the process of infection of Mice deficient in one or two copies of the gene more 
susceptible to specific antigen.  
• All depletions in mice have been done by single or multiple intraperitoneal injections. The 
antibodies are given as purified antibody. No adverse reactions have been mentioned, except the 
effect that the absence of a particular immune population may have on the disease studied (which 
may be beneficial). Amounts of antibody used range from 200 micrograms to milligram quantities. 
. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 





• G needle 
• 0.45um filter 
 
Procedure 
• Restrain and the Mice deficient in one or two copies for tumor necrosis factor alpha (TNF-α). 
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• Ascites containing 5-10 mg IgG/ml is filter sterilized through 0.45 micron filters. Reappearance of 
cells of the depleted phenotype can be measured in the blood and should take at least two weeks.  
 
Day 1: 4 I.V. injections of 25 microliter ascitis, with 1-2 hour intervals. 
Day 2: 4 I.V. injections of 25, 50, 200 and 500 microliter respectively, with 1-2 hour intervals. 
Day 3: 4 I.V. injections of 100 ul, 500 ul, 5 ml and 20 ml respectively, with 1-2 hour intervals. 
 
• More antibody can be administered using the same schedule, if depletion is needed for longer 
times, but anti-mouse-Ig is present by day 5 and may weaken the effect of additional injections of 
monoclonal antibody. 
• the number of TNF-α genes was correlated with the capacity to control parasitaemia and with 
survival time.  
• Absence of TNF-α resulted in a diminished capacity to form germinal centres in lymph nodes and 
spleen.  
• Since germinal centres are involved in antibody production and affinity maturation, the 
susceptibility of the TNF-α-deficient mice may be used to determine this secondary defect. 
• When the experiment is over, one must consider that the animals may have lost part of their 








• Naessens , J., Kitani, H., Momotani, E., Sekikawa, K., Nthale,  J.M. and Raqi F. 2004. Susceptibility 
of TNF-α-deficient mice to Trypanosoma congolense is not due to a defective antibody response 




• Side effects have been reported with administration of antibodies by drip in human patients. They 
varied from sweating to slight temperature rises 3 hours after administration. In monkeys severe 
side effects (including shock-like symptoms, vomiting and even death) were observed, especially 
with CD8 antibodies. In preliminary studies with cattle such severe reactions were not observed. 
The following symptoms were seen within one minute after intravenously injecting too high 
quantities: fast breathing, problems with equilibrium and in the worst case dropping to the floor 
and rolling of the eyes. Except for the fast breathing, which could last up to 20 minutes, these 
symptoms lasted from a few seconds to a couple of minutes. It was found that these symptoms 
were due to presence of cells carrying the T cell antigen in the blood. The severity of the side 
effects further depended on the total amount of antibody given, but not on the antibody 
concentration in the syringe or the speed of injection. As soon as positive cells are eliminated 
from the blood no adverse effects develop, and up to 20 ml of ascitis have been given without 
problems. It is hypothesised that the symptoms are due to temporary agglutination of cells in the 
blood, or maybe by release of biochemical mediators from the lysed cells. 
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• The following procedure, in which the dose of antibody is gradually increased, can be used to 
deplete T cells. As soon as one of the adverse reactions described above is observed, the next 
dose 1-2 hours later must not be increased. Only if no adverse reactions are observed can the 
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8.5 Euthanasia by cervical dislocation 
Title: Euthanasia by cervical dislocation of mice 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of mice and young rats by cervical dislocation. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Cervical dislocation is the application of pressure to the neck of an animal to cause the separation 
of the spinal column from the skull or brain which results in death.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Non-slip surface such as cage top. 
• Rod or other such implement. 
Procedure 
1. The mouse or young rat (<200g) is placed on a non-slip surface; the base of the tail is gripped 
firmly.  
2. A rod, such as a ballpoint pen/pencil or the fingers is used to firmly hold the animal behind the 
base of the skull.  
3. The rod or fingers are then pressed down while the tail is raised about 30-40 degrees from the 
horizontal and a firm pull exerted away from the body.  
4. The dislocation can be felt through the hands of the operator. 
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Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 




Date:   Name:     Signature: 
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8.6 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of animals using chemical means - Carbon dioxide (CO2) 
or overdose of Euthatal: Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Carbon dioxide (CO2) - This may be used for all common laboratory animal species employed 
within the Institute, the governing factor is the volume required.  
2. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Carbon dioxide (CO2) 
• Carbon dioxide (CO2) chamber or similar 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Carbon dioxide (CO2)  
1. Animals are placed in an airtight container with ventilation port, a specifically designed CO2 
chamber or a plastic bag in which either a small group of animals or a cage of animals has been 
placed. In the case of a bag most of the air should be dispelled.  
2. The CO2is then slowly introduced and the animals will drift into unconsciousness.  
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3. The chamber must not be filled with CO2 before the animals are placed within, this will cause 
distress due to the lack of oxygen.  
4. The animals should be retained in this environment until rigor mortis has set in, or at least until 
all signs of life have ceased. 
5.  If the animal is to be exsanguinated it is removed from the CO2 chamber once consciousness 
has been lost and all the blood quickly removed so that the animal does not regain consciousness.  
6. No animal should be disposed of until ‘rigor mortis’ has set in. 
 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf  
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
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8.7 Euthanasia by decapitation 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of mice and rats by decapitation. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Decapitation is the process of severing the head from the rest of the body which results quickly 
in death.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Guillotine or sharp scissors. 
Procedure 
1. A guillotine (SPECIALLY FOR THE PURPOSE) may be used for rats and mice. 
2. Newborn mice may be killed by quickly cutting off their heads with sharp scissors. 
3. Quickly separate the head from the body at the cervical level. 
4. Verify the animal is dead before disposing of the carcass. 
 
Quality controls 
• A skilled operator must perform this procedure. 
• The dedicated guillotine must be maintained in good working order and serviced on a regular 
basis to ensure sharpness of the blade. 
• The dedicated scissors must be maintained in good working order and serviced on a regular basis 
to ensure sharpness of the blade. 
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• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf  
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 




Date:   Name:     Signature: 
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8.8 Euthanasia by exsanguination 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of mice and rats by exsanguination. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Exsanguination is death caused by blood loss. Death can be assured by the removal of a large 
volume of blood. This technique is never performed on a conscious animal. Animals may be 
exsanguinated to obtain blood products, but only when they are sedated or anesthetized. At ILRI 
this covers the following species: Rats, mice, guinea pigs and rabbits. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Anaesthetic 
• 70% EtOH 
• 18-25G needles 
Procedure 
1. The animal is first given an intravenous injection of phenobarbitone, thiopentone or CO2 
inhalation to render it under full anaesthesia.  
2. Once the animal is under full anaesthesia it is placed in dorsal recumbency and restrained.  
3. The area where the strongest heart-beat can be felt through the rib cage is swabbed with 70% 
alcohol.  
4. An 18 25g needle is then inserted horizontally through the intercostal space into the heart.  
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5. Blood is withdrawn until the animal is dead, care being taken to ensure that the heart beat has 
stopped and that rigor mortis has set in prior to disposal of the cadaver. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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8.9 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on mice and rodents. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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8.10 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on mice and rodents. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For mice and rodents any muscle of suitable size can be used. 
3. The most preferred site is the front or back of the thigh in all small rodents. 
4. In small rodents the muscle mass is usually sufficient for accurate administration of small volumes 
of material, ideally 0.05ml or less. 
5. The needle is pushed through the skin at right angles and into the body of the muscle.  
6. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
7. Then inject substance slowly. 
8. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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8.11 Intraperitioneal injections 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intraperitoneal injections in mice and small rodents. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intraperitoneal injection is injection of a substance into the peritoneum (body cavity) space 
surrounding the abdominal organs), avoiding injection directly into any organ. This type of injection 
has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal firmly in one hand with the head tilted downwards so that the abdominal 
contents are towards the back and away from the injection site (or in someone else's hands, 
depending on the size of the animal). 
2. Using a 2-3 cm. 27-23 G needle, the needle is inserted in the right inguinal region in a cranial 
direction first through the skin and then through the musculature into the abdominal cavity.  
3. The plunger is then sucked back to ensure no vessels have been penetrated. 
4. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  









ILRI animal care and use manual 
Page 241 of 392 
 
8.12 Intravenous injection into the tail vein 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intravenous injections into the tail vein of small rodents. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intravenous injection is injection of a substance into the veins of an animal. Injection into the tail 
vein of a rodent is the fastest way a substance can be delivered throughout the body. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
 
Equipment and materials 
• 27G needle 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained either manually or by a restraining device.  
2. The tail is warmed until the veins are clearly visible on each side of the tail.  
3. The base of the tail is occluded to dilate the vessel.  
4. The tail is swabbed with 70% alcohol. 
5. A 27g × 1 cm needle is inserted almost parallel and into the vein.  
6. Once within the vein the occluding pressure is released.  
7. It is not always possible to withdraw a small quantity of blood.  
8. When the needle is placed properly in the vein it is comparatively easy to slowly depress the 
plunger, and the material can be observed flowing through the vein.  
9. Any slight swelling or increased resistance indicates that the needle is not positioned properly.  
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10. The other vein or if possible a site above the original attempt must be used.  
11. The plunger must be depressed slowly. 
12. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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8.13 Subcutaneous injection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections on small rodents. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of small rodent which is the 
layer of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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8.14 Collection of faecal samples 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting faecal samples from rodents, especially mice. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• Faecal samples from small rodents can be used for selected type of assay to detect the antibody 
of interest. In laboratory animal assays, the hemagglutination inhibition (HAI1), ELISA, and 
immunofluorescence assay (IFA1) are commonly used.  




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Grid based 
• Tissue paper 
• Charcoal grains 
• Petri dish 
Procedure 
1. Mice should be placed into a cage with a grid base, and this should be arranged over a tray 
containing moist (not water logged) tissue paper. The mice should be kept in these cages overnight 
with food and water provided ad libitum. On the following day, scoop up as much of the faeces as 
possible into a beaker avoiding contamination with food, as much as possible. Add about half the 
volume of charcoal grains (not fine powder), mix, add water sufficient to generate a slurry. This 
should not be so fluid as to run loosely over a glass surface. 
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2. Spread the slurry thinly (if the slurry is left too thick the larval recovery will be poor) on filter 
paper in the bottom of a standard Petri dish. The filter paper should be smaller in diameter, leaving 
about 0.5-1cm margin of open glass all the way around the circumference of the paper. Spread 
the slurry out from the middle of the filter paper but stay clear of the edge and again leave a 0.5 
–1cm clear margin of paper. Wait for the moisture from the slurry to spread and if any parts of 
the filter paper are still dry, add sufficient water to moisten the filter paper. Do not add excessive 
water - the paper must be moist but not water logged. Petri dishes should now be stacked in a 
plastic airtight box with a base lined by moist tissue paper. These boxes can be kept at 20-24C, 
but not higher. Under colder ambient temperature larvae will take longer to develop. The larvae 
will take 6-7 days but should be inspected daily to ensure that the filter paper has not dried out. 
3. Ideally the Petri dishes should be harvested after 10-14 days, but this is not critical and if larvae 
are needed desperately any time after day 7 will do although the longer the plates are left after 
week two, the less infective the larvae are likely to be. The larvae of H .polygyrus adopt a type of 
behaviour called nictation when ready to infect hosts. They first migrate out of the filter paper 
and when on the glass anchor their tails and stand vertically.  If there has been no faecal 
contamination of the glass, they can be harvested by simply holding the Petri dish at an angle and 
pipetting some distilled water, about 0.5-1ml (not critical) with a pipette against the walls of the 
Petri dish. Revolve the dish to mop up larvae all the way around the clean glass rim and pipette 
up and transfer to a conical flask. Take care to avoid contamination with faeces, so keep well away 
from faecal slurry and remove any larger accumulations that may detach and fall into the fluid as 
you rotate the Petri dish. This procedure should be repeated several times until all larvae on the 
glass have been mopped up. The filter paper can now be thrown away or left for another day, 
when more larvae will have migrated out of the faecal slurry and the procedure can be repeated. 
For accurate determination of faecal egg concentration (EPGs) NOT WELFARE 
4. Egg counts are best estimated on fresh faeces. Mice should be transferred individually from their 
cages into clean plastic cages early in the morning. No food should be provided but water can be 
made available. After 2-3 hours, when a number of faecal pellets have been dropped they can be 
returned to their cages. The faeces is then collected, weighed and EPGs estimated by a McMaster 
or other appropriate method.  Ideally a gram of faeces will be collected from each mouse but this 
is unlikely. EPGs can be calculated on as little as 0.1gm, but aim to collect at least 0.25gm/mouse. 
 
Quality controls 




• B A Bauer and L K Riley (2006). Antemortem detection of mouse parvovirus and mice minute 
virus by polymerase chain reaction (PCR) of faecal samples Laboratory Animals Ltd. Laboratory 
Animals (2006) 40, 144–152 
• Morse SS (1990).Comparative sensitivity of infectivity assay and mouse antibody production 
(MAP) test for detection of mouse thymic virus (MTLV).J Virol Methods28:15-23.  
• Schaedler RW, Orcutt RP, Foster HL,Small JD, Fox JGeditors.(1983).Gastrointestinal 
microflora.In: The Mouse in Biomedical Research. Vol III. Normative Biology, Immunology, and 
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8.15 Infection with infective nematode larvae 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting small rodents with infective nematode larvae. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• This protocol is specifically for Heligmosomoides polygyrus in mice. Mice are experimentally infected 
and then these nematodes are collected and used for further passage/infections. 
• Heligmosomoides polygyrus is a natural intestinal parasite of mice, which offers an excellent model 
of the immunology of gastrointestinal helminth infections of humans and livestock. It is able to 
establish long-term chronic infections in many strains of mice, exerting potent immunomodulatory 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Gloves 
• 1ml syringe 
• gavage 
Procedure 
1. Mice are infected normally without the use of anaesthetic. They should be held firmly by the loose 
skin on the neck, and if necessary the tail pinned to the palm of the hand by the 3rd and 4th finger). 
Gloves may be worn because rodent urine and hair can cause allergies, but for most personnel 
this will not be required. If the handler is uncomfortable with this procedure, temporary 
anaesthetic may be used. 
2. If the infection is for routine maintenance of the parasite, about 10-12 mice should be used. These 
should be worm free. Mice may carry the pinworms Aspiculuris tetraptera and Syphacia obvelata and 
rats Syphacia muris. Both may also be infected with the cestode (tapeworm) Rodentolepis 
ILRI animal care and use manual 
Page 249 of 392 
 
(Hymenolepis) nana. The former species can be eradicated either by individual dosing with 
piperazine or by providing piperazine in the drinking water for at least one week, and then 
repeating the procedure after a week of rest. In both cases the animals will need to be rested 
(provided with fresh drinking water) for at least one week before infection, and after treatment 
their bedding should be changed frequently (daily of every 2 days) to ensure that all vacated worms 
are eliminated and that their eggs do not lead to fresh infections. R. nana is more difficult to treat 
but the worms can be removed by dosing with niclosamide.  
3. For routine passage a strain of mouse capable of supporting a long lasting infection should be used 
to avoid frequent infections. For this CBA, C57BL10 and C3H (poor responders) mice are ideal. 
All these strain carry an infection that will last up to 10 months in duration. Avoid using SWR, SJL, 
NIH and BALB/c mice, since these strains lose worms within 6-7 and 10-15 weeks respectively. If 
outbred stock such as Swiss mice are available, these can be used but more frequent passage is 
advised. 
4. Fresh batches of mice should be infected at 2 (for outbred strains) -3 (for CBAs and other poor 
responders) month intervals, and at any one time there should be 3 batches of mice carrying 
infections of varying age (e.g. freshly infected, 2 month and 4 month infections). When a fourth 
batch is infected, the oldest batch should be disposed of. 
5. The poor responder strains should be infected with 150-200 larvae. Larger doses may result in 
mortality. Outbred strains may be given more but 500L3s should not be exceeded for any strain 
if long-term survival is required. It is in fact counterproductive to employ heavier doses because 
density-dependent suppression of fecundity has been reported for H. polygyrus in mice. 
6. Third stage infective larvae should be prepared in distilled water in a conical flask. For the purpose 
of estimating the larval concentration, the larvae can be held in even suspension by employing a 
magnetic stirrer. This approach should always be used when many mice require to be infected 
and particularly when the infections are for experimental purposes and accurate delivery of larvae 
is important. A short cut (when just a few mice require to be infected and when the intensity of 
infection is not critical) is simply to invert a universal containing the larvae several times and to 
take an aliquot rapidly after removal of the lid.  
7. Larval counts should always be carried out on larvae removed immediately from the fridge where 
they can be left at about 4C for many months. The larvae even survive short term freezing, but 
this is not recommended as routine. Place the flask on a magnetic stirrer, add the magnetic flea 
and stir at a slow rate, sufficient to bring all larvae into suspension but not fast enough to damage 
them. Take 0.1ml aliquot from the middle and empty this into a Petri dish in several small drops. 
Count the number of active larvae in each. Repeat this for at least 5 counts and then estimate the 
average in 0.2ml. From the total volume of fluid and the average concentration in your samples, 
calculate the additional volume, which is required to dilute to the desired concentration and add 
water, or, if the initial concentration is too dilute, allow the larvae to stand for about 15min to 
allow sedimentation and then remove the required volume. 
8. You should always aim to administer the required dose in 0.2ml of fluid but this is not critical and 
0.05ml (much more difficult to obtain consistent worm burdens) and 0.3ml (approaching stomach 
limit and risking regurgitation) can also be used. 
9. Mice should be infected orally (gavage) using a blunted wide bore needle on a 1ml syringe or a 
specially adapted needle with a ball end. Each batch of larvae should be removed separately. Do 
not take up 2 or more doses at one time, because by the time you have infected the first mouse 
larvae will have sedimented out and the first mouse will have received double the dose and the 
second very few larvae. 
10. Infected mice should be inspected daily, especially in the first 3 weeks following infection, to ensure 
that none are suffering distress from excessively heavy parasite burdens. The initial symptoms to 
look out for are scruffy fur, sitting alone in the cage away from other mice and lethargic 
movements. In heavy infections the animals gradually become emaciated (note loss of muscle on 
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limbs and fat from the face), the face becomes more pointed and anaemia may become evident. 
The face, ears and limb extremities become very pale. The extreme symptoms may set in rapidly 
and the animal can deteriorate within several hours and die. 
11. If caught early enough such animals can be treated with pyrantel to remove the worms, or better, 
should be destroyed humanely by an approved method. 
 
Quality controls 




• Maizels RM, Hewitson JP, Murray J, Harcus Y, Dayer B, Filbey KJ, Grainger JR, McSorley HJ, 
Reynolds LA, Smith KA. Immune modulation and modulators in Heligmosomoides 
polygyrus infection. Exp Parasitol. 2012; 132:76–89 
• Mali Camberis, Graham Le Gros, Joseph Urban ‘Animal Model of Nippostrongylus brasiliensis 
and Heligmosomoides polygyrus’ Current Protocols in Immunology Unit 19.12, 
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8.16 Recovery of worms 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process recovery of L4 stage worms in rodents. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• PBS  Phosphate Buffered Saline 
Scope 
• The infective polygyrus exsheath in the stomach, pass into the duodenum and penetrate through 
the mucosa into the submucosa. They then migrate outwards to end up lying just beneath the 
serosa in the muscularis externa. Here they develop for about 7-8 days. The first moult (L3 to L4) 
takes place 2-3 days after infection and the second 7-9 days after infection. The following 
procedures will describe recovery of worms for accurate worm counts and quantitative recovery 
for antigen preparation. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Gloves 
• Surgical equipment (scissors, forceps) 
• Hanks’ saline 
• Gauze 
• Beakers 
• Falcon tubes 
• Ice 
• Petri dish  
• Pasteur pipette 
 
 
ILRI animal care and use manual 
Page 252 of 392 
 
Procedure 
Quantitative but not complete recovery of L4 larvae:  
1. This procedure should not be used for accurate worm counts.  To collect 6day old L4s the mice 
should be infected with 1000 L3s and killed on day 6 after infection. Mice should be killed by an 
approved method). Open the peritoneal cavity, and remove the small intestine. Separate the small 
intestine from the stomach and caecum and divide roughly in half. The second half will contain 
most of the bulk gut contents and very few worms and can be thrown away. Now open the 
anterior half of the small intestine longitudinally with round tipped small scissors. Using forceps 
shake hold in a beaker of Hanks’ saline and shake out all the gut contents. Now spread on a clean 
bench surface with the serosal side down and the mucosa upper most. Using a clean glass slide, 
scrape the mucosa gently. Now place both the scrapped tissues and the scrapings onto a gauze 
(fine netting), suspend in a 50ml beaker of Hanks’ saline and incubate at 37C for one hour. After 
this period, transfer the gauze to a second beaker for another 1h period of incubation. Pour the 
contents of the first beaker into a large boiling tube held in a bucket of ice. After about 10mins 
remove the supernatant since the worms will have settled on the bottom. Pool the contents of 
several beakers in the way. When the second hour has elapsed repeat the procedure and if 
substantial worm burdens still persist repeat again for a third hour. When all the incubations have 
been completed pool all the worms in one beaker, wash 10 times in ice cold Hanks’ by repeated 
sedimentation and removal of the supernatant. If there is substantial contamination with host cells 
from the mucosa observe from the side of the boiling tube as sedimentation occurs and remove 
supernatant with cells and no worms from the top as the worms settle. Ten repeats of this should 
result in virtually pure worms. If sterile worms are required the worms can be washed 10 more 
times in ice cold PBS, the final volume reduced to a minimum and the worms frozen for use in 
antigen preparations. 
Accurate assessment of L4 worm burdens:  
1. The assessment of L4 larval burdens is not easy and even with this technique is not totally accurate. 
Do not expect to be able to count every worm. The larvae reside in the muscularis mucosa and 
are difficult to see. Not all migrate out of the tissues and they are difficult to detect in inflamed 
intestines, as for example when immune mice are challenged with larvae. 
2. Recover the small intestine as described above, but do not cut in half. Open longitudinally as 
before and wash out gut contents. Now cut into small segments from the stomach towards the 
posterior end. These segments should be just shorter than a standard glass slide. Spread the first 
segment out so that that the serosa faces downwards onto the slide. Now place another slide on 
top, squash and keep the two slides together with a strong rubber band. Now examine under a 
low power of a microscope, with the serosal side uppermost. You will need to scan carefully so 
as not to miss any section of the gut. Work your way through the entire small intestine in this 
way and add up the worms observed in each segment to give a total L4 worm burden. 
3. Adult worms REMOVE LABORATORY ONLY PROCEDURES 
Accurate assessment of adult worm burdens: 
1. For recovery of adult worms mice should not be infected with more than 500 larvae at any one 
time. If repeated infections are to be given at weekly intervals the sum total of larvae administered 
over several weeks may exceed 500. 
2. Adult worms live in the intestinal lumen, usually wrapped around villi. Often they accumulate in 
knots that may contain over a hundred worms (depending on dose of larvae administered). 
Recover the small intestine as described above, place it on a gauze (netting) that has been spread 
out in a Petri dish. Now cut open longitudinally, and allow all cut contents, worms and tissue to 
remain on the gauze. Now suspend in a 50ml beaker containing about 30ml of warm Hanks’ saline. 
Incubate for a minimum of 4 h. If killing a large number of mice, time the 4 h incubation period 
from the last mouse killed. After 4 h, carefully remove the gauzes but grasping the corners so as 
to ensure that none of the material on the gauze falls into the beaker. Throw the tissues away but 
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place the gauze on a Petri dish and quickly scan under a low power to find any worms that have 
got caught in the meshes and not made their way through the material. Count these, or remove 
them, as required. In the meantime, the beakers should contain large knots of worms if the mice 
were infected. Now increase the temperature of the water bath to 42C. When the temperature 
reaches 42 increase further 2 degrees at a time at 5 min intervals until the temperature exceeds 
50C. This procedure causes most of the worms (but unfortunately not all) to become dissociated 
from the knots and this in turn facilitates easier counting. 
3. Now allow the beakers to stand on a bench for a few minutes and remove some of the supernatant 
fluid with a Pasteur pipette. Check that this does not contain worms and throw away. The 
remaining fluid containing the worms can be poured into a standard universal (20-25ml), but 
remember to resuspend all the worms by stirring before pouring into the universal. Wash any 
remaining worms out of the beaker and ensure that none have been left by a quick examination 
under low power of the microscope. 
4. If the worms are to be counted quickly (on the same day or next day) the tubes can be kept in a 
fridge. If they are to be stored for longer, add a pipette full (about 1-2ml) of a mixture of 
formalin/ethanol (50:50 volume of 40% formaldehyde solution and 100% ethanol). To count 
worms pour contents of tube into a Petri dish and under an appropriate magnification of a 
dissecting microscope, scan the dish removing worms individually and recording numbers of 
worms as you do so. Take care to wash out all the contents of the tube and not to miss any 
worms. Remaining tangles of worms will have to be carefully disentangled by gently pulling the 
worms apart using fine forceps. Remember to add to the total worm burden recorded here any 
worms which had been noted earlier on the gauze. If required, the sexes can be counted separately 
and smaller worms can be classified as stunted or as larvae depending on morphology. 
 
Quality controls 




• C. Chylinski, J. Cortet, G. Sallé, P. Jacquiet, J. Cabaret  (2015 )Storage of gastrointestinal 
nematode infective larvae for species preservation and experimental infections Parasitology 
Research, February 2015, Volume 114, Issue 2, pp 715–72 
•  Chylinski C, Lherminé E, Coquille M, Cabaret J (2014) Desiccation tolerance of 
gastrointestinal nematode third stage larvae: exploring the effects on fitness and the factors 
influencing survival. Parasitol Res. doi:10.1007/s00436-014-3938-1 
• Siamba DN, Mulambalah CS, Ngeiywa MM, Gatongi PM, Wamae LW (2012) Exsheathment 
characteristics and infectivity of revived anhydrobiotic L3 of Haemonchus contortus. Int J Anim 





Date:   Name:     Signature: 
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8.17 Trypanosome – Feeding infected Tsetse on uninfected animals 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting small rodents with trypanosomes by having Trypanosome 
infected tsetse flies feeding from them. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
Scope 
• To measure antigenic variation in vivo in several populations of cloned lines of trypanosomes 
before and after cyclical transmission through tsetse flies.? 
• To determine the transmission rate or frequency of infection by infected tsetse 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Geigy cages containing infected tsetse flies. 
 
Procedure 
1. Each animal is held gently by the skin of its neck and dorsal body.  
2. An infected tsetse in a 8.5 × 2.5 cm. tube with a cork at one end and netting at the feeding end, 
is placed on its abdomen, and thus allowed to engorge. 
 
Quality controls 




• C Michael and R Turner (1997) The rate of antigenic variation in fly-transmitted FEMS 
Microbiology Letters 153 -1997 227-231. 
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8.18 Trypanosome – Infection by needle 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting small rodents with Trypanosomes using a needle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Determination of potency of trypanocidal agents by correlating the rate trypanosomes pathogens 
can confer protection from autoimmunity.  
• Bloodstream-form and metacyclic-form trypanosomes are the normal life cycle stages 
administered to rodents via the intraperitoneal route. However, for some purposes, particularly 
cloning, they may be inoculated intravenously. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 23-25G needle 
• syringes 
• 60-watt lamp 
• 60ml syringe or restraining device for rats 
• 26-27G needle 
 
Procedure 
Intraperitoneal inoculation:  
1. A 2-3 cm. 23-25 gauge needle is used.  
2. The animal is restrained in one's hand with the head lower in order for the abdominal contents 
to fall away from the lower abdominal wall.  
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3. The needle is inserted in the right inguinal region in a cranial direction first through the skin and 
then through the musculature into the abdominal cavity.  
4. The plunger is then sucked back to ensure no vessels have been penetrated.  
5. The maximum inoculation volumes of 1.0 ml and 2.0 ml for the mouse and rat respectively may 
be used. 
Intravenous inoculation: 
1. The rodent is first placed under a 60 watt lamp under constant observation until the tail veins are 
observed to be prominent.  
2. Thereafter the rodent is placed in the barrel of a 60 ml syringe for mice or a restraint device for 
rats and the tail secured in a rubber bung, containing a groove that is placed over the open end 
of the syringe barrel.  
3. A 1-2 cm. 26/27-gauge needle is then inserted into any one of the tail veins.  
4. The maximum volume for inoculation via this route is 0.25 ml.  








• Carl De Trez et al. (2015) Experimental African Trypanosome Infection by Needle Passage or 
Natural Tsetse Fly Challenge Thwarts the Development of Collagen-Induced Arthritis in DBA/1 
Prone Mice via an Impairment of Antigen Specific B Cell Autoantibody Titers. PLoS One. 2015; 
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8.19 Trypanosome – survival criteria 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the survival criteria for trypanosome challenge in mice. 
Abbreviations 
• ILRI  International Livestock Research Institute 
• MST  Mean Survival Time 
• PCV  Packed Cell Volume 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
Scope 
• This protocol is specifically for mice challenged with Trypanosma congolense and replaces death as 
an end point. Humane end points provide an animal welfare safeguard in the conduct of research 
and should contribute to the achievement of sound and reliable scientific results. 
 
Justification of Survival Experiments: 
• In earlier studies, it was shown by ILRI’s scientists and others that different mouse strains respond 
differently to the infection with the livestock and human pathogen Trypanosoma. The variations 
of the mouse response were measured as the mean survival time (MST) following trypanosome 
challenge. In the course of the study of T. congolense infection, we have tried alternative phenotypic 
measures, but unfortunately, these measures, such as gain/loss of body weight and PCV did not 
show any direct association with resistance or susceptibility of the mouse strains to the infection. 
So far, the mean survival time of the mouse following trypanosome challenge is the most accurate 
measure to show variations in the susceptibility.     
• However, it has been observed that most mice become sick and weak before they finally die, and 
it should be possible to reduce suffering of these mice, without interfering too much with the 
‘time to death’ measurement.  Indeed, in preliminary experiments we monitored some criteria 
some of which correlated very highly with death.  The suggested procedure below would make it 
possible to estimate time to death without having to let the animals die. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
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• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
1. All mice to be checked daily, in the morning.   
2. Mice rated 3 should be checked at least a second time by two people in the late afternoon.  If 
there are concerns, mice to be checked more frequently. 
3. Records to be maintained of condition of mice within each cage on each check using the form 
below that can be pasted and printed in EXCEL.    
4. Mice that have attained category 3 or 4 status to have their numbers recorded. 
5. At stage 4 mice to be humanely destroyed. 
 
Condition of mice to be scored according to the following criteria. 
 
Condition of mice Category 
Mice appear normal 1 
Mice have abnormal posture, hair appears starey. A symptom noted in sick 
animals in which the hairs of the coat, instead of lying flat and being smooth and 
shiny, are standing up with the ends clear of each other and are dull and lustre-
less 
2 
Mice as above, plus unwillingness to move within cage, change of respiration 3 
Mice as above, plus will not move when placed on palm of hand and given gently 
prod.  Mice feet feel cold to touch.  Animal appears very weak. 
4 
 
Example of cage record checks 
 Animal's Health Status      
Cage # 12/02/02 13/02/02 14/02/02 15/02/02 
 AM PM AM PM AM PM AM PM 
51 1 1 1 1 1 2 2 2 
52 2 3 #1 3 # 1,3 3 # 1,3 3 # 1,3 
4 # 1 cull 
3 # 3 4 # 3 cull 3 # 2 
53 3 3 # 4 3 # 4 2 2 2 2 2 
54 2 2 2 2 2 3 # 2 3 # 2 3 # 2 
55 1 1 1 1 1 1 1 1 
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• Stephen J. Kemp et al., (1997). Localization of genes controlling resistance to trypanosomiasis in 
mice. Letter, Nature Publishing Group http://www.nature.com/nature genetica (1997) 
• Morrison W. I. and Murray M. (1979). Trypanosome congolense: Inheritance of susceptibility of 
infection in inbred strains of mice. Experimental Parasitology, 48:364-374 (1979) 
• Morrison, W.I. et al., (1978). Susceptibility of inbred strains of mice to trypanosome congolense: 
correlation with changes in spleen lymphocyte populations. Clinical Experimental Immunology, 
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8.20 Trypanosome – Definition of the end points 
Title: Definition of the End Points for 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the definition of the end points for Trypanosome Infections in small Rodents. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PCV  Packed Cell Volume 
• CNS  Central Nervous System 
Scope 
• Criteria to be used for termination of trypanosome infections in cattle, goats and sheep. 
• Two criteria that should be used are: 
1. PCV values 
2. Clinical assessment 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
The application of PCV values and clinical assessment to experimental trypanosome infections in livestock 
should be carried out as follows: 
• Infections with standard populations of T. congolense, T. vivax and T. brucei (i.e., populations that 
do not produce a haemorrhagic syndrome and that do not invade the CNS) in goats, sheep and 
cattle with less than 50% N’Dama genes: 
 
i. When PCV values are greater than 15% the PCV should be determined at least twice a week 
in all animals. Similarly, all such animals should be examined at least twice a week by a 
veterinarian (preferably the PI). The PI must be involved in the process. 
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ii. When PCV values are 13-15% the PCV should be determined at least three times a week in 
all animals. All such animals should be examined daily by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
iii. When PCV values are less than or equal to 12% experimental work with any such animal 
should be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
iv. Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
iii. recumbency for more than 24 hours 
iv. any clinical sign indicative of distress 
 
• Infections with standard populations of T. congolense, T. vivax and T. brucei in cattle carrying 50% or 
more N’Dama genes: 
i. When PCV values are greater than 15% the PCV should be determined at least once a week 
in all animals. All such animals should be examined at least twice a week by a veterinarian 
(preferably the PI). The PI must be involved in the process. 
ii. When PCV values are 12-15% the PCV should be determined at least twice a week in all 
animals. All such animals should be examined three times a week by a veterinarian (preferably 
the PI). The PI must be involved in the process. 
iii. When PCV values are less than 12% experimental work with any such animal should be 
terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
iv. Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
• recumbency for more than 24 hours 
• any clinical sign indicative of distress 
 
• Infections with haemorrhagic T. vivax: 
i. From day 1 of infection the PCV of all animals should be determined at least twice a week. 
Similarly, all the animals should be examined at least three times a week by a veterinarian 
(preferably the PI). 
ii. Once an animal is detected parasitaemic the PCV should be determined at least three times 
a week. Similarly, all such animals should be examined daily by a veterinarian (preferably the 
PI). The PI must be involved in the process. 
iii. When a PCV value is 13-20% this parameter should be determined daily in all such animals. 
Similarly, all animals with PCV values in this range should be examined daily by a veterinarian 
(preferably the PI). The PI must be involved in the process. 
iv. When a PCV values is less than or equal to 12% experimental work with any such animal 
should be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
v. Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
• recumbency for more than 24 hours 
• any clinical sign indicative of distress 
Note: For daily collection of small volumes of blood it may be preferable to use ear veins. 
• Trypanosome infections with CNS involvement: 
i. Once CNS signs have developed in an animal it should be examined daily by a veterinarian. 
ii. Upon development of CNS signs an animal should remain on experiment for a maximum of 7 
days if such signs are continually exhibited. Thereafter the animal should be euthanized (see 
SOPs). 
iii. Any animal with CNS signs should be euthanized immediately (see SOPs) if: 
ILRI animal care and use manual 
Page 263 of 392 
 
§ recumbent 
§ head pressing for more than 24 hours 
§ development of aggressive behaviour 
§ any clinical signs indicative of distress 
 
Quality controls 
• Designated technicians trained in observation. 




• McCarroll, C.S., Rossor, C.L., Morrison, L.R., Morrison, L.J. and Loughrey C. M. (2015) A Pre-
clinical Animal Model of Trypanosoma brucei Infection Demonstrating Cardiac Dysfunction. PLoS 
Negl Trop Dis 9(5): e0003811. doi:10.1371/journal.pntd.0003811   
Additional 
• When institute vet not available technicians should contact PI 
Registered users 
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8.21 Zoonoses – Anaesthesia with isoflurane (duplicated Section 2.1) 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to induce anaesthesia in rodents and bats with isoflurane. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• Anaesthesia with isoflurane is used so that samples can be collected from the animals. 
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
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• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• Cotton pad  





1. Wearing gloves open bottle containing isoflurane. Wet a cotton pad with an exact amount of 
isoflurane mixture. A 1.0 cc volume of appropriate mixture should be used for every 500cc 
volume in the anaesthetia jar. 
2. Place the cotton pad inside a small container. 
3. Transfer animal to the container and close lid. Monitor animal closely. Within approximately 1-2 
minutes, the animal will become anesthetized. Initially, respiratory rate will increase and then 
decrease. Clinical indications of a deep plane of anesthesia in rodents include the lack of a 
righting reflex (upon tipping jar gently) and a 50% reduction in respiratory rate compared to 
pre-anaesthesia levels (ie. to ~80-100 breaths per minute). 
4. Allow the animal to remain at a deep anesthetic plane for ~10 seconds before proceeding. 
Carefully, remove the animal from the container and place it on a clean work surface. Replace 
the lid on the jar immediately. 
5. Apply a noxious stimulus (ie. toe pinch) to ensure adequate plane of anaesthesia. If no response 
is noted, the blood sampling can be initiated. If the animal responds to noxious stimulus, return 
it to the jar and monitor respiratory rate as in step #4. 
6. For blood sampling: if the animal reaches a lighter plane of anaesthesia, evidenced by increased 
respiratory rate, whisker twitch, or purposeful movement, stop the procedure. Transfer the 
animal back to the bell jar, until the animal again reaches a deep plane of anaesthesia. Proceed 
with step #4. 
7. Air dry used cotton pad(s) inside the anaesthesia jar for 15 minutes and then discard them by 
wrapping in a glove and transferring to a biomedical waste disposal bag or bucket. 
Quality controls 
• The storage conditions of isoflurane must be observed as per manufacturer’s instructions. 
Failure to do so could result in reduced efficacy. 
• The used-by-date of isoflurane must be observed as per manufacturer’s instructions. Failure to 
do so could result in reduced efficacy. 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
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References 
• N. N. Jonsson, S. D. Johnston, C. de Jong, et al. (2004) Field anaesthesia of three Australian 
species of flying fox. The Veterinary Record, 2004 154: 664 doi: 10.1136/vr.154.21.664 
• HEARD, D. J. and HUFT, V.J. (1998) The effects of short-term physical restraint and isoflurane 
anesthesia on haematology and plasma biochemistry in the island flying fox 
(Pteropushypomelanus) Journal of Zoo and Wildlife Medicine 29, 14-17 
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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8.22 Zoonoses – Animal bites from field collections in Busia, western Kenya (duplicated 
2.2) 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to follow if an animal bite is received at any stage during the handling 
of the animals for PAZ project. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• All efforts must be made to ensure that persons involved in this study do not get bitten by bats 
or rodents. However, if this does occur there are some immediate actions to be taken. 
• All interactions with small mammals involving biological specimen sampling, and all handling of 
biological specimens in the lab, should be considered RISK ACTIVITIES from an infection 
control point of view.  The hazards of this work are manageable to a safe level, but each 
member of the field and lab team, including short term attachments and summer students, has a 
responsibility for their own protection.  
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
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• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• First aid kit 
• Water 
• disinfectant 
• dissection equipment   
Procedure 
• All teams should carry water and disinfectant. 
• The bite should be washed thoroughly with disinfectant and copious amounts of water. 
Additional requirements for bat bites 
1. A post –exposure course of rabies vaccine must be administered as soon as possible and not more 
than 24 hours after the bite.  
2. The team are to proceed to the Busia District Hospital and request that the vaccine be 
administered by a trained health professional.  
3. As all field teams should have pre-exposure rabies prophylaxis the post exposure course is two 
intramuscular doses of a cell-derived vaccine separated by three days. 
4. The animal involved should be euthanized humanely as per protocol and the brain prepared for 
submission to Vetlabs for rabies testing. Brain must be submitted frozen. If the brain cannot be 
removed then the whole head is to be removed and submitted.  
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
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Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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8.23 Zoonoses – Capture of animals 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to capture rodents for sample collection for PAZ project in Busia, 
Western Kenya 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• GPS  Global Positioning System 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• Animals need to be trapped for sample collection in this project. 
• All interactions with small mammals involving biological specimen sampling, and all handling of 
biological specimens in the lab, should be considered RISK ACTIVITIES from an infection 
control point of view.  The hazards of this work are manageable to a safe level, but each 
member of the field and lab team, including short term attachments and summer students, has a 
responsibility for their own protection.  
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
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• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
• GPS 
• Sherman non-lethal rodent traps x 10 
• Latex gloves 
• First aid kit – including disinfectant 
Procedure 
1. Sample site selection will have been completed according to the ‘PAZ sampling design’ protocol.  
The sampling unit in this cross-sectional study is the homestead. 
2. 5 Sherman non-lethal rodent traps will be set at various locations around the home the night of 
the sampling. 
3. Each trap will be numbered and the field team will record where each trap is found around the 
homestead. 
4. Trap sites are kitchen, latrine, rubbish pit, bedroom, external wall of the house. 
5. The field team will collect these animals and transfer them into the PAZ vehicle to the Busia lab.  
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
Reference 
• Animal Care and Use Committee of the American Society of Mammalogists. 1998. Guidelines 
for the capture, handling, and care of mammals. Available at 
http://www.mammalsociety.org/committees. 2002  
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
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include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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8.24 Zoonoses – Post-mortem 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to perform a post-mortem on captured bats or rodents. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• RA  Risk Assessments 
• PPE  Personal Protective Equipment 
• IACUC  Institutional Animal Care and Use Committee 
Scope 
• Post-mortems need to be conducted on the animals collected in this study. 
Responsibilities 
• It is the responsibility of all the individuals to ensure they have read and understood the 
applicable Risk Assessments and COSHH Assessments for this SOP. 
• ALWAYS wear gloves when handling animals or samples. 
• Always wear overalls/lab coat in the field/lab. 
• Always wear eye goggles when handling animals or samples. 
• Always wear a mask when handling animals or samples. 
• There is to be a maximum of 3 people in the post mortem (PM) room at any time. Entry to the 
PM room is restricted to the PI and the assistant. Other personnel must seek permission from 
the PI before entering. Minimum requirements for entry include rabies vaccination, goggles, 
mask, lab coat and gloves.  
• After arrival at the Busia laboratory all animals will be taken immediately to the PM room. 
Animals must not enter the main laboratory at any time. 
• Only the PI and/or trained assistant are permitted to handle animals and samples. All personnel 
handling live animals must wear thick gloves. All personnel handling anaesthetized animals or 
animal samples must remove jewellery and double glove. 
• No food, drink or cellular phones are allowed in the PM room.  
• NEVER leave used needles lying about – they should be disposed of in the sharps box 
immediately, and not re-sheathed 
• Autoclave all non-sharps waste before incineration at the Tanaka facility in Busia 
• The PM room is to be scrubbed with Virkon at the end of every day. 
• The lab benches should be disinfected with 70% ethanol on a daily basis and also after any 
spillage.  
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• The project vehicle when loaded with gear seats 7 (MAX 8) people.  Seatbelts must be worn at 
all times and the vehicle may only be driven by registered ILRI drivers. 
• Wear gloves, mask and goggles for all laboratory procedures and observe appropriate protective 
measures with material and reagents. 
 
Equipment and materials 
Post mortem kit 
• Table         
• Stools       
• Face masks 
• Goggles/glasses 
• Powdered gloves 
• Lab coasts 
• Rubber boots 
• Sleeve covers 
• Animal containers 
• Labels 
• Cling film 
• Thick plastic bag 
• Isoflurane 
• Cotton wool 
• 23gauge needs 
• 2.5ml syringes 
• Serum tubes 
• EDTA tubes 
• Bar codes 
• Microscope slide rack 
• Capillary tubes 
• Microscope slides 
• Scales 
• Tape measure/callipers 
• Camera 
• Photographic ruler 
• Chopping board – flat 
• Small and large scissors 
• Scalpel handle 
• Forceps 
• Scalpel blades 
• Small bone cutters 
• Barcoded eppendorf 
• Eppendorf tube rack 
• 10% buffered formalin 
• Small containers for histology 
• Large containers for carcasses 
• Marker pen 
• Masking tape 
• Sharps container 
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• Trash bags 
• Virkon 
• Instrument cleaning bucker 
• Instrument scrubbing brush 
• Spray bottle 
• Table brush 
• Boot brush 
• Paper towel 
• Broom 
• Bucket 
• Foot bath 
• CO2 
Procedure 
1. Glove before entering the PM room 
2. Put on mask, goggles, lab coat, rubber boots and double glove upon entering 
3. Place animals in containers along the left-hand wall 
4. Place the rubber mat at door 
5. Fill the foot bath with Virkon from 5L container 
6. Set out syringes and needles for the number of animals 
7. Set out EDTA/plain tubes and 3 slides per animal in the racks 
8. Select 2 bar codes for each animal 
9. Assign unique identifier to animal and label carrier. Record in PALM along with GPS. 
10. Place isoflurane soaked cotton wool in cage/container and cover in plastic wrap.  
11. Once anaesthetized place animal in dorsal recumbency on the PM table 
12. Cardiac puncture through thoracic inlet or diaphragm and collect blood (up to 1.0 ml for bats, 
3ml rat) 
13. Put blood into 0.5ml serum/0.5ml EDTA tubes and make thick and thin smears 
14. Label slides with bar codes and tubes with daily identifier, scan PALM and cellotape 
15. Dispose of needle and slider in sharps and syringe in infectious waste bag 
16. Dry slides for approx. 30mins and fix, dry and place in slide box 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
• 21/12/2012 – IACUC approved project entitled ‘Bats and rodents as a source of emerging 
human disease in Kenya’. 
References 
• http://www.vetmed.ucdavis.edu/ohi/local_resources/pdfs/   USAID Predict Safety Guide for 
Animal Capture for Sampling 24 Jul 13.pdf  
• http://www.fao.org/3/a-i2407e.pdf Investigating the role of bats in emerging zoonoses: Balancing 
logy, conservation and public health interest 1/1 
Additional 
Longer term issues include: 
• Ensure your vaccinations are up to date.  For permanent staff in Busia, this is chargeable to the 
project.  Essential vaccination: RABIES (3 full pre-exposure courses) Recommended vaccines 
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include: HEPATITIS-B, TYPHOID, Diphtheria/tetanus/pertussis (DTP), Poliomyelitis (OPV or 
IPV) Hepatitis A (HAV), Tuberculosis (BCG). 
• Do not take un-necessary risks and do not undertake any procedures not laid out in the 
following SOP. 
• In the field, be aware of the environment around you.  Remember that we are at the Equator – 
beware of exposure to the sun and take care to avoid dehydration. 
• In the field or lab, used needles should be disposed of in the sharps box.  Re-sheathing of 
needles is bad practice and should not be undertaken. 
• Short term visitors will not be permitted to work on this project.  
Registered users 
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9.Pigs 
9.1 Ear vein blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the ear vein of a pig. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from pigs is necessary for a wide range of scientific research. There several 
veins on the outside of the ear making this an ideal area for blood collection. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a safe and humane 
manner. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 20 G needle.  
• 5ml syringe. 
• 70% EtOH. 
• Falcon tube 
• Sharps container. 
 
Procedure 
1. Restraint the animal. Small pigs can be held, but large pigs are restrained using a snare on the 
upper jaw behind the incisors. 
2. Swab the ear with 70% EtOH 
3. Identify a large vein on the outer surface of the ear. 
4. Apply digital pressure downstream from the collection site to occlude the vein. 
5. Insert the needle into the vein at a shallow angle, in line with the vein. 
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6. Gently withdraw the plunger of the syringe.  
7. If the vein collapses, release the pressure on the plunger until the vein refills, then try again. 5 ml 
is the maximum amount that may be collected. 
8. Transfer collected blood into falcon tube. 
9. Dispose of needle and syringe used in sharps container. 
 
Quality controls 




• H. A. Blunt, S.P. Hackford, M.P. Blackwell  (2014). Investigation of micro blood sampling from the 
marginal ear vein of the Göttingen mini-pig for non-clinical safety studies. British Toxicology 
Society Annual Congress 2014, 28th and 29th April, Plaisterers Hall London.  
• A Good Practice Guide to the Administration of Substances and Removal of Blood, Including 
Routes and Volumes, Diehl, et.al., Journal of Applied Toxicology, 21, 15–23 (2001) 
http://www3.interscience.wiley.com/cgi-bin/abstract/76510682/ABSTRACT (click on the full text 
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9.2 Blood smear collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to collect blood in pigs for a blood smear. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
Scope 
• Blood collection in pigs is necessary for a wide range of scientific research.  Blood smears can be 
used for microscopy to quickly diagnose haematological problems or the presence of parasites 
in the blood.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 22G needle 
• glass slides 
• sterile swab 
• sharps container  
Procedure 
1. Restraint the animal. Small pigs can be held, but large pigs are restrained using a snare on the 
upper jaw behind the incisors. 
2. An ear vein is punctured with a 22G sterile needle. 
3. A drop of blood is allowed to fall on a slide and a smear made.  
4. Use a sterile swab to swab gently or apply pressure if bleeding continues.  
 
Quality controls 
• A skilled operator must perform this procedure. 
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• OIE. 1997. Manual of standards for diagnostic tests and vaccines. Third edition, 1996. Office 
International des Epizooties (World Organization for Animal Health), Paris. 723 pp. (ISBN 92-
9044-423-1). (updated periodically) 
• Martini, Frederic, and Bartholomew, Edwin. Essentials of anatomy and physiology. Upper Saddle 
River, New Jersey: Prentice Hall, 1997.  
• Roitt, Brostoff and Male. Immunology. Fifth Edition. London: Mosby, 1998.  
• Schindler, Lydia. Understanding the immune system. National Institute of Heath Publication, 88- 
529, 1988.  
• Towle, Albert. Modern Biology. Austin: Holt, Rinehart and Winston, 1991.  
• Voyich, Jovanka and DeLeo, Frank. Host-pathogen interactions: leukocyte phagocytosis and 
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9.3 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
This describes the process of euthanasia of animals using chemical means - Carbon dioxide (CO2) or 
overdose of Euthatal: Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Carbon dioxide (CO2) - This may be used for all common laboratory animal species employed 
within the Institute, the governing factor is the volume required.  This should only be performed 
on animals ~30kg or less. 
2. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Carbon dioxide (CO2) 
• Carbon dioxide (CO2) chamber or similar 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Carbon dioxide (CO2)  
1. Animals are placed in an airtight container with ventilation port, a specifically designed CO2 
chamber or a plastic bag in which either a small group of animals or a cage of animals has been 
placed. In the case of a bag most of the air should be dispelled.  
2. The CO2is then slowly introduced and the animals will drift into unconsciousness.  
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3. The chamber must not be filled with CO2 before the animals are placed within, this will cause 
distress due to the lack of oxygen.  
4. The animals should be retained in this environment until rigor mortis has set in, or at least until 
all signs of life have ceased. 
5.  If the animal is to be exsanguinated it is removed from the CO2 chamber once consciousness 
has been lost and all the blood quickly removed so that the animal does not regain consciousness.  
6. No animal should be disposed of until ‘rigor mortis’ has set in. 
 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
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9.4 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• James J. Norman, Jyoti Gupta, Samirkumar R. Patel, Sara Park,Courtney Jarrahian, 
Darin Zehrung, Mark R. Prausnitz (2014). Reliability and accuracy of intradermal injection by 
Mantoux technique, hypodermic needle adapter, and hollow microneedle in pigs. Drug Delivery 
and Translational Research April 2014, Volume 4, Issue 2, pp 126–130 
• Sever A, Broillet A, Schneider M, Cox K, Jones S, Weeks J, Mills P, Fish D, Jones P. 
(2010) Dynamic visualization of lymphatic channels and sentinel lymph nodes using 
intradermal microbubbles and contrast-enhanced ultrasound in a swine model and 
patients with breast cancer. J Ultrasound Med. 2010 Dec;29(12):1699-704  
• Ivo HJ Ploemen, Hoang JHB Hirschberg, Heleen Kraan, Adrian Zeltner, Sandra van Kuijk, 
Danielle PK Lankveld, Michael Royals, Gideon FA Kersten, Jean-Pierre Amorij. (2014). 
Minipigs as an Animal Model for Dermal Vaccine Delivery. Comp Med. 2014 Feb; 64(1): 
50–54. Published online 2014 Feb 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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9.5 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on pigs 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the neck.  
3. The neck muscle should be the muscle of choice in cattle, sheep and goats that are subsequently 
going for meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. For small laboratoryanimals any muscle of suitable size can be used. 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• F Yang et al., (2016). Tissue distribution of marbofloxacin in pigs after a single intramuscular 
injection. Journal of Veterinary Science Jul 21, 2016 http://www.vetsci.org/journal/download_pdf 
• Mark, A.; Carlsson, R.M.; Granström, M. Subcutaneous versus intramuscular injection for booster 
DT vaccination of adolescents. Vaccine 1999, 17, 2067–2072. 
• Sluka, K.A.; Kalra, A.; Moore, S.A. Unilateral intramuscular injections of acidic saline produce a 
bilateral, long-lasting hyperalgesia. Muscle Nerve 2001, 24, 37–46. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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9.6 Intravenous injection into the jugular vein 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intravenous injections in the jugular vein of pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intravenous injection is injection of a substance into the veins of an animal. Intravenous injections 
are best given into a vein that can be visualized at the time of injection. In pigs this usually restricts 
administration to the ear vein or the cephalic vein, although the jugular vein may also be used. 




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animal must be restrained appropriately for the species and size of the animal. 
2. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck.  
3. With the head turned 90 degrees and held slightly upwards, the jugular vein should be seen filling, 
running towards the angle of the jaw. In adult cattle it can be 3 cm in diameter, in small calves and 
adult goats and sheep it is around 1 cm in diameter.  
4. If in doubt tap the site with a finger; a wave of blood should be seen when the distended vein is 
tapped. If the vein still cannot be visualized try to reposition the head. 
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5. The needle should be pushed sharply through the skin and the wall of the vein at an angle of 30 
degrees, in line with the vein.  
6. When injecting into the ear vein, use as small a diameter needle as is practical with the viscosity 
of the injected solution.  
7. The vein is just under the skin so the needle should not penetrate more than 2 cm.  
8. Blood is withdrawn to ensure the needle is in the vein, then the material is injected slowly into 
the vein. 
9. It is very difficult to reliably administer IV injections in pigs under 50kg. 
10. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K. et al. A good practice guide to administration of substances and removal of blood, 
including routes and volumes. J. Appl. Toxicol. 21 (2001), 15-23. 
• M Fudge et al., (2002). A Minimally Invasive Percutaneous Technique for Jugular Vein 
Catheterization in Pigs. Contemporary Topics by the American Association for Laboratory 
Animal Science Volume 41, No. 1 / January 2002 
• Patricia V Turner,Thea Brabb, Cynthia Pekow, and Mary Ann Vasbinder (2011). Administration 
of Substances to Laboratory Animals: Routes of Administration and Factors to Consider. J Am 
Assoc Lab Anim Sci. 2011 Sep; 50(5): 600–613 
• J. J. Matte (1999). A rapid and non-surgical procedure for jugular catheterization of pigs 
Laboratory Animals Ltd. Laboratory Animals (1999) 33, 258-264 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  




Date:   Name:     Signature: 
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9.7 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections in pigs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Pigs may need to be restrained depending on age and the volume of the injection. 
2. To reliably deliver injected material into the subcutaneous tissues use either: 
i) a short needle (12mm) directed perpendicularly to the surface of the 
skin; or 
ii)  a longer needle (25mm) directed at an angle to the skin surface. 
3.   
4. Identify loose skin at the back of the neck It is recommended that subcutaneous injections should 
be made in the soft skin behind the ear, the soft skin of the flank, or behind the front leg. Behind 
the ear is the favoured site because of possible carcase condemnation. In pigs limited injection 
sites are suitable for subcutaneous injections. 
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5. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
6. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
7. With smaller pigs, shorter needles may be used. Needle gauge depends on the viscosity of the 
solution and the thickness of the pig's skin. An 18 gauge needle is usually required in adult pigs. 
8. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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9.8 ASF – Handling animals for ASFV vaccine program 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of handling pigs for the African Swine Fever Virus vaccine program at 
ILRI. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• SADF  Secured Animal Disease Facility 
• ASFV  African Swine Fever Virus 
• ASF  African Swine Fever 
• EDTA  Ethylenediaminetetraacetic acid 
• CVL  Central Veterinary Laboratory - Kabete 
Scope 
• ASFV is the causative agent of ASF which has a high mortality rate in pigs. This describes the 
sourcing of animals and care of them during experiments for ASFV project at ILRI. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of all personnel handling the pigs will be required to stay away from other 
animals for a minimum period of forty-eight hours. 
• It is the responsibility for all personal to wear gloves at all times when handling the pigs. 
• It is the responsibility for all personnel to wear the appropriate PPE. 
• It is the responsibility for all personnel to shower before entering and leaving the SADF. 
Equipment and materials 
• The colour of the PPE to be used in the pig section shall be yellow with green gum boots and 
these will not be allowed to move out of the building. All the PPE shall be washed within the 
SADF building. 
Sourcing animals and transport:  
• vehicle  
• Local veterinary personnel to inspect and declare fit the animal  
• Animal technician 
• valid movement permit. 
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Arrival of animals 
• acaricide containing synthetic pyrethroids. 
• quarantine area 
 
Housing of animals 
• The animals will be housed at the SADF zone III 
 
Feeding and watering 
• The animals will be fed on concentrates three times a day (Morning, Mid-day and Late evening). 
• Water will be availed ad-libitum through nipples. 
 
Bedding 
• clean white wood shavings 
• Virkon  
• autoclavable bag  
Sampling 
• snout snare.  
• Rope 
• BD Vacutainer® needles (gauge x length: 21 x 1-1/2 inch)  
• 10 ml BD Vacutainer® glass serum tube  
• 4.5 ml 15% EDTA tubes (Becton, Dickinson and Company, United Kingdom).  
 
Euthanasia 
• Eutha-naze (Bayer) 
Disposal of pigs 
• Virkon  




Sourcing animals and transport:  
• All animals MUST be sourced from farms that are disease free and MUST be transported by 
vehicle with a valid movement permit. 
• The animals must be inspected and declared fit for transportation before being loaded. 
• The animals must be transported in the company of an animal technician. 
• Feed must be provided in the vehicle to reduce stress on the animals 
• Biosecurity must be observed at all time (spraying the vehicle with Virkon before leaving the 
source farm 
 
Arrival of animals 
• After the animals have arrived they will be sprayed using an acaricide that contains synthetic 
pyrethroids. 
• The animals will be kept under quarantine for a period of two weeks for acclimatization and 
stabilization before any experimental work is done on them. 
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Housing of animals 
• The animals will be housed at the SADF zone III 
 
Feeding and watering 
• The animals will be fed on concentrates three times a day (Morning, Mid-day and Late evening). 
• Water will be availed ad-libitum through nipples. 
 
Bedding 
• The floor where the animals will be housed is concrete and will have clean white wood shavings 
as bedding. 
• The beddings will be sprinkled with Virkon every time they are changed. 
• The bedding will be changed twice every week. The soiled beddings will then be collected and 
put into an autoclavable bag and autoclaved before disposal. 
• Virkon will then be sprayed on the floor and the floor cleaned before putting new beddings. 
 
Sampling 
• Physically restrain pigs prior to sampling using a pig snare.  
• The animal is held using a snout snare and the neck stretched well upwards. This is best 
achieved if the pig stands on all four legs. The rope is placed behind the canine teeth so that it 
does not slip off or move rostrally towards the nasal cartilage, an area that is uncomfortable for 
pigs. The animal will try to move backwards and, in that way, tighten the rope sufficiently. It is 
therefore not necessary to prevent the pig from moving forwards.  
• Blood is collected from the subcutaneous abdominal, ear or jugular veins using BD Vacutainer® 
needles (gauge x length: 21 x 1-1/2 inch) into 10 ml BD Vacutainer® glass serum tube and 4.5 ml 
15% EDTA tubes (Becton, Dickinson and Company, United Kingdom). The correct needle 
puncture site for jugular bleeding is in the deepest point of the jugular groove formed between 
the medial sternocephalic and lateral brachiocephalic muscles. 
 
Euthanasia 
Pigs that get severely sick during the experiment will be euthanized using Eutha-naze which contains 
200mg Sodium Pentobarbitone. One or more of the following will determine the decision to Euthanize 
• Extreme depression coupled with a body temperature significantly below normal.  Non-
responsive, or unconscious with no response to external stimuli such as handling or the toe-
pinch withdrawal test.  
• Weight loss: Loss of 20% body weight. Weight loss will be characterized by cachexia and muscle 
wasting. Body condition scoring is useful in large animals to validate weight loss criteria. 
• Lack of appetite: Complete anorexia up to 5 days. In some circumstances this may be ‘normal’ 
and the CVL veterinary staff and ILRI staff () will consult and use their collective judgement on 
how to proceed.  
• Weakness/inability to obtain feed or water: Inability to ambulate to reach food or water; lesions 
that interfere with eating or drinking or reluctance to stand which persists for 48 hours. 
• Dehydration (e.g. skin tenting, sunken eyes).  
• Rapid clinical signs of haemorrhagic symptoms: Including hemorrhagic diarrhoea, haemorrhagic 
vomiting, etc. 
• Marked change in behaviour/depression (e.g. lethargy, abnormal vocalization, aggression 
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• Fluid accumulation in body cavities/subcutaneous tissue.  Distended abdomen in conjunction 
with other clinical signs or conditions that lead to debilitation (e.g. neoplasia, liver failure).  
• Infection: Bacterial infection involving any organ system which fails to respond to antibiotic 
therapy within an appropriate time. 
• Signs of severe organ system dysfunction non-responsive to treatment, or with a poor prognosis 
as determined by a veterinarian. 
• Progressive respiratory distress (e.g. difficulty breathing, coughing, wheezing, dyspnea, cyanosis, 
abnormal discharge). 
• Severe and/or uncontrollable bleeding with blood loss or anaemia.   
• Severe vomiting or diarrhea, obstruction, intussusception; peritonitis, icterus, evisceration 
(immediate euthanasia required).  Untreatable rectal prolapse.  
• Depression, seizures, paralysis of one or more extremities, head tilt, tremors, spasticity, 
seizures, circling, paralysis or paresis, especially if associated with anorexia or pain unresponsive 
to analgesic therapy, Excessive licking, scratching, or signs of self-mutilation.  
• Muscle damage, bone injury, locomotor deficits, resulting in the inability to use the limb, unless 
anticipated as part of the study. 
Disposal of pigs 
• The animals will be euthanized using the humane approaches described in the animal handling 
manual and Relevant IACUC form 
• The pig carcasses must be sprayed with Virkon, packed in autoclave bag, autoclaved within 
SADF and then subsequently incinerated 
Quality controls 
• Trained personnel are required for this project. 
• All personnel handling the pigs will be required to stay away from other animals for a minimum 
period of forty-eight hours. 
• All personnel must shower before entering and leaving the SADF. 
Revision history 
• Put in here when approval for IACUC was given for this project (isolates from 2010 to date in 
Kenya and Uganda) 
References 
• Etienne P. de Villiers, Carmina Gallardo, Marisa Arias, Melissa da Silva, Chris Upton , Raquel 
Martin, Richard P. Bishop (2010) Phylogenomic analysis of 11 complete African swine fever virus 
genome sequences. Virology 400 (2010) 128–136 
• Chapman et al., (2008) Comparison of the genome sequences of apathogenic and pathogenic 
African swine fever virus isolates, J. Gen. Virol., 89 (2008), pp. 397–408 
• Bastos et al., (2003) Genotyping field strains of African swine fever virus by partial p72 gene 
characterization. Arch. Virol., 148 (2003), pp. 693–706 
• Carrascosa et al., (1982). Production and titration of African swine fever virus in porcine 
alveolar macrophages. J. Virol. Methods, 3 (1982), pp. 303–310 
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9.9 Pig faecal sample collection protocol  
1. Restraint: This will be done as outlined in the Pig Site website 
(http://www.thepigsite.com/articles/2392/handling-and-restraining-pigs/)  
i. Young Pigs (up to 10 kg) 
• Lift the piglet by the back leg 
• Place your other hand under the chest of the piglet to provide support (Figure 1) 
• Lift the piglet and hold so that it is horizontal (Figure 2) 
• Hold the piglet firmly to minimize the piglet’s ability to move 
• Alternatively, after lifting, place the piglet over your forearm with the chest in the 





ii. Older Pigs (over 10 kg) 
Restraint will be done using a snare as outlined below: 
• Set up the area of restraint 
• Control the pig’s movement with a pig board 
• The size of the snare loop should be relevant to the size of the pig being restraint 
• Place the snare loop in the mouth and over the top jaw and snout of the pig, with the 
snare handle held vertically in the other hand 
• Move the loop as far back in the mouth as possible before tightening it 
• Hold the snare securely 
• A second person can then perform the required task 
• After sample collection is complete, release the pig as soon as possible by smoothly 
loosening and releasing the snare and then return the pig to its pen 
2. Fecal sample collection 
i. Piglets 
• Carefully remove a sterile swab from its sleeve and insert it gently into the rectum of 
the piglet 
• Rotate it gently in the rectum to collect maximum faecal material  
• Remove it slowly and place it into a sterile tube containing transport medium and 
label it clearly. 
ii. Mature pigs 
• Carefully insert one or two fingers of a gloved hand into the rectum and collect feces 
• Rotate it gently in the rectum to collect maximum faecal material  
• Discard from gloved fingers into the collection tube until it is filled with 1-5 g of 
material 
• Label the tube immediately with the animal ID using a waterproof marker 
• N.B. If digital collection is not possible, use a sterile swab as described for piglets 
above. 
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10. Rabbit 
10.1 Polyclonal antibody production 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process for the production of polyclonal antibodies in rabbits. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PAb  Polyclonal Antibodies 
• IFA  Incomplete Freund’s Adjuvant 
• CFA  Complete Freund’s Adjuvant 
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Polyclonal Antibodies (PAb) are an important tool in biomedical research. They are a mix of 
antibodies with different specificities. In relation to monoclonal antibodies they are faster to 
generate, are less specific and cheaper to make. 
• Producing PAb requires immunizing an animal, usually a rabbit. These animals are injected with 
adjuvant/antigen mixtures to elicit an immune response. Blood is collected to monitor the 
antibody response during this procedure and to obtain antibodies. 
• This procedure requires 2 main steps which are repeated: immunization of animals with 
antigen/adjuvant mix and post-immunization blood sampling. The final step is 
exsanguination/euthanasia of the animal to collect all the blood for antibody purification.  
• Generally, booster injections are given at 2-4 week intervals and blood collection is done 7-10 
days following booster injections. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the handler to wear the appropriate PPE when performing all these 
procedures. 
• It is the responsibility of the handler, when working with the animal, to perform all procedures 
on the animal with minimal stress to the animal, safely and humanely.  
• It is the responsibility of the handler when doing the immunizations and blood collections to 
adhere to sterile techniques.   
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Equipment and materials 
• 70% EtOH 
• Swabs 
• Syringes 
• 21 – 25G needles 
• Vacutainer or falcon tube 
• Sterile blade 
• Cotton wool 
• Sharps container 
• equipment for euthanasia/exsanguination 
• sharps bin 
 
Procedure 
2-4 female New Zealand White rabbits (2-4kg) are used.  
 
1. Pre-immunization bleed: 
• 5-10ml of blood is collected by ear vein bleed. 
• This is often done immediately before the primary immunization and establishes serum baseline. 
 
2. Primary Immunization: 
• Antigen and adjuvant are mixed according to adjuvant manufacturer’s instructions usually 1:1 
ratio). The use of CFA should not be used unless IACUC has approved this procedure. In this 
case CFA will be used for primary immunization and IFA will be used for subsequent booster 
immunizations. 
• Sites for immunization must be identified and hair must be clipped and the site swabbed with 70% 
EtOH prior to inoculation to reduce the risk of bacterial contamination. 
• Sites for injection include 
Type of immunization Maximum number of sites Amount of injected per site 
Intradermal 4 0.1ml 
Subcutaneous 4 0.25ml 
Intramuscular ** 2 0.25ml 
 
** Intramuscular injection is particularly painful in rabbits and therefore should not be used in alternate 
sites are available. 
 
3. Antigen booster injections 
• Please follow step #2 – primary immunizations. However, if CFA was used for the primary 
immunization then IFA need to be used for all the subsequent booster injections. 
 
4. Test bleed. 
• Collect 5-10ml of blood for testing by ear vein bleeding 
 
5. Final blood collection (euthanasia) 
 
Quality controls 
• A skilled operator must perform this procedure. 
• Aseptic conditions are required. 
Revision history 
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• Danlin Yang, Lee Frego, Marcio Lasaro,Kristopher Truncali, Rachel Kroe-Barrett and Sanjaya 
Singh (2016). Efficient Qualitative and Quantitative Determination of Antigen-induced Immune 
Responses J Biol Chem, 291 (31): 16361-16374 
• Leenaars, M and Hendricksen, C.F.M 2005 Critical Steps in the Production of Polyclonal and 
Monoclonal Antibodies: Evaluation and Recommendations. ILAR 46(3) 269-279. 
• Coenraad F. M. Hendriksen (2005). Laboratory Animals and Immunization Procedures: 
Challenges and Opportunities ILAR J 46 (3): 227-229 
• M. Rocı́o Sierra-Honigmann, Anjali K. Nath, Chiaki Murakami, Guillermo Garcı́a-Cardeña, 
Andreas Papapetropoulos, William C. Sessa, Lisa A. Madge, Jeffrey S. Schechner, Michael B. 
Schwabb, Peter J. Polverini, Jaime R. Flores-Riveros (1998). Biological Action of Leptin as an 




• Commercially available adjuvants that have no (or extremely limited) adverse reactions should be 
used. Use of Freund’s Complete Adjuvant (FCA) stopped in April 2001. Only if there is published 
or demonstrable proof that viable alternatives are not available may FCA be used as an initial 
immunization and thereafter Freund’s Incomplete Adjuvant (FIA) must be used. Neither FCA nor 
IFA must be given by the intravenous route. The final dose using FCA or IFA must not be more 
than 50% adjuvant mixed with the antigen. There are two factors affecting the severity of reaction 
when FCA is used: site and volume. Rabbits may be inoculated; intradermally, subcutaneously, or 
intramuscularly (SEE SOPS). The maximum number of sites and volume per site allowed to be 
administered are as follows, Intradermally, 4 sites, volume 0.1 ml per site; subcutaneously, 4 sites, 
dose per site 0.25 ml; intramuscular 2 sites, 0.25 ml per site. Intramuscular is particularly painful 
in rabbits and should not be used if alternative sites are available. Strict adherence to sterile 
injection techniques must be adopted at all times. The hair must be clipped and the site swabbed 
with 70% alcohol prior to inoculation to reduce the risk of bacterial contamination. 
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10.2 Cardiac puncture 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing cardiac puncture on a rabbit which is a terminal 
procedure. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Blood collection in rabbits is necessary for a wide range of scientific research.  Cardiac puncture 
is a suitable technique to obtain a single, large and good quality blood sample from a guinea pig 
under terminal anaesthesia. A sample of 60-200ml of blood can be collected depending on the 
size of the guinea pig and whether the heart is beating. 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a safe and humane 
manner. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• Anaesthetic 
• 21-23G needle.  
• 50ml syringe. 
• 70% EtOH. 
• Swabs. 
• Falcon tube. 
• Sharps container. 
 
Procedure 
1. Anaesthetize the rabbit. 
2. Once under deep sedation restrain by tying down.  
3. Place the animal in dorsal recumbency. 
4. Swab the thoracic area with 70% alcohol. 
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5. Palpate the area to locate the area of the strongest heartbeat, in the region of the 5th and 6th 
ribs. Insert a 21–23-gauge needle depending on size of rabbit at an angle of approximately 45 
degrees through the intercostal space just to the left of the sternum into the heart and the blood 
withdrawn.  
6. Maximum blood volume allowed to be taken 30 ml. 
7. Transfer blood to falcon tube. 
8. Dispose of needle and syringe into sharps container. 
9. Dispose of cadaver in appropriate waste stream. 
 
Quality controls 




• Parasuraman S, Raveendran R, Kesavan R. (2010). Blood sample collection in small laboratory 
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10.3 Ear vein for blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the ear vein of a rabbit 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from rabbits is necessary for a wide range of scientific research. There are 2 
sites for which blood can be collected from. The marginal vein or central ear artery are the 
chosen sites depending upon quantity required. Less than 2 ml can easily be collected from the 
marginal ear vein, more than this and less than 30 ml. can be collected from the central ear 
artery with a total maximum in 3 months of 50ml/kg 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a safe and humane 
manner. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 21 G needle.  
• 5-50ml syringe. 
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sterile blade 
• Cotton wool 
• Sharps container 
 
Procedure 
1. Identify the site which will be used for the bleed.  
2. Remove the hair from the site by plucking it out. 
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3. Rub the ear vigorously to dilate the vessels. 
4. Swab the site with 70% alcohol ensuring that the surrounding hair is wetted. 
5. The vessel is occluded above the site of withdrawal by finger pressure. 
6. Insert a 21-gauge needle is into the vessel almost parallel to the vessels surface.  
7. For marginal vein collection a small nick may be made in the vein with a sterile blade and the blood 
collected directly from the site.  
8. When collecting from the central artery vacutainers may be used.  
9. Observe the blood flow and collect the required volume.  
10. On completion withdraw the needle and apply a wad of cotton wool with adequate pressure to 
the site until bleeding stops.  
11. Care must be taken when taking blood from the central artery to prevent haematomas by ensuring 
that the pressure is retained on the pad upstream from the puncture site after the bleeding for a 
sufficient period of time.  
12. The animal can then be returned to its cage. 
13. Transfer collected blood into vacutainer or falcon tube. 
14. Dispose of needle, syringe, blades used in sharps container. 
 
Quality controls 




• Parasuraman S, Raveendran R, Kesavan R. Blood sample collection in small laboratory animals. J 
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10.4 Blood smear collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to collect blood in rabbits for a blood smear. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
Scope 
• Blood collection in rabbits is necessary for a wide range of scientific research.  Blood smears can 
be used for microscopy to quickly diagnose haematological problems or the presence of 
parasites in the blood.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 22G needle 
• glass slides 
• sterile swab 
• sharps container  
Procedure 
1. Gently restrain the rabbit. 
2. An ear vein is punctured with a 22G sterile needle. 
3. A drop of blood is allowed to fall on a slide and a smear made.  
4. Use a sterile swab to swab gently or apply pressure if bleeding continues.  
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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References 
• OIE. 1997. Manual of standards for diagnostic tests and vaccines. Third edition, 1996. Office 
International des Epizooties (World Organization for Animal Health), Paris. 723 pp. (ISBN 92-
9044-423-1). (updated periodically) 
• Martini, Frederic, and Bartholomew, Edwin. Essentials of Anatomy and Physiology. Upper Saddle 
River, New Jersey: Prentice Hall, 1997.  
• Roitt, Brostoff and Male. Immunology Fifth Edition. London: Mosby, 1998.  
• Schindler, Lydia. Understanding the Immune System. National Institute of Heath Publication, 88- 
529, 1988.  
• Towle, Albert. Modern Biology. Austin: Holt, Rinehart and Winston, 1991.  
• Voyich, Jovanka and DeLeo, Frank. Host-pathogen interactions: leukocyte phagocytosis and 
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10.5 Euthanasia by cervical dislocation 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of rabbits by cervical dislocation. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Cervical dislocation is the application of pressure to the neck of an animal to cause the separation 
of the spinal column from the skull or brain which results in death.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
 
Procedure 
1. The hind legs are gripped firmly in one hand; the other hand is placed from above the rabbit with 
two fingers around the rabbit's neck and under the jaw.  
2. The rabbit is then stretched vigorously and the head jerked backwards at the same time.  
3. This should not be attempted on rabbits in excess of 3 kg in weight.  
4. The dislocation of the spinal column will be felt. 
 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 




Date:   Name:     Signature: 
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10.6 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
This describes the process of euthanasia of animals using chemical means - Carbon dioxide (CO2) or 
overdose of Euthatal: Pentobarbitone. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Carbon dioxide (CO2) - This may be used for all common laboratory animal species employed 
within the Institute, the governing factor is the volume required.  
2. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Carbon dioxide (CO2) 
• Carbon dioxide (CO2) chamber or similar 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Carbon dioxide (CO2)  
1. Animals are placed in an airtight container with ventilation port, a specifically designed CO2 
chamber or a plastic bag in which either a small group of animals or a cage of animals has been 
placed. In the case of a bag most of the air should be dispelled.  
2. The CO2is then slowly introduced and the animals will drift into unconsciousness.  
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3. The chamber must not be filled with CO2 before the animals are placed within, this will cause 
distress due to the lack of oxygen.  
4. The animals should be retained in this environment until rigor mortis has set in, or at least until 
all signs of life have ceased. 
5.  If the animal is to be exsanguinated it is removed from the CO2 chamber once consciousness 
has been lost and all the blood quickly removed so that the animal does not regain consciousness.  
6. No animal should be disposed of until ‘rigor mortis’ has set in. 
 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
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10.7 Euthanasia by decapitation 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of small rabbits by decapitation. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Decapitation is the process of severing the head from the rest of the body which results quickly 
in death.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Guillotine  
Procedure 
1. A guillotine (SPECIALLY FOR THE PURPOSE) may be used for rabbits of less than 1 kg body 
weight. 
2. Quickly separate the head from the body at the cervical level. 
3. Verify the animal is dead before disposing of the carcass. 
 
Quality controls 
• A skilled operator must perform this procedure. 
• The dedicated guillotine must be maintained in good working order and serviced on a regular 
basis to ensure sharpness of the blade. 
 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
Registered users 
 
Date:   Name:     Signature: 
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10.8 Euthanasia by exsanguination 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of rabbits by exsanguination. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• Exsanguination is death caused by blood loss. Death can be assured by the removal of a large 
volume of blood. This technique is never performed on a conscious animal. Animals may be 
exsanguinated to obtain blood products, but only when they are sedated or anesthetized. At ILRI 
this covers the following species: Rats, mice, guinea pigs and rabbits. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Anaesthetic 
• 70% EtOH 
• 18-25G needles 
Procedure 
1. The animal is first given an intravenous injection of phenobarbitone, thiopentone or CO2 
inhalation to render it under full anaesthesia.  
2. Once the animal is under full anaesthesia it is placed in dorsal recumbency and restrained.  
3. The area where the strongest heart-beat can be felt through the rib cage is swabbed with 70% 
alcohol.  
4. An 18 25g needle is then inserted horizontally through the intercostal space into the heart.  
5. Blood is withdrawn until the animal is dead, care being taken to ensure that the heartbeat has 
stopped and that rigor mortis has set in prior to disposal of the cadaver. 
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Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
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10.9 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on rabbits. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  




• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
• Leenars PPAM. Adjuvants in Laboratory Animals (Synopsis of PhD thesis and publications). Ponsen 
and Looijen BV, Wageningen, The Netherlands, p. 214, 1997.  
• Leenars PPAM et al. Assessment of side-effects induced by injection of different adjuvant/antigen 
combinations in rabbits and mice. Lab Anim 32: 387–406, 1998. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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10.10 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on rabbits 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. The recommended sites and technique for IM injection in the rabbit are the cranial (front) thigh 
muscles, or the lumbar muscles to the side of the spine and just cranial to the pelvis. 
3. Rabbits large muscle mass requires a relatively long needle (1/2’ - 1’) to adequately introduce the 
material deep within the muscle tissue, a distance of approximately 7 - 10 mm in an adult rabbit. 
 
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
5. Then inject substance slowly. 
6. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K. et al. A good practice guide to administration of substances and removal of blood, 
including routes and volumes. J.Appl.Toxicol. 21 (2001), 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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10.11 Intraperitoneal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intraperitoneal injections in rabbits. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intraperitoneal injection is injection of a substance into the peritoneum (body cavity) space 
surrounding the abdominal organs), avoiding injection directly into any organ. This type of injection 
has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal firmly in one hand with the head tilted downwards so that the abdominal 
contents are towards the back and away from the injection site (or in someone else's hands, 
depending on the size of the animal). 
2. Using a 2-3 cm. 27-23 G needle, the needle is inserted in the right inguinal region in a cranial 
direction first through the skin and then through the musculature into the abdominal cavity.  
3. The plunger is then sucked back to ensure no vessels have been penetrated. 
4. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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10.12 Intravenous injections into the marginal ear vein 
Title: Intravenous Injections into the Marginal Ear 




Date Approved by SOP Committee:  
 
Purpose 




• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intravenous injection is injection of a substance into the veins of an animal. Injection into the 
marginal ear vein of a rabbit is the fastest way a substance can be delivered throughout the body. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• 23G needle 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The rabbit is restrained either in a restraining box or wrapped in a towel or lab coat.  
2. The hair on the ear is plucked in the region to be injected.  
3. The ear is massaged to dilate the vessel.  
4. Site is swabbed with 70% alcohol and the vessel occluded below the injection site (nearer the 
rabbit's head); this will cause dilation of the vein.  
5. The needle (maximum size 23 × 2.5 cm.) is inserted into the vein almost parallel to the vessel 
surface.  
6. The plunger is withdrawn until a small volume of blood is seen in the syringe.  
7. The occluding pressure is then released.  
8. The material is then injected slowly into the vein.  
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9. If an increase in resistance is felt on the plunger, observe to ensure that the needle is still well 
positioned within the vein.  
10. On completion the site is gently squeezed and the needle withdrawn. 
11. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
substances and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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10.13 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections on rabbits. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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References 
• Diehl KH, Hull R, Morton D, Pfister R, Rabemampianina Y, Smith D, Vidal JM, van de Vorstenbosch 
C, (2001). European Federation of Pharmaceutical Industries Association and European Centre for 
the Validation of Alternative Methods. J Appl Toxicol. 2001 Jan-Feb; 21(1):15-23. 
• Formulary for Laboratory Animals, 3rd Ed., Hawk, Leary, Morris, (2005), Blackwell Publishing Ferrets, 
Rabbits, and Rodents Clinical Medicine and Surgery, 2nd Edition, K. E. Quesenberry and I. W. 
Carpenter, Saunders, (Elsevier), St. Louis, Missouri 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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10.14 ECF – Infection by feeding infected ticks on uninfected animals 
Title: Theileria parva infection by feeding infected 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of feeding infected ticks on rabbits. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• East Coast Fever (ECF) is a tick-borne infection of cattle caused by the protozoan parasite Theileria 
parva. 
• This procedure is undertaken to assess the Theileria infections in the salivary glands of ticks fed 
for four days or to obtain Theileria sporozoites for research purposes or stabilate preparation. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Infected ticks 
• Clean rabbits 
Procedure 
1. Is similar to feeding clean ticks on rabbits.  
2. These procedures are carried out in the infected rabbit room.  
3. The feeding of infected ticks is done routinely for adult ticks and occasionally for nymphae which 
are fed for 3 days.  
4. For assessment of infection and harvesting sporozoites about 200 adult ticks are applied to each 
ear. For stabilate preparation, 400 ticks are applied to each ear.  
5. On the fourth day after attachment, the ticks are removed carefully from the ears of the rabbit. 
6. The rabbits are then either euthanized or returned to the Small Animal Unit depending on the 
state of their ears. 
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Quality controls 





• Sarah BONNET and Xiang Ye LIU (2012) Laboratory artificial infection of hard ticks: a tool for 
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10.15 ECF – Tick feeding on rabbits without the vector present 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of ticks feeding on rabbits without the vector present. 
Abbreviations 
• ILRI  International Livestock Research Institute 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
Scope 
• All tick feeding on animals is carried out in specific and designated areas of the ILRI Tick Unit 
which are quarantine areas. Ticks are routinely fed on animals for maintenance of laboratory 
colonies of ticks, infection of ticks with pathogens and the transmission of pathogens to animals. 
The ticks are fed on the ears or rabbits. 
• The objective of feeding ticks on rabbits is to obtain replete instars of different tick species and 
stocks for routine laboratory maintenance of the tick colonies. About 15 different species or 
stocks are maintained for research purposes. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Large animal electrical clippers. 
• Cloth ear bags  
• Rubber glue (Pattex, Henkel Chemicals, Nairobi).  
• tape 
Procedure 
1. The rabbits are obtained from the Small Animal Unit and placed in cages in the clean rabbit room.  
2. The ears of the rabbits are shaved using small animal electrical clippers and cloth ear bags are 
attached to the ears using zinc oxide plaster.  
3. Approximately three thousand larvae, or one thousand nymphae or 200 adult ticks are applied to 
each ear.  
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4. The back legs of rabbits are taped together loosely to prevent the animals from scratching the ear 
bags.  
5. The rabbits are provided with water and rabbit pellets ad lib and the cages cleaned daily.  
6. The replete ticks are collected within a week after application and, depending on the condition of 









• R. A. I. Norval, J. A. Lawrence, A. S. Young, B. D. Perry, T. T. Dolan and J. Scott  (1991)Theileria 
parva: influence of vector, parasite and host relationships on the epidemiology of theileriosis in 
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10.16 Trypanosome – Infection by needle 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of infecting rabbits with Trypanosomes using a needle.   
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• To establish whether immunity can be induced by infection with cryopreserved Theileria parva 
sporozoites, the infective life cycle stage. 
• This procedure is for multiplying trypanosomes.   
• For hematological evaluation 1 mL of blood with anticoagulant (EDTA 10%) was collected by 
cardiac puncture on days 0, 5, 20, 35, 50, 65, 80, 95 and 118. At 118 days PI, euthanasia of all 
animals were performed with the same anesthetic protocol for sedation, however with doses 
tripled (ketamine: 30mg/Kg and xylazine: 4mg/Kg).  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• animal clippers 
• needle 
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Procedure 
Intraperitoneal inoculation:  
1. The animal is restrained with one hand holding the scruff at the back of the neck, the lower body 
is supported and the animal is tilted head downwards so that the abdominal contents fall away 
from the lower abdominal wall.  
2. The needle is inserted in the right inguinal region in a cranial direction first through the skin and 
then through the musculature into the abdominal cavity.  
3. The plunger is then sucked back to ensure no vessels have been penetrated.  
4. The procedure is the same as for rodents for intraperitoneal inoculation with the animal being 
restrained by one person and inoculated by a second.  
5. The maximum volume of inoculum is 5.0 ml. 
 
Intravenous inoculation in Marginal ear vein 
1. The rabbit is restrained either in a restraining box or wrapped in a towel or lab. coat.  
2. The hair on the ear is then plucked in the region to be injected.  
3. The ear is then be massaged to dilate the vessel.  
4. Site is swabbed with 70% alcohol, the vessel occluded below the injection site (nearer the rabbit's 
head), this will cause dilation of the vein.  
5. The needle (maximum size 23 × 2.5 cm.) is inserted into the vein almost parallel to the vessel 
surface.  
6. The plunger is withdrawn until a small volume of blood is seen in the syringe.  
7. The occluding pressure is then released.  
8. The material is then injected slowly into the vein. If an increase in resistance is felt on the plunger, 
observe to ensure that the needle is still well positioned within the vein.  
9. On completion the site is gently squeezed and the needle withdrawn. 
 
Quality controls 




• Márcio M. Costa et al. (2012). Cholinesterase as inflammatory markers in an experimental 
infection by Trypanosoma evansi in rabbits. Anais da Academia Brasileira de Ciências (2012) 84(4): 
1105-1113 (Annals of the Brazilian Academy of Sciences) Printed version ISSN 0001-3765 / Online 
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10.17 Trypanosome – Tsetse flies feeding without the vector present 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of tsetse flies feeding on rabbits without the vector present. 
Abbreviations 
• PPE  Personal Protective Equipment 
• EtOH   Ethanol 
Scope 
• To explore transmission through manipulation of the tsetse feeding behavior by modifying the 
saliva composition.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
 
Equipment and materials 
• Electric clipper 
• 70% EtOH. 
• Surgical cotton wool 
• Geigy cages containing tsetse flies 
 
Procedure 
1. Animals must be off spray fourteen days prior to use. 
2. Rabbits are placed singly in a close-fitting box provided with two ear-rests. A soft pad, provided 
with elastic straps, is placed on the rest, the ear is laid on the pad, the cage of tsetse flies placed 
on top of the ear and the whole secured with the straps. The wooden end of the box is provided 
with a 7cm thick foam rubber and the top of the box has a 6cm wide rubber strap in order to 
reduce the risk of a compression fracture of the spine if the rabbit kicks backwards or jumps 
upwards during feeding. 
3. The ears are swabbed with 70% ethanol and then dried with tissues. 40 tsetse flies per rabbit are 
allowed to feed for 10 minutes every day, except Sundays. A group of rabbits (up to 40 rabbits 
per feeding session) are used for tsetse feeding for 3 consecutive days after which another group 
of rabbits is introduced for tsetse feeds, so that each group of rabbits rests from tsetse feeds for 
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a period of 5 days.  In a tsetse feeding day, each rabbit is exposed up to a maximum of 600 tsetse 
flies. 
4. The rabbitry has good ventilation, and all the rabbit cages trays are cleaned twice each week. The 
rabbits in the Tsetse Unit are fed on a commercial coccidiostat-free rabbit pellets and have ad 
libitum access to water. 
 
Quality controls 




• Jan Van Den Abbeele, Guy Caljon, Karin De Ridder, Patrick De Baetselier, Marc Coosemans 
(2010) Trypanosoma brucei Modifies the Tsetse Salivary Composition, Altering the Fly Feeding 
Behavior That Favors Parasite Transmission. PLoS Pathogens | www.plospathogens.org June 
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11. Sheep 
11.1 Jugular vein blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the jugular vein of sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from sheep is necessary for a wide range of scientific research.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder  
• evacuated blood collection tube  
• 14-18G sterile, unused, Luer fitting needle  
• syringe  
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sharps container 
 
Procedure 
1. Restraint – Restraint of the animal most easily achieved by backing the animal into a corner 
and standing astride the shoulders.  The animals head is turned 90 degrees from the line of 
the body and the nose tilted upwards by 30 degrees and is held this way using both hands.  
2. Clean the site. The site may need to have the wool clipped or plucked from it and swab with 
70% EtOH. 
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3. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base 
of the neck. With the head in the correct position, the jugular vein should be seen filling, 
running towards the angle of the jaw, this is around 1 cm in diameter. If in doubt tap the site 
with a finger; a wave of blood should be seen when the distended vein is tapped. If the vein 
still cannot be visualized, try to reposition the head. 
4. The needle is pushed sharply through the skin and the wall of the vein at an angle of 30 
degrees, in line with the vein. The vein is just under the skin so the needle should not penetrate 
more than 2 cm. When the evacuated tube is pushed onto the vacutainer needle or the 
plunger of the syringe is withdrawn, blood should be seen filling the tube or syringe. If there 
is no blood flow the needle is repositioned to puncture the vein without coming out of the 
skin.  
5. Prior to removal of the needle pressure on the jugular furrow is withdrawn 
6. The minimum amount of blood that is required should be taken. Excessive amounts of blood 
taken frequently can affect the P.C.V. particularly in smaller animals. The maximum volume of 
blood that should be taken from any animal is 8 ml/kg body weight or 6 to 8% of the total 
blood volume once every 14 days. No more than this may be taken in any three month period. 
Animals that do have this maximum amount removed must be in good health and body 
condition. 
7. Dispose of needle and syringes used in sharps container. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 






Date:   Name:     Signature: 
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11.2 Blood smear collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process to collect blood in sheep for a blood smear. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
Scope 
• Blood collection in sheep is necessary for a wide range of scientific research.  Blood smears can 
be used for microscopy to quickly diagnose haematological problems or the presence of 
parasites in the blood.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE 
• It is the responsibility of the handler and/or blood collector to remain vigilant at all times when 
handling the animal. 
Equipment and materials 
• 22G needle 
• glass slides 
• sterile swab 
• sharps container  
Procedure 
1. Sheep are restrained in a crush or manually. 
2. An ear vein is punctured with a fine (22G) sterile needle. 
3. A drop of blood is allowed to fall on a slide and a smear made.  
4. Use a sterile swab to swab gently or apply pressure if bleeding continues.  
5. Dispose of needle used in sharps container. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• OIE. 1997. Manual of standards for diagnostic tests and vaccines. Third edition, 1996. Office 
International des Epizooties (World Organization for Animal Health), Paris. 723 pp. (ISBN 92-
9044-423-1). (updated periodically) 
• https://ahdc.vet.cornell.edu/Sects/ClinPath/sample/test/hema.cfm 
• Martini, Frederic, and Bartholomew, Edwin. Essentials of Anatomy and Physiology. Upper Saddle 
River, New Jersey: Prentice Hall, 1997.  
• Roitt, Brostoff and Male. Immunology Fifth Edition. London: Mosby, 1998.  
• Schindler, Lydia. Understanding the Immune System. National Institute of Heath Publication, 88- 
529, 1988.  
• Towle, Albert. Modern Biology. Austin: Holt, Rinehart and Winston, 1991.  
• Voyich, Jovanka and DeLeo, Frank. Host-pathogen interactions: leukocyte phagocytosis and 





Date:   Name:     Signature: 
 
  
ILRI animal care and use manual 
Page 338 of 392 
 
11.3 Euthanasia by captive bolt 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of sheep by captive bolt. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• CNS  Central Nervous System 
• PPE  Personal Protective Equipment 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
• A captive bolt pistol may be used for pre stunning these animals whether for euthanasia or where 
the meat may be salvaged after exsanguination.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
• Only trained licensed experts can undertake the use of the captive bolt pistol.  
Equipment and materials 
• Restraint (specify for each animal) 
• Captive bolt pistol. 
• Sharp instrument.  
 
Procedure 
1. The animal must be suitably restrained. 
2. Captive bolt pistol is used to pre-stun the animal. 
3. Following shooting with this instrument, the major blood vessels and spinal column should be 
severed and the animal exsanguinated. 
 
Quality controls 
• A skilled operator must perform this procedure. 
• Only trained licensed experts can undertake the use of the captive bolt pistol. 
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• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 




Date:   Name:     Signature: 
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11.4 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of euthanasia of animals using chemical means - Carbon dioxide (CO2) 
or overdose of Euthatal: Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Carbon dioxide (CO2) - This may be used for all common laboratory animal species employed 
within the Institute, the governing factor is the volume required.  
2. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Carbon dioxide (CO2) 
• Carbon dioxide (CO2) chamber or similar 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Carbon dioxide (CO2)  
1. Animals are placed in an airtight container with ventilation port, a specifically designed CO2 
chamber or a plastic bag in which either a small group of animals or a cage of animals has been 
placed. In the case of a bag most of the air should be dispelled.  
2. The CO2is then slowly introduced and the animals will drift into unconsciousness.  
3. The chamber must not be filled with CO2 before the animals are placed within, this will cause 
distress due to the lack of oxygen.  
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4. The animals should be retained in this environment until rigor mortis has set in, or at least until 
all signs of life have ceased. 
5.  If the animal is to be exsanguinated it is removed from the CO2 chamber once consciousness 
has been lost and all the blood quickly removed so that the animal does not regain consciousness.  
6. No animal should be disposed of until ‘rigor mortis’ has set in. 
 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
 
Quality controls 




• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf 
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
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11.5 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on a range of species. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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11.6 Intramuscular injection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on sheep. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the neck.  
3. The neck muscle should be the muscle of choice in cattle, sheep and goats that are subsequently 
going for meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. . 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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11.7 Intravenous injection into the jugular vein 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intravenous injections in the jugular vein of Sheep. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intravenous injection is injection of a substance into the veins of an animal. Injection into the 
jugular vein is the fastest way a substance can be delivered throughout the body. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animal must be restrained appropriately for the species and size of the animal. 
2. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck.  
3. With the head turned 90 degrees and held slightly upwards, the jugular vein should be seen filling, 
running towards the angle of the jaw. In adult cattle it can be 3 cm in diameter, in small calves and 
adult goats and sheep it is around 1 cm in diameter.  
4. If in doubt tap the site with a finger; a wave of blood should be seen when the distended vein is 
tapped. If the vein still cannot be visualized try to reposition the head. 
5. The needle should be pushed sharply through the skin and the wall of the vein at an angle of 30 
degrees, in line with the vein.  
6. The vein is just under the skin so the needle should not penetrate more than 2 cm.  
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7. Blood is withdrawn to ensure the needle is in the vein, then the material is injected slowly into 
the vein. 
8. Dispose of needle and syringe in sharps bin. 
 
Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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11.8 Intraperitoneal injection 





Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intraperitoneal injections in lambs. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intraperitoneal injection is injection of a substance into the peritoneum (body cavity). This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The injection site is: Ventral abdomen, midline, just caudal to the xiphoid cartilage.  
2. The animal should be held vertically so that the abdominal contents sink. 
3. The needle is pushed through the skin and muscle and can be felt entering the abdomen.  
4. Withdraw plunger of syringe before injecting to ensure no abdominal organ (liver, stomach) is 
penetrated. 
5. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 




• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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11.9 Subcutaneous injection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections in sheep. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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11.10 Lymph node biopsy (smears) 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing lymph node biopsy in sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• The purpose of lymph node biopsy provides for early detection and diagnosis of infection in sheep.  
• In sheep the site used for this procedure is Parotid, pre-scapular or pre-femoral lymph node. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• 20G needle 
• Syringe 
• Microscope slide 
• Gloves 
• Sharps bin 
 
Procedure 
1. The site must be clean and aseptic technique adhered to.  
2. The lymph node is immobilized between thumb and forefinger of one hand and a 20G needle is 
pushed into the centre of the lymph node with the other hand.  
3. The plunger of the syringe is withdrawn until a small volume of lymph is seen in the hub of the 
needle.  
4. The needle is removed and the sample is deposited on a microscope slide and a smear is made.  
5. If the sample is frank blood, repeat the procedure with a new needle. 
6. Dispose of needle and syringe in sharps bin. 
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Quality controls 
• A skilled operator must perform this procedure. 




• M. M. Dennis, L. A. Reddacliff and R. J. Whittington (2011). Longitudinal Study of 
Clinicopathological Features of Johne’s Disease in Sheep Naturally Exposed to Mycobacterium 
avium Subspecies Paratuberculosis. Veterinary Pathology 48(3) 565-575 The American College 
of Veterinary Pathologists 2011 Reprints and permission: sagepub.com/journals Permissions.nav 
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11.11 Skin biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing skin biopsy in sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Skin biopsy in sheep is most commonly used in veterinary dermatology rather than in other 
specializations. The most common indication is to diagnose or exclude cutaneous malignancies. 
Properly performed, it may confirm a diagnosis and provide definitive treatment for a number of 
skin conditions yielding a sample of skin for histopathological or other investigation.  
•  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• gloves 
• savlon 
• thiopentone sodium solution 
• scalpel blade and holder 
• non-absorbable sutures 
• prophylactic antibiotic (pen/trep) 
• ear punch 
• topical antibiotics 
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Procedure 
Flank or neck biopsy site: 
1. The animal must be starved for at least 24 hours and water withheld for 12 hours prior to surgery. 
The site to be incised is clipped and scrubbed with a dilute savlon solution. 70% ethanol is then applied. 
Thiopentone sodium solution (thiopentone 1gm/100 kg) is administered intravenously at a dose rate 
of 1 g per 100 kg bodyweight. This should give around 10 minutes anaesthesia. 
2. Strict aseptic technique must be adhered to throughout the operation. An elliptical incision is made 
through the skin, around the site to be biopsied. The piece of skin is removed, only the minimum 
amount of skin required must be taken. The wound is closed using simple, interrupted, non-absorbable 
sutures. Prophylactic antibiotic (pen/strep) is administered. 
3. Skin sutures are removed after at least 10 days. 
Ear biopsy 
1. A biopsy can be taken from the ear of cattle using an ear punch. The site must be cleaned with 70% 
ethanol prior to the punching. Care must be taken to avoid the major blood vessels in the ear. Topical 
antibiotic must be administered post-operatively. 
Flank or neck 
1. Small biopsies can be taken using a 6mm diameter, disposable, sterile, biopsy punch. (Stiefel 
Laboratories U.K). The skin is clipped and scrubbed with savlon solution and the punch pushed 
through the skin. The biopsy remains in the punch when it is removed. Topical antibiotic is applied to 
the site. 
Skin snips 
• It involves the removal of some skin from an inflamed area, placing the skin snip into saline to 




• A skilled operator must perform this procedure. 




• Mersha Chanie (2011) Clinical and Histopathological Study of Sheep Pox in Ethiopia, International 
Journal of Natural Sciences (2011), 1(4):89-92 
• Alaa. A. El-Kholy et al., (2008). Polymerase chain reaction for rapid diagnosis of a recent lumpy 
skin disease virus incursion to Egypt, Arab J. Biotech., Vol. 11, No. (2) July (2008): 293-302. 
• M. Parthiban et al., (2005). Comparative sequence analysis of diagnostic PCR amplicons from 
Indian Sheeppox virus, VETERINARSKI ARHIV 75 (3), 203-209, 2005 
• Maddocks, I.G. and Jackson, N. (1988) Structural Studies of Sheep, Cattle and Goat Skin CSIHO, 
Blacktown. Anon (1992), The CSIRO Div. of Animal Production and Div. of Animal Health, 
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11.12 Castration 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing castrations on male sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
Scope 
• The purpose of this procedure is to castrate the male animal so that the functioning of the testicles 
is stopped. This prevents the production of male hormones and the animal is unable to reproduce. 
• This method involves cutting off the blood supply to the testicles with a heavy-duty rubber band 
or ring. 
• The scrotum and testes will fall off in two to 4 weeks, depending on the size of the testicles. This 
method is most effective for young animals whose scrotal tissues have not yet become well 
developed, preferably while they are 7 to 10 days of age and definitely before 6 weeks old. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• An Elastrator 70% EtOH 
• Clean animal handling facilities (crush, roofed recovery pens, halters) 
• Gloves 
• Savlon 
• Heavy-duty rubber band Antibiotic spray 
• sharps container 
 
Procedure 
1. The animal is physically restrained while standing. 
2. Strict aseptic technique must be adhered to throughout the operation.  
3. The scrotum is scrubbed with dilute Savlon solution. 
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4. Use elastic rings purchased within the last 12 months to avoid breakage and assure a tight fit. The 
rings must be strong enough to cut off blood flow in the arteries as well as the veins. If not, the 
scrotum will swell .  
5. Pull both testicles into the scrotum. A muscle attached to each testicle will be pulling against you 
.  
6. Place the rubber band on the elastrator. Hold the elastrator with the prongs facing up. Close the 
handles to open the band..  
7. With the calf standing and both testicles in the scrotum, stretch the ring open and slip 
the open band up over the scrotum. Release the band just above the top of the testicles 
(~0.5 cm), not at the base of the scrotum. 
8. Check to be sure both testicles are still in the tip of the scrotum and that the ring is 
placed properly. If not, cut the ring with scissors and start again. 
9. Remove the elastrator from under the band. 
 
Quality controls 
• When using the Elastrator please follow manufacturers infections. 
• A skilled operator must perform this procedure. 





• Handbook of Livestock Management Techniques. R.A. Battablia and V.B. Mayrose. Macmillan 
Publishing Company. 1981. p. 442-446.  
• Sheep and Goat Science 5th Edition. M.E. Ensminger and R.O. Parker. The Interstate. 1986. p. 
275- 276. 
• Your Goats: A Kid's Guide to Raising and Showing. G. Damerow. Storey Communications, Inc. 





Date:   Name:     Signature: 
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11.13 Infection with nematode larvae 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing infection of sheep with nematode larvae. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• The purpose of the procedure is to provide a concise account of the biology and knowledge of 
the epidemiology of the gastrointestinal nematodes) and to undertake specific diagnosis of 
nematode infections for refined investigations of parasite epidemiology and drug resistance 
detection in combination with conventional methods. It also gives a perspective on the possibility 
of harnessing genetic, genomic and bioinformatic technologies to better understand parasites and 
control parasitic diseases.  
• If the infection is for maintaining a larval culture, ensure that the sheep to be used are free of prior 
infection by treating them at least 20 days before the intended artificial infection. Give two 
recommended doses of a recommended anthelmintic at a 12-24 hour interval and maintain the 
sheep in worm-free conditions by either housing them on a slatted floor or cleaning their pens at 
least twice a week. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
1. If the infection is for maintaining a larval culture, ensure that the sheep to be used are free of prior 
infection by treating them at least 20 days before the intended artificial infection. Give two 
recommended doses of a recommended anthelmintic at a 12-24 hour interval and maintain the 
sheep in worm-free conditions by either housing them on a slatted floor or cleaning their pens at 
least twice a week. 
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2. In addition, the feeding troughs should be constructed such that the feeds are not liable to be 
contaminated with faeces. Take faecal samples 15-20 days after the second treatment and examine 
for nematode eggs to ensure that the animals are worm-free (clean). 
3. Animals should be manually restrained. 
4. Estimate the number of larvae that are present per ml of a larval suspension in tap water. Aliquot 
the suspension in volumes that contain the required number of larvae for infection and transfer 
into 15 ml test tubes for oral infection. Place the tube over the tongue and direct the larval 








• Roeber et al., (2013). Impact of gastrointestinal parasitic nematodes of sheep, and the role of 
advanced molecular tools for exploring epidemiology and drug resistance - an Australian 
perspective. Parasites and Vectors 2013, 6:153. http://www.parasitesand 
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11.14 Collection of faecal samples 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting faecal samples from sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• Collection of faecal samples is important for provision of positive evidence that an animal is 
infected but does not indicate the degree of infection and will have something to do with 
nematode larva.  
• The failure to demonstrate eggs or larvae does not necessarily mean that no parasites are 
present; they may be present in an immature stage or the test used may not be sufficiently 
sensitive. 
• There is generally no correlation between the numbers of eggs/larvae per gram of faeces and the 
number of adult nematodes present in cattle. An exception to this may occur in a primary infection 
in young grazing animals during their first exposure.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Gloves 
• Lubrication 
• Polythene bag or suitable container 
Procedure 
1. Faecal samples are preferably collected from the rectum and examined fresh.  
2. Insert the forefinger of your gloved hand into the rectum and hook out the faeces.  
3. The glove can be turned inside out to act as the receptacle.   
4. Lubrication is required.  
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5. Alternatively, the faeces are transferred into a polythene bag of about 5 cm x 8 cm or into any 
other suitable container.  
6. Label the sample with the animal’s tag number. 
7. Note: About 5 g of faeces should be collected.  If examination is not possible on the day of 
sampling, the samples must be stored in a refrigerator since nematode eggs embryonate rapidly. 
Quality controls 




• Kenyon F, Rinaldi L, McBean D, Pepe P, Bosco A, Melville L, Devin L, Mitchell G, Ianniello 
D, Charlier J, Vercruysse J, Cringoli G, Levecke B (2016). Pooling sheep faecal samples for the 
assessment of anthelmintic drug efficacy using McMaster and Mini-FLOTAC in gastrointestinal 
strongyle and Nematodirus infection.Vet Parasitol. 2016 Jul 30;225:53-60. doi: 
10.1016/j.vetpar.2016.03.022. Epub 2016 Mar 28 
• Rinaldi L, Levecke B, Bosco A, Ianniello D, Pepe P, Charlier J, Cringoli G, Vercruysse J (2014) 
Comparison of individual and pooled faecal samples in sheep for the assessment of 
gastrointestinal strongyle infection intensity and anthelmintic drug efficacy using McMaster and 
Mini-FLOTAC Vet Parasitol. 2014 Sep 15;205(1-2):216-23. doi: 10.1016/j.vetpar.2014.06.011. 
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11.15 – Collection of faeces from ‘culture’ sheep 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting faeces from ‘culture’ sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
Scope 
• Collection of faecal samples is important for provision of positive evidence that an animal is 
infected but does not indicate the degree of infection and will have something to do with 
nematode larva.  
• The failure to demonstrate eggs or larvae does not necessarily mean that no parasites are 
present; they may be present in an immature stage or the test used may not be sufficiently 
sensitive. 
• There is generally no correlation between the numbers of eggs/larvae per gram of faeces and the 
number of adult nematodes present in cattle. An exception to this may occur in a primary infection 
in young grazing animals during their first exposure.  
• ‘Culture’ sheep must be males and they should be big enough to be fitted with harnesses. The 
sheep will have been treated to render them worm-free before this experiment is undertaken. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• Gloves 
• Bag for sample collection 
Procedure 
1. The harness is fitted and a bag for faecal collection suspended on the harness at the rear of the 
animal.  
2. The bag is left in place overnight; it is removed in the morning and its contents incubated to yield 
larvae. 
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Quality controls 




• Satoko Kawaji, Douglas J. Begg, Karren M. Plain, Richard J. Whittington (2011). A longitudinal study 
to evaluate the diagnostic potential of a direct faecal quantitative PCR test for Johne’s disease in 
sheep. Veterinary Microbiology 148 (2011) 35–44 
• R. J. Whittington, S. Fell, D. Walker, S. McAllister, I. Marsh, E. Sergeant, C. A. Taragel, D. J. 
Marshall, and I. J. Links   (2000) Use of Pooled Fecal Culture for Sensitive and Economic Detection 
ofMycobacterium avium subsp. paratuberculosis Infection in Flocks of Sheep. Journal of Clinical 
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11.16 Trypanosome – Definition of end points 
Title: Definition of the End Points for 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the definition of the end points for Trypanosome Infections in Sheep. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PCV  Packed Cell Volume 
• CNS  Central Nervous System 
Scope 
• Criteria to be used for termination of trypanosome infections in cattle, goats and sheep. 
• Two criteria that should be used are: 
1. PCV values 
2. Clinical assessment 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
 
Procedure 
The application of PCV values and clinical assessment to experimental trypanosome infections in sheep 
should be carried out as follows: 
1. Infections with standard populations of T. congolense, T. vivax and T. brucei (i.e., populations that 
do not produce a haemorrhagic syndrome and that do not invade the CNS) in sheep with less 
than 50% N’Dama genes: 
 
• When PCV values are greater than 15% the PCV should be determined at least twice a week 
in all animals. Similarly, all such animals should be examined at least twice a week by a 
veterinarian (preferably the PI). The PI must be involved in the process. 
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• When PCV values are 13-15% the PCV should be determined at least three times a week in 
all animals. All such sheep should be examined daily by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
• When PCV values are less than or equal to 12% experimental work with any such animal 
should be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
• Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
 
2. Infections with standard populations of T. congolense, T. vivax and T. brucei in sheep carrying 50% 
or more N’Dama genes: 
 
• When PCV values are greater than 15% the PCV should be determined at least once a week in all 
animals. All such animals should be examined at least twice a week by a veterinarian (preferably 
the PI). The PI must be involved in the process. 
• When PCV values are 12-15% the PCV should be determined at least twice a week in all animals. 
All such animals should be examined three times a week by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
• When PCV values are less than 12% experimental work with any such animal should be terminated 
as per SOPs for treatment of trypanosome infections or euthanasia. 
• Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
 
3. Infections with haemorrhagic T. vivax: 
 
• From day 1 of infection the PCV of all animals should be determined at least twice a week. 
Similarly, all the animals should be examined at least three times a week by a veterinarian 
(preferably the PI). 
• Once an animal is detected parasitaemic the PCV should be determined at least three times a 
week. Similarly, all such animals should be examined daily by a veterinarian (preferably the PI). The 
PI must be involved in the process. 
• When a PCV value is 13-20% this parameter should be determined daily in all such sheep. Similarly, 
all sheep with PCV values in this range should be examined daily by a veterinarian (preferably the 
PI). The PI must be involved in the process. 
• When a PCV values is less than or equal to 12% experimental work with any such animal should 
be terminated as per SOPs for treatment of trypanosome infections or euthanasia. 
• Additional criteria for termination of experimental work (at the discretion of the duty 
veterinarian): 
i. recumbency for more than 24 hours 
ii. any clinical sign indicative of distress 
Note: For daily collection of small volumes of blood it may be preferable to use ear veins. 
 
4. Trypanosome infections with CNS involvement: 
 
• Once CNS signs have developed in an animal it should be examined daily by a veterinarian. 
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• Upon development of CNS signs an animal should remain on experiment for a maximum of 7 
days if such signs are continually exhibited. Thereafter the animal should be euthanized (see 
SOPs). 
• Any animal with CNS signs should be euthanized immediately (see SOPs) if: 
i. recumbent 
ii. head pressing for more than 24 hours 
iii. development of aggressive behaviour 
iv. any clinical signs indicative of distress 
Quality controls 
• Designated technicians trained in observation. 




• Onah DN, Hopkins J, Luckins AG (1998). Proliferative responses of peripheral blood leucocytes 
of sheep infected with Trypanosoma evansi. Scand J Immunol1998;48:170-6.  
• Onah DN, Hopkins J, Luckins AG (1998).Increase in CD5+ B cells and depression of immune 
responses in sheep infected with Trypanosoma evansi. Vet Immunol Immunopathol 1998;63:209-
22. 
• Onah DN, Hopkins J, Luckins AG. (1996).Haematological changes in sheep experimentally 
infected with Trypanosoma evansi. Parasitol Res 1996;82:659-63. 
• Onah DN, Hopkins J, Luckins AG. Changes in peripheral blood lymphocyte subpopulations and 




• When institute vet not available technicians should contact PI 
Registered users 
 
Date:   Name:     Signature: 
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12.Waterbuck 
12.1 Jugular vein blood collection 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of collecting blood from the jugular vein of waterbuck. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure 
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Collection of blood from waterbuck is necessary for a wide range of scientific research.  
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal and blood collector. 
• It is the responsibility for the handler and/or blood collector to wear appropriate PPE. 
Equipment and materials 
• Lorazepam (2.0 mg/kg  
• 18-20G sterile, unused vacutainer needle  
• plastic needle holder  
• evacuated blood collection tube  
• 14-18G sterile, unused, Luer fitting needle  
• syringe  
• 70% EtOH. 
• Vacutainer or falcon tube 
• Sharps container 
 
Procedure 
1. The animal must be sedated. 
2. The animal is restrained and the head is turned 90 degrees from the line of the body and the nose 
tilted upwards by 30 degrees.  
3. Clean the site and swab with 70% EtOH. 
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4. The jugular vein is raised by pressing the thumb or fingers into the jugular furrow at the base of 
the neck. With the head in the correct position, the jugular vein should be seen filling, running 
towards the angle of the jaw. If in doubt tap the site with a finger; a wave of blood should be seen 
when the distended vein is tapped. If the vein still cannot be visualized, try to reposition the head. 
5. The needle is pushed sharply through the skin and the wall of the vein at an angle of 30 degrees, 
in line with the vein. The vein is just under the skin so the needle should not penetrate more than 
2 cm. When the evacuated tube is pushed onto the vacutainer needle or the plunger of the syringe 
is withdrawn, blood should be seen filling the tube or syringe. If there is no blood flow the needle 
is repositioned to puncture the vein without coming out of the skin.  
6. Prior to removal of the needle pressure on the jugular furrow is withdrawn 
7. The minimum amount of blood that is required should be taken. Excessive amounts of blood taken 
frequently can affect the P.C.V. particularly in smaller animals. The maximum volume of blood that 
should be taken from any animal is 8 ml/kg body wt. or 6 to 8% of the total blood volume once 
every 14 days. No more than this may be taken in any three month period. Animals that do have 
this maximum amount removed must be in good health and body condition. 
8. Dispose of needle and syringes used in sharps container. 
 
Quality controls 




• Amresh Kumar, Ashok Kumar, Sukhbir Singh and Sandeep Potilya. (2016). Evaluation of 
Lorazepam as a Sedative in Buffalo Calves. Haryana Vet. (June, 2016) 55 (1), 53-55. 
• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of 
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12.2 Euthanasia by chemical means 




Date Approved by SOP Committee:  
 
Purpose 
This describes the process of euthanasia of animals using chemical means - an overdose of Euthatal: 
Pentobarbitone (a barbiturate). 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• CNS  Central Nervous System 
Scope 
• The term ‘euthanasia’ is used to describe the process whereby an animal is killed using a 
recognized and acceptable humane technique. By derivation it means ‘good death’ and thus carries 
the explicit implication of a quiet, painless death without fear or anxiety. The most important 
criterion of acceptance of a euthanasia method as humane is that it has an initial depressive action 
on the central nervous system (CNS) to ensure immediate insensitivity to pain. 
1. Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml). 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Euthatal: Pentobarbitone Sodium B.P. (200mg/ml) 
 
Procedure 
Overdose of Euthatal: Pentobarbitone Sodium B.P. (200mg/ml):  
1. This must be administered quickly by the I.V. route.  
2. Care must be taken that the animal to be euthanized is well restrained so that the total dose may 
be given quietly and effectively.  
3. Dosage 1ml Euthatal to 1.4 Kg. body weight. 
Quality controls 
• A skilled operator must perform this procedure. 
Revision history 
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Reference 
• AVMA. ‘AVMA Guidelines for the Euthanasia of Animals 2013 Edition’ available from: 
https://www.avma.org/KB/Policies/Documents/euthanasia.pdf  
Additional 
• It is important to recognize that some methods of euthanasia which cannot be made aesthetically 
pleasant, such as decapitation or stunning with exsanguination, may nonetheless be humane in 
terms of the above criterion. This concept is important to keep in mind when deciding on the 
method of euthanasia to be used. The choice must be based on the sensibilities of the animal to 
be killed rather than the sensitivities of the observer or operator, although the latter should not 
be disregarded. In humane killing the person doing the job is the most important factor. 
 
Training, monitoring, see introduction 
• The method chosen will depend upon the nature of the study, the species of animal, and the 
number of animals to be killed. In some cases it may be necessary to handle each animal 
individually; in others, several animals or groups may have to be handled simultaneously (mass 
euthanasia). Regardless of whether individual or mass euthanasia is undertaken, the procedure 
followed must always attempt to meet the following criteria: 
1. Death without signs of panic, pain or distress. 
2. Minimum time to loss of consciousness or shortest lag phase. 
3. Reliable and reproducible. 
4. Safety to personnel involved. 
5. Minimal undesirable physiological and psychological effects to tissues. 
6. Compatibility with the requirement and purpose of the study. 
7. Minimal emotional effects on the observer and operator. 
8. Minimal environmental impact through contamination. 
9. Simple, inexpensive, relatively maintenance free mechanical equipment. 
10. Location remote and separate from animal rooms. 
Registered users 
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12.3 Intradermal injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intradermal injections on waterbuck. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intradermal injection is injection of a substance directly under the skin into the dermis. This type 
of injection has certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. Clean the loose skin on neck or flank prior to injection 
3. Using a wide bevelled needle, the needle is inserted so that the point just goes into the skin but 
does not penetrate the subcutaneous tissue below (the dermis may be 1 cm thick in adult cattle 
but only 1 mm in mice) 
4. As the material is injected a bleb can be felt in the skin.  
5. No more than 0.1 ml can be injected. 
6. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  









ILRI animal care and use manual 
Page 375 of 392 
 
12.4 Intramuscular injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing intramuscular injections on waterbuck. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Intramuscular injection is injection of a substance directly into a muscle. This type of injection has 
certain advantage over other type of injections.  
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP. 
• It is the responsibility for the handler to wear appropriate PPE. 
• It is the responsibility of the handler to be proficient in the procedure. 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. Restrain the animal prior to injection. 
2. For animals over 70kg use the gluteal muscles on the rump or the trapezius muscle in the neck.  
3. The neck muscle should be the muscle of choice in waterbuck that are subsequently going for 
meat.  
4. For animals under 70kg use the vastus lateralis muscle in front of the femur. 
5. . 
6. The needle is pushed through the skin at right angles and into the body of the muscle.  
7. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated.  
8. Then inject substance slowly. 
9. Dispose of needle and syringe in sharps bin. 
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Quality controls 




• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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12.5 Subcutaneous injections 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing subcutaneous injections in waterbuck. 
 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• G  Gauge 
• EtOH  Ethanol 
Scope 
• Subcutaneous injection is injection of a substance into the subcutis of an animal which is the layer 
of skin directly below the dermis and epidermis. This is a highly effective way of administering 
vaccines and medication. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to be proficient in the procedure. 
 
Equipment and materials 
• Unused, sterile needle of appropriate gauge 
• Syringes 
• 70% EtOH 
• Sharps bin 
Procedure 
1. The animals must be well restrained.  
2. Identify loose skin at the back of the neck. 
3. The skin is pinched and the needle pushed through the skin at right angles so that the point is in 
the subcutaneous fascia below the skin.  
4. Withdraw plunger of syringe before injecting to ensure a blood vessel has not been penetrated. 
5. Dispose of needle and syringe in sharps bin. 
 
Quality controls 
• A skilled operator must perform this procedure. 
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• Diehl K-H, R Hull, D Morton, et al. 2001. ‘A good practice guide to the administration of substances 
and removal of blood including routes and volumes’. J Appl Toxicol 21: 15-23. 
Additional 
• For all injections an unused, sterile needle must be used.  
• The gauge of the needle is determined by the volume of material to be injected, the viscosity of 
the material, the site and the size of the animal to be injected.  
• Always use the smallest gauge needle practicable.  
• The skin must be clean and aseptic techniques must be adhered to. 
• Ensure the animal is well restrained prior to injecting.  
• A sharp confident injection is easier on the animal than a weak indecisive one.  
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13. Camels  
(Source: PREDICT Operating Procedures: Livestock Sampling-1 v.16Aug2016) 
 
Because of the risk of MERS CoV exposure, sample collectors should wear gloves, a respirator, and eye 
protection when handling camels. 
  
Blood can be collected from the jugular vein in camels of all ages, though it is recommended that this be 
undertaken on animals while they are in sternal recumbency (kush position), well-restrained, or sedated. 
The lateral thoracic vein or caudal epigastric (‘milk’) vein may be used but should only be targeted in 
animals where physical or chemical restraint prevents kicking. 
  
A vacutainer needle (18G or 19G) with purple top (EDTA) tubes and red-top (with serum clot activator) 
tubes may be used, or a 5cc syringe and 18G or 19G needle. Restraint should ensure quick, easy and safe 
collection of the sample causing minimal distress. 
  
Equipment such as vacutainer holders should be cleaned between animals.  
 
13.1 Procedure for jugular venipuncture using vacutainer needle and tubes  
1. Identify and georeference the study site and document the signalment of the animal on the data 
collection sheet.  
2. Before sample collection, ensure that the animal is effectively and humanely restrained to avoid 
injury to the animal and/or study personnel.  
3. Using the halter, elevate the animal’s head and draw it to the side opposite the jugular vein to be 
sampled.  
4. Disinfect venipuncture area with alcohol  
5. Occlude the vein by applying digital pressure in the jugular groove located in the lower neck. 
Alternatively, a rolled towel affixed with a rope over the withers can be applied at the same level 
to act as a temporary incomplete tourniquet.  
6. Place a vacutainer needle, attached to a vacutainer holder, into the distended jugular vein at a 45° 
angle cranial to the jugular groove.  
7. Once the needle is positioned in the vein, insert a vacutainer into the needle and collect the blood.  
8. When the desired volume has been collected (5 ml minimum suggested), remove the occluding 
pressure.  
9. Detach the tube from the needle.  
10. Detach the needle from the jugular vein and apply pressure to the venipuncture site after 
withdrawal of the needle until the bleeding stops.  
11. If more than one tube of blood is required, repeat steps 7 through 9 with occluding pressure.  
12. Label the vacutainer tubes with sample ID.  
 
Note: If vacutainer needles are unavailable, a 5cc syringe and 18G or 19G needle can be used. Once blood 
is collected, place the needle into a sharps container. Open red-top and purple top vacutainer tubes. Place 
approximately 2.5cc in each tube, then discard the syringe into a biohazard container. Invert each tube 
several times to mix. 
 
Whole blood can be aliquoted into cryotubes with VTM and Trizol using a pipette gun. Serum tubes can 
either be centrifuged (if available) or placed vertically in a cooler with ice bricks and allowed to stand 
undisturbed overnight (~12 hours) for clean serum separation. Serum can then be aliquoted into 
cryotubes.  
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13.2 Procedure for jugular venipuncture using syringe and needle  
 
13.2.1 Jugular bleeding  
1. Restrain camel with the head elevated and the jugular groove exposed.  
2. Disinfect venipuncture area with alcohol  
3. Raise the jugular vein by pressure at the base of the jugular groove.  
4. Pass the needle through the skin and into the vein by a firm thrust directed an angle of 20° to the 
skin surface.  
5. Withdraw blood sample.  
6. Apply pressure to the venipuncture site after withdrawal of the needle until the bleeding stops.  
 
13.2.2 Lateral thoracic/caudal epigastric vein bleeding  
1. Restraint should prevent the camel from moving away or kicking during the procedure.  
2. Identify the lateral thoracic vein, caudal to the point of the elbow’s olecranon process.  
3. Pass the needle through the skin and into the vein by a firm thrust directed an angle of 20° to the 
skin surface.  
4. Withdraw blood sample.  
5. Apply pressure to the venipuncture site after withdrawal of the needle until the bleeding stops.  
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14. Chicken 
14.1 Wing vein bleeding 
 
Restraint: manual restraint. 
 
Equipment 
1. 2.5 mL syringes 
2. 25-gauge needles for small chickens 
3. 23-gauge needles for larger chickens 
4. Cotton wool 
5. 70 percent alcohol solution 
6. Labels or marking pen to label each syringe 
7. Solution of 0.1 M EDTA (anti-coagulant) 
 
Procedure 
1. Ask an assistant to hold the chicken horizontally on its back. The assistant uses one hand to hold 
the legs and places the other hand under the back to support the chicken. See below photograph 
1. 
2. Pull a wing of the chicken out towards you. 
3. Note the wing vein, clearly visible running between the biceps and the triceps muscles. The wing 
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4. Pluck away any small feathers that obscure the vein. 
5. Disinfect the area around the bleeding site by swabbing with 70 percent alcohol. 
6. Rinse the syringe + needle in the EDTA (0.1 M) solution. 
7. Insert the needle under the tendon. Direct the needle into the wing vein in the direction of the 
flow of blood. Do not insert the needle too deeply. Keep clear of the ulnar nerve (photograph 2). 
8. Once the tip of the needle is in the vein, gently pull the plunger of the syringe. Blood will flow into 
the syringe. If blood does not flow, release the plunger and make a very slight adjustment to 
reposition the end of the needle. 
9. Be patient and use a gentle suction to withdraw the blood. Chicken veins collapse readily. 
10. If a haematoma forms, try bleeding from the other wing. 
11. After removing the needle, apply pressure to the vein for a few seconds to discourage further 
bleeding. 
12. Add 3 – 4 drops of blood (each drop is approximately 50 µl) into a screw tap cryotube (previously 
labelled with the bird tag number) and mix gently the tubes 5 – 10 times by inverting it. 
13. The needle should then be removed into a needle disposal container and the cap place on the end 
of the syringe to prevent leakage of the remaining blood.  
14. Store the blood in EDTA away from direct sunlight, then in the fridge at 4 °C or freezer at -20 
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15. General 
15.1 Mammary gland biopsy 




Date Approved by SOP Committee:  
 
Purpose 
• This describes the process of performing mammary gland biopsy. 
Abbreviations 
• COSHH Control of Substances Hazardous to Health 
• SOP  Standard Operating Procedure  
• PPE  Personal Protective Equipment 
• EtOH  Ethanol 
• G  Gauge 
Scope 
• Mammary gland biopsy are suitable for diagnosis, enzymic and chemical assays. 
 
Responsibilities 
• It is the responsibility of the individual to ensure they have read and understood the applicable 
Risk Assessments and COSHH Assessments for this SOP 
• It is the responsibility of the animal handler to deal with the animals in a way that causes minimal 
distress and should be quick and safe for the animal. 
• It is the responsibility for the handler to wear appropriate PPE 
• It is the responsibility of the handler to remain vigilant at all times when handling the animal. 
Equipment and materials 
• 70% EtOH 
• gloves 
• savlon 
• thiopentone sodium solution 
• Local anaesthetic  
• 1mm biopsy needle 
• non-absorbable sutures 
• prophylactic antibiotic (pen/strep) 
 
Procedure 
1. The animal must be starved for at least 24 hours and water withheld for 12 hours prior to surgery. 
The site to be incised is clipped and scrubbed with a dilute savlon solution. 70% ethanol is then 
applied. Thiopentone sodium solution (thiopentone 1gm/100 kg) is administered intravenously at 
a dose rate of 1 g per 100 kg bodyweight. This should give around 10 minutes anaesthesia.  
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2. The site of biopsy is clipped and scrubbed with Savlon or equivalent. Local anaesthetic is 
administered. A 1mm biopsy needle is pushed through the skin to a depth of 5 cm removing 5-
10mg of tissue.  
 
Quality controls 
• A skilled operator must perform this procedure. 




• C.H. Knight, J.E. Hillerton, R.M. Teverson, A. Winter (1992) Biopsy of the bovine mammary 
gland British Veterinary Journal, Volume 148, Issue 2, Pages 129-132 (1992)  
• W.D. Oxender, E.W. Askew, J.D. Benson, R.S. Emery (1971) Biopsy of Liver, Adipose Tissue 
and Mammary Gland of Lactating Cows. 
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